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Abstract 

Monitoring phytoplankton species composition and their abundance are routine tasks 

in marine ecological research and environmental monitoring. As phytoplankton 

populations are highly heterogeneous in terms of size, morphology, and most 

significantly, their abundance can change drastically in a very short time, it is 

extremely difficult to quantify and monitor them and there are demands on the 

instrumentation.  

      Conventional optical microscopy and flow cytometry are the main tools to 

enumerate and identify phytoplankton, but they have a compromise between spatial 

information and acquisition speed. While imaging flow cytometry has the potential to 

integrate the benefit of high spatial resolution from optical microscopy and the 

advantage of high throughput from flow cytometry, two intrinsic blur sources, 

motion blur and out-of-focus blur, prevent imaging flow cytometers from obtaining 

high spatial resolution images with high throughput.  

      To address these limitations, in this work, a novel light sheet based fluorescence 

imaging flow cytometer has been proposed, constructed, and tested for 

phytoplankton analysis. Both 2D and 3D imaging mode of the light sheet based 

fluorescence imaging flow cytometer have been investigated. 

      In the 2D imaging mode, the instrument can screen untreated costal water 

samples at a volumetric throughput up to 1 ml/min. The instrument demonstrated 

shows a high immunity to motion blur, and all-in-focus fluorescence images are 

captured with a lateral resolution of 0.75 ± 0.06 µm for a wide size range ~ 1 µm to ~ 

200 µm that includes pico-, nano- and microphytoplankton. This is made possible by 

suppressing the out-of-focus blur using thin light sheet illumination and image 

deconvolution, and by precluding the motion blur with a unique flow configuration. 

With these abilities, the instrument demonstrated has high potential as a practical 

field instrument for monitoring phytoplankton.  
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      In the 3D imaging mode, the instrument can scan a large number of 

phytoplankton cells in a short time with spatial resolution as achieved by light sheet 

microscopy. The lateral resolution is 0.81 ± 0.07 µm, and axial resolution in terms of 

FWHM of the axial scattering PSF is 1.42 ± 0.15 µm. The volumetric throughput of 

the instrument is 0.5 µl/min. This is benefitted from the improvement that 3D images 

can be acquired without the need of sample immobilization, in contrast to existing 

3D imaging approaches, such as confocal fluorescence microscopy.  

      Preliminary results from untreated coastal water samples and cultured samples 

show promising potentials of the instrument for phytoplankton monitoring and 

scientific research.  
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Chapter 1 General Introduction 

1.1 Background Introduction 

Phytoplankton are free floating microscopic plants that inhabit the sunlit zone of 

almost all oceans and freshwater bodies. They use photosynthesis to produce organic 

food and are thus the basis of the aquatic food webs. They are responsible for 

converting billions of tonnes of carbon dioxide into organic carbon through 

photosynthesis every year that accounts for up to 50% of global primary production 

and for generating billions of tonnes of oxygen annually that we inhale.  

      The marine and freshwater ecosystems where these microorganisms live in 

currently are facing tremendous stress from global warming, coastal eutrophication, 

ocean acidification, and other environmental impacts that caused by human activities 

since the start of industrial era.1  Under certain environmental conditions, drastic 

increase in phytoplankton growth rates and abundance may result in outbreaks of 

algal blooms. Some blooms that have deleterious environmental and physiological 

effects are termed with harmful algal blooms (HABs), commonly called red tides. 

HABs have been rapidly expanding in global coastal environment and are a growing 

global concern for aquaculture industry, human health, and coastal ecosystems. 2, 3 

1.1.1 Red tides in Mainland China  

Red tides frequently occur in Mainland China in recent years, resulting in substantial 

economic losses, human health impacts, and even social unrest. In marine 

ecosystems, impacts include the contamination of shellfish from algal toxins and the 

depletion of oxygen in coastal ecosystems from high biomass blooms, which can 

result in massive fish kills. The East China Sea is most seriously affected by the 

major shellfish poisoning syndromes (e.g., PSP, ASP, and DSP), which have 

increased in frequency over the past decade.4, 5 Since 2000, nearly 1000 red tide 

events have been reported in Mainland China (Fig. 1.1), and many have caused 
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severe economic losses. In 2012, for example, losses in excess of 2 billion CNY were 

reported, primarily due to a massive local abalone kill in Fujian Province caused by 

blooms of Karenia mikimotoi.6 

      Of particular concern is the clear upward trend in red tide events that have been 

reported in China’s coastal waters. In the 1960s, there was only one recorded red tide 

event every 5 years; however, currently there are 90 red tides each year on average.7 

 

Fig. 1.1. The number of HABs occurrences and associated economic losses in Mainland China.6 

      In addition to the increases in existing HABs, new HAB problems have recently 

emerged. In 2009, brown tides associated with blooms of Aureococcus 

anophagefferens first appeared in the Bohai Sea, and caused an immediate decline in 

scallop, oyster, and mussel farming in affected areas. By July 2010, it had spread 

across 3,350 km2, and was the largest brown tide the world had ever seen. By 2012, 

the bloom was massive, and was feared to “bring the destruction of fisheries in east 

China”.8 

      In freshwater lakes and reservoirs in mainland China, HABs pose a serious threat 

to drinking water resources, exacerbating the chronic and critical problem of water 

resource availability. Of six largest fresh water lakes in Mainland China, five are all 

in eutrophic or even hypotrophic states.9 Frequent algal blooms in three of these 
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largest lakes, namely Taihu Lake, Chaohu Lake, and Dianchi Lake, have caused 

heavy economic and ecological damages, and in some cases led to substantial social 

instability.10, 11 

      In May 2007, a massive Microcystis bloom overwhelmed the drinking water 

supplier to Wuxi city (situated on Lake Taihu’s northern shore), leaving more than 2 

million people without drinking water for a week.12 Microcystis is just one of a 

number of freshwater cyanobacteria (termed cyanoHABs) that produce potent toxins 

that threaten humans exposed to the water through drinking or recreation. The 

problem with cyanoHABs is so severe in Lake Taihu that the province employs more 

than 1000 people and 200 boats to monitor the blooms and physically remove algae 

from the water. The government invested over 108.5 billion CNY to mitigate HABs 

at Lake Taihu; however, these actions were ultimately unsuccessful, and the coverage 

and duration of Microcystis blooms has since expanded. 13  Similar freshwater 

cyanoHAB problems are also occurring in lakes and reservoirs throughout China. 

1.1.2 Red tides in Hong Kong 

In Hong Kong, the first HAB event was reported in 1971, associated with blooms of 

the dinoflagellate Noctiluca scintillans. 14  Subsequently, a total of 840 red tide 

incidents were recorded from 1980 to 2011 (Fig. 1.2), associated with a high 

diversity of harmful and toxic algal species. There are approximately 73 species that 

have been recorded to cause algal blooms in Hong Kong waters; 19 species of them 

are identified as HABs, including those associated with fish kills (e.g., Karenia 

mikimotoi) as well as the contamination of shellfish with biotoxins (e.g., 

Alexandrium tamarense).15,16 

      As in Mainland China, economic impacts from HABs in Hong Kong have been 

severe. In 1988, blooms of Gonyaulax polygramma in Tolo Harbour were associated 

with fish kills in the fish culture zone, due to anoxia following the collapse of the 

bloom.17 A decade later, a record bloom of Karenia affected approximately two-
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thirds of the mariculture farms, killing fish in the affected cages. The economic 

losses from this single incident were staggering – estimated at HK $315,000,000. 

CyanoHABs are also of concern in freshwater systems. In Hong Kong, Mycrocystis 

aeruginosa has been found in the Plover Cove Reservoir, and may pose a potential 

threat to the health of Hong Kong citizens via consumption of drinking water.18  

 

Fig. 1.2. The number of red tides incidents in Hong Kong coastal waters from 1980 to 2011.19 

1.1.3 Monitoring of red tides 

With the frequent occurrence of red tides, early warning systems for red tides are 

essential to developing proactive strategies to minimize their impact on human health 

and economies of coastal communities. However, the diversity of phytoplankton 

species represents a major technological challenge, largely because of the need for 

species-specific detection capabilities that are effective when the causative organisms 

are present at low cell densities as a minor component of plankton communities or 

are easily confused with morphologically similar, but non-harmful species.20, 21 In 

this sense, further efforts are therefore needed to develop new approaches that enable 

in situ, real time monitoring the phytoplankton community composition and 

distribution, which is critical for red tides detection, warning, and forecasting. 
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1.2 Current methods for monitoring phytoplankton 

General consensus suggests that mainly five sorts of information are useful for early 

algal bloom warning systems, which include (1) local physical variables, like salinity, 

temperature, PH, and turbidity, (2) local nutrient concentration, such as nitrogen and 

phosphorus, (3) chlorophyll concentration, (4) phytoplankton cell abundance, (5) 

phytoplankton composition.22 Among them, item (1) and (2) give the physical and 

chemical environment where phytoplankton lives; item (3), (4), and (5) are 

information of phytoplankton itself. As can be seen, the knowledge of the 

phytoplankton community structure is important for an algal bloom warning system.  

      Different technologies have been used to sense phytoplankton from different 

views. In general, these technologies can be classified into two categories: one 

measures bulk water properties, and the other measures individual cells properties. 

Table 1.1 lists some of existing and emerging technologies that used for 

phytoplankton analysis; this section briefly reviews these technologies. 

1.2.1 Methods based on bulk properties measuring 

Bulk properties measurements (molecular probes excluded) can obtain the overall 

chlorophylls and other pigments’ concentration. Such measurements give an average 

effect of billions of cells in the detection volume. Hence, it is impossible for them to 

obtain the phytoplankton cell abundance and composition.23  

HPLC, in vitro fluorometry, and in vitro spectrophotometry  

High-Performance Liquid Chromatography (HPLC), in vitro fluorometry, and in 

vitro spectrophotometry are pigments-based analysis technologies and need to extract 

pigments from bulk waters. Because pigments are physically extracted or separated 

from bulk samples before analysis, these approaches have high accuracy in 

determining the concentration of chlorophylls and accessory pigments.  
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Technology Examples 
Information 

L/F Comments Ref 
Pigments Morphology Abundance 

Bulk properties measuring 

Spectro- 
photometry 

Remote sensing ★ - - F Large scale observation 24 ~ 28 

In vitro ★★★ - - L Pigments extraction needed 29, 30 

Fluorometry 
In vitro fluorescence ★★★ - - L Pigments extraction needed 31 

In vivo fluorescence 
EX/EM 

★★ - - F 
Chlorophyll concentration measuring; 
limited ability in species classification. 

32 ~ 36 

HPLC 
 

★★★★ - - L Pigments extraction needed 37 ~ 39 

Individual cell measuring 

Coulter counter 
 

Electric features ★★★ L Volume measuring 40 ~ 43 

Microscopic  
 analysis 

Electron microscopy - ★★★★ - L High resolution (less than 1 nm) 44 

Optical microscopy ★★ ★★★ ★★ L Most widely used 
 

Conventional  
flow cytometry 

OPA series ★ - ★★★ L/F Cover a large size range 45 ~ 49 

FlowCytobot ★ - ★★★ F 
Long term observation;  
size targeted: ~1 to 10 µm 

50 

SeaFlow ★ - ★★★ F 
Continuous observation; 
Size sampled: ~0.5 to 20 µm 

51 

Microfluidics ★ - ★★★ L Flow cell minimization 52 ~ 56 

Imaging 
 flow cytometry 

FlowCAM ★ ★★★ ★★★ L 
Bright-field imaging; different flow cells 
and objectives for different size ranges 

57 

Imaging FlowCytobot ★ ★★★ ★★★ F 
Long term observation;  
size targeted: 10 to 100 µm 

58 ~ 60 

Fido-ϕ ★ ★ ★★★ F In situ; low resolution 61 ~ 64 
VSF ★ ★ ★★★ F In situ; low resolution 65 

Molecular Probes 
 

Gene level identification - L/F Specific species targeted 66, 67 

L/F: laboratory/field applications; EX/EM: excitation/emission fluorescence spectroscopy; “★” = scores; “-” = hardly available. 

Tab. 1.1 Mainly existing technologies for phytoplankton analysis.
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      Pigments distribution is useful for assessing the phytoplankton community 

composition as the complement of accessory pigments varying among species. Two 

main uncertainties, however, circumscribe species identification by using the 

pigments composition data from bulk waters. The first uncertainty is the production 

of pigments varies among phytoplankton that grow under different environmental 

conditions, such as light, temperature, and nutrients. The second uncertainty is that 

pigments in cells from same species also present high degree of variations.  

In vivo fluorometry 

The in vivo fluorometry has been widely used for in situ measuring chlorophyll 

biomass from the in vivo Chlorophyll a fluorescence in bulk waters. The main 

advantage of this approach is its simple instrument setup, low cost, and potential for 

long term in situ monitoring. Commercial in vivo fluorometers developed for online 

and in situ deployments are available (Tab. 1.2).  

Company name Measured parameters Comments 

Turner designs Inc.68 Chlorophyll a concentration 
Single LED excitations; Calibration 

needed for different samples. 

BBE moldaenke 
GmbH69 

Chlorophyll a concentration 
and general classification 

Multi LED excitation; limited ability 
in species classification. 

Chelsea Technologies 
Group Ltd70 

Variable fluorescence 
Mainly for measuring the parameters 

of photosynthesis. 

Tab. 1.2. Some commercial instruments based on in vivo Chlorophyll a fluorescence measurements. 

      Two factors influence Chlorophyll a concentration quantification using in vivo 

fluorometers. The first one is the uncertainties of both light absorption efficiency and 

fluorescence quantum yield of the water samples, which can be different between 

species, or phytoplankton growing under different conditions.71 To minimize this 

uncertainty, the fluorometers can be calibrated by comparing the raw data with the 

Chlorophyll a concentrations of samples from the same area measured by other high 

performance instruments, like HPLC. The second one is that in vivo fluorescence 

suffers from the package effect: 72~74 absorption of packaged pigments in cells is 
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smaller than absorption potential of the same amount of pigments uniformly 

distributed in solution. Both phytoplankton size and pigment concentration affect the 

package effect. Increasing in either cells size or internal pigments concentration 

increases the package effect. 75~77 

      The aforementioned reasons make in vivo fluorometry a semi-quantitative 

approach for measuring phytoplankton Chlorophyll a biomass.  

Satellites and aircrafts remote sensing 

Satellites and aircrafts obtain data in large spatial scale by remote sensing. Color 

information from satellites is able to determine the distribution of chlorophyll in 

waters that could be used for monitoring and discriminating red tides. For algal 

blooms have distinct optical properties, such as Karenia brevis, Coccolithophores,78 

and Trichodesmium,79 satellites can identify the sources of the blooms. However, 

satellites cannot track most HABs until species have been first identified at the scene 

of incident.  

Molecular probes 

Different from pigments fingerprint and morphology-based identification 

technologies, this approach exploits genetic variation for distinguishing between 

species. The advantages of molecular technologies include: high sensitivity, ability of 

species-level identification, and no taxonomic experts needed.  

      One limitation of this method is that molecular probes are developed to detect 

targeted species. It therefore requires a prior knowledge of the genetic diversity of 

phytoplankton community in waters. Moreover, probes currently are only available 

for a small number of species. Thus, more and new probes need to be continuously 

developed.  

1.2.2 Methods based on individual cell measuring 

Obtaining phytoplankton abundance and composition rely on the single-cell based 
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analysis technologies, including coulter counter, microscopic counting, conventional 

flow cytometry, and imaging flow cytometry. 

Coulter Counter 

Coulter counter has been used to determine the size distribution of phytoplankton 

since late 1960’s.40, 41 The particle is counted when it passes through a small aperture, 

separating two electrodes between which a current flows. When a particle flows 

through the aperture, a voltage pulse is generated because of the instant electrical 

resistance increasing between the electrodes. The concentration of the sample is 

estimated by counting the number of the pulses for a specific volume, and the volume 

of each particle is determined from the amplitude of the voltage pulse. Phytoplankton 

counting can be automated and rapidly done with Coulter counter.  

      One major limitation of this approach is that it is impossible to distinguish living 

phytoplankton cells from other particles, such as dead phytoplankton cells, detritus, 

and bacteria.42 Moreover, it is not suitable for picophytoplankton analysis because of 

the relatively large aperture size in Coulter counter.43  

Conventional microscope counting 

Conventional optical microscope analysis method is the most widely used technique 

to enumerate and identify phytoplankton for over a century. Although invaluable in 

measuring size and species composition, this method is ineffective for investigating 

the phytoplankton in a dynamic way due to its long and laborious inspection time 

needed by the trained experts. Moreover, because of cell loss during sample fixation, 

storage and enrichment, and the small number of cells usually counted, this method 

usually has an inaccurate statistical estimation of cell abundance.  

      Because this method mainly relies on morphological parameters for species 

identification, it has limitations to indentify small picophytoplankton due to the 

diffraction limit of microscope or lack of distinct morphological features. In this 
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sense, epifluorescence microscope can be used to discern different picophytoplankton 

from their intrinsic fluorescence fingerprints. 

Flow Cytometry 

Conventional flow cytometry can address certain limitations of conventional optical 

microscopy. It measures the fluorescence and light scattering properties of individual 

cells in a narrow sample stream as they flow through the interrogating laser beams. 

Because flow cytometers can give rapid and quantitative analysis of large number of 

individual cells and can study the picophytoplankton that barely visible under an 

optical microscope, it has become an attractive tool in phytoplankton research since 

1980s,80~83 and has contributed to the discovery of new picophytoplankton, such as 

Prochlorococcus and Ostreococuus tauri.84 

 

Fig. 1.3. In situ monitoring of phytoplankton using flow cytometers. (a) The CytoSense that is 

integrated into a buoy for moored operation. (b) The FlowCytobot that is developed at Woods Hole 

Oceanographic Institution for long term in situ phytoplankton monitoring.84, 85 

      However, commercialized flow cytometers are not designed and optimized for 

phytoplankton analysis, and hence special design in flow cytometer instrumentation 

is a necessity to cope with the heterogeneity of phytoplankton with regard to cell size, 

shape, and concentrations. Several flow cytometers were developed for this purpose.        

      The Optical Plankton Analyzer (OPA), first developed in 1989, 45, 46 has the 

ability to measure phytoplankton from about 1 µm to 500 µm in width and over 1000 

(a) (b) 
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µm in length. To cover such broad size ranges, both the fluidics and optics can be 

flexibly adjusted.  

      For continuous monitoring of phytoplankton in situ, CytoSense (Fig. 1.3(a)), 

commercialized and updated OPA, was introduced in 1999.49 It uses a 20 mW-532 

nm laser as excitation source and measures two fluorescence and two scatter signals. 

Water samples beneath the buoy are drawn continuously through the instrument. The 

CytoSense uses batteries and transmits the data through radio communications.48  

      Another similar instrument, the Flowcytobot (Fig. 1.3(b)) is developed at Woods 

Hole Oceanographic Institute in 2003.50 In contrast with CytoSense, it uses cables for 

power supply and data transmission. Flowcytobot is designed for continuous and 

long term monitoring of phytoplankton in situ. The instrument is optimized to detect 

pico- and nanophytoplankton from 1 µm to 10 µm.  

Imaging flow cytometry  

Imaging flow cytometers take microscopic images of particles in flow, combining the 

merits from both conventional optical microscopy and flow cytometry. It can not 

only screen a large number of phytoplankton cells as in conventional flow cytometer, 

but also can extract morphological information of the cells that is critical for species 

identification as in conventional optical microscopy.  

      Two different methodological approaches are involved in monitoring 

phytoplankton in situ. The first approach is that the sample flows in a flow cell 

similar to that of conventional flow cytometer; bright-field images of cells are then 

captured as they pass through the detection area. Imaging-in-flow systems like the 

FlowCAM and Imaging FlowCytobot use this approach (Fig. 1.4).57, 58  

      FlowCAM takes bright-field images of phytoplankton that illuminated by a flash 

LED when they pass through a flat flow chamber. To cover the broad range of sizes 

of phytoplankton, this instrument is equipped with several flow cells and objective 
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lens. One unique feature of FlowCAM is that the depth-of-field is largely extended 

with slightly image degrading. For a 4× / 0.15 objective lens used, the depth-of-field 

is extended to 300 µm.  

      FlowCAM has two working modes, trigger mode and free run mode. In trigger 

mode, the chlorophyll fluorescence signal triggers the camera to capture an image of 

the phytoplankton as it flows through the detection area. In free run mode, the 

camera takes images on a preset interval. Both lab-based and submersible instrument 

based on this technology are commercially available. 

 

Fig. 1.4. Monitoring of phytoplankton using imaging flow cytometers. (a, b) The Imaging 

FlowCytobot developed at WHOI for long term monitoring nano- and microphytoplankton (a),84 and a 

collage of images obtained from Imaging Flow cytobot (b).59 (c, d) The Portable FlowCAM for 

microphytoplankton analysis (c), and a collage of images obtained from the color FlowCAM (d).86 

      Imaging FlowCytobot is developed for long term monitoring of nano- and 

microphytoplankton in situ. It uses a 12 mW-635 nm diode laser to excite the 

pigments in phytoplankton and detects both the chlorophyll fluorescence and side 

 50 µm 

50 µm 
(a) (b) 

(c) (d) 
50 µm 

m 
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scattering signals as in conventional flow cytometers. Meanwhile, the fluorescence 

signal is used to synchronize a xenon lamp for microscope illumination and a camera 

for bright-field images acquisition.  

      Imaging FlowCytobot uses a 10× / 0.25 objective lens for imaging and has a 

throughput of 0.25 ml/min. In contrast with FlowCAM, Imaging FlowCytobot 

generates a flat thin sample stream by the sheath flow instead of simply using a flat 

flow chamber, and hence it minimizes the chance of clogging and contamination of 

the flow cell. 

      The second approach actively scans the water columns with a planar laser 

illumination beam and captures the chlorophyll fluorescence images of 

phytoplankton during the scan. Two instruments take this approach, including the 

Freefalling Imaging Device for Observing phytoplankton (FIDO-Ф) and the in situ 

Video Fluorescence Analyser (VFA).62, 65 

 

Fig. 1.5. In situ imaging fluorometers for the monitoring of phytoplankton. (a) Shows FIDO-Ф 

imaging fluorometer on deck of the R/V Wecom; (b) is the schema of the system showing the optical 

arrangement; (c) shows the diatom chains images obtained from FIDO-Ф.64,87 

      FIDO-Ф uses a 3W-532 nm solid state laser to generate a divergent illumination 

sheet with a thickness of 6.5 mm for exciting the chlorophyll fluorescence in the 

slabs of water (Fig. 1.5). A sensitive CCD takes chlorophyll fluorescence images 

from the side, perpendicular to the laser sheet plane. FIDO-Ф has a low pixel 

resolution (~ 300 µm), but has a large volume throughput (~ 665 ml per image). VSF 

(a) (b) (c) 

Field of view: 24 mm × 24 mm
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uses the same principle that involved in FIDO-Ф. In contrast, it adopts a 15 mW-473 

nm diode laser to generate the illumination sheet and an intensified CCD to detect the 

images. VSF has a better pixel resolution (~ 16 µm), but a much smaller volume 

throughput (0.43 ml per image) than FIDO-Ф.  

      FIDO-Ф and VSF allow a fast study of phytoplankton abundance and distribution 

in the water columns, but their high throughput is achieved by sacrificing the optical 

resolution (i.e. less morphological information).  

1.3 Motivations, Objectives, and Challenges 

1.3.1 Motivations  

Coastal and fresh waters of Hong Kong, Mainland China are increasingly impacted 

by red tides, which have expanded globally in recent years. The diversity of red tides 

species and their impacts present a significant challenge to those responsible for the 

management of aquatic resources and protection of public health. One major 

objective of red tides research and monitoring programs has therefore been to 

develop rapid and accurate methods for phytoplankton identification and 

enumeration, as there are clear economic and managerial benefits from red tides 

detection, warning, and forecasting.  

      Existing in situ technologies (both local and global scale) are valuable for 

estimating chlorophyll biomass in the waters. However, because these approaches 

measure bulk water properties, the averaging effect of billion of individual cells 

prevents them from obtaining phytoplankton community structure information, such 

as cell size, abundance, and species composition that relies on single-cell based 

analysis approaches. 

      Conventional optical microscopy and flow cytometry measure properties of 

individual cells, which are crucial for investigating phytoplankton community 

composition. The two technologies are complementary to each other. Conventional 
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optical microscopy provides important detailed morphological parameters that are 

critical for phytoplankton analysis, but it is time consuming and has low throughput 

that circumscribe its field application. In contrast, conventional flow cytometry can 

rapidly screen a large number of cells, which is important for field applications, but 

the high throughput of flow cytometry has drawbacks in sacrificing the spatial 

content that is vital for species identification. 

      Imaging flow cytometry, the marriage of conventional optical microscopy and 

flow cytometry, combines the strengths of optical microscopy in obtaining 

morphological parameters with conventional flow cytometry in rapid screening large 

number of cells.88 Therefore, imaging flow cytometry has the potential to become a 

key approach for phytoplankton monitoring or scientific research.  

      Unfortunately, in reality, two intrinsic limitations prevent imaging flow 

cytometers from obtaining high spatial resolution images with high throughput.89 

One is the motion blur on the images caused by the moving objects,90~93 and the other 

is the shallow depth-of-field of optical microscopes, especially when high spatial 

resolution is needed.94, 95 Because of these limitations, existing instruments always 

came out with a tradeoff between throughput and optical resolution. Therefore, 

development of a high throughput and high resolution 2D imaging flow cytometer 

that is able to resolve or circumvent the two limitations would benefit the scientific 

research and monitoring of phytoplankton. 

      In addition, existing imaging flow cytometers still capture 2D images, in which 

the 2D images obtained of the 3D structured objects, such as those large diatoms and 

dinoflagellates, depend on their orientation imaged. Consequently, 3D imaging is one 

of the best ways to provide detailed morphological information such that automated 

identification and classification of these microorganisms may be possible.96, 97 But 

the low throughput of current 3D imaging technologies, such as the well-established 

and widely used laser scanning confocal microscopy (LSCM), 98  make them 
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particular valuable for single cell studies but inefficient for high quality imaging 

large volumes in field applications. In this sense, further pushes imaging flow 

cytometry to 3D stage, increasing the throughput of 3D imaging, would contribute to 

the scientific research and monitoring of phytoplankton as well.  

      Furthermore, such 3D imaging flow cytometer developed can be used to establish 

a 3D image database of the phytoplankton such that different viewing projections can 

be correlated with the 2D images from the 2D imaging flow cytometer for rapid 

automatic species identification. 

1.3.2 Objectives 

An ideal 2D imaging flow cytometer for monitoring of phytoplankton in situ should 

have both high throughput and high optical resolution features. High throughput is a 

necessity to sample low cell abundance species and is a demand for sensing those 

highly toxic HAB species that can lead negative environmental impacts even at low 

cell numbers.60  

      High optical resolution is important for species composition analysis based on 

morphological analysis as the higher resolution is, the more morphological content 

can be extracted. Existing in situ imaging flow cytometers have been specially 

designed to have a high throughput. This is, however, achieved by compromising the 

optical resolution.  

      In addition, an ideal imaging flow cytometer for in situ applications should be 

able to cover a broad range of sizes because of the heterogeneities in phytoplankton 

community sizes. 

      For all the above-mentioned needs, the first objective of this thesis research is to 

develop a light sheet based 2D fluorescence imaging flow cytometer that has 

potential to become a field instrument for phytoplankton analysis. To differentiate 

phytoplankton from heterotrophic microorganisms, detritus, and other inorganic 
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particles, the instrument developed will detect the Chlorophyll a fluorescence images 

of phytoplankton. The 2D fluorescence imaging flow cytometer will have both high 

optical resolution and high throughput features. Moreover, all-in-focus fluorescence 

images can be obtained for a wide range of sizes, including pico-, nano-, and 

microphytoplankton. This is expected to be achieved by addressing the contradiction 

between throughput and optical resolution that limits the performance of imaging 

flow cytometry with a light sheet illumination and unique flow configuration. 

      In attempting to combine the merits of 3D light sheet fluorescence microscopy 

with the conventional flow cytometry, the second objective of this thesis research is 

to develop a light sheet based 3D fluorescence imaging flow cytometer that can be 

used for fast 3D sectioning of phytoplankton cells. The instrument developed will 

increase the throughput of 3D fluorescence microscopy, and will be suitable for 

concentrated microphytoplankton analysis. Furthermore, it can be a potential tool for 

establishing a 3D fluorescence image database to assist species identification from 

images obtained from the 2D fluorescence imaging flow cytometer.  

1.3.3 Challenges 

Phytoplankton is highly heterogeneous in size. According to their size range, 

phytoplankton also have been classified into picophytoplankton, nanophytoplankton, 

and microphytoplankton with size range of 0.2 ~ 2.0 µm, 2 ~ 20 µm, and 20 ~ 200 

µm respectively.99 Filamentous colonial species extend the size range further. Such 

enormous size ranges present challenges for an imaging flow cytometer.45, 46 

      Moreover, the shallow depth-of-field of microscope, especially when high 

resolution is needed, makes it challenge to obtain all-in-focus fluorescence images in 

imaging flow cytometry. For example, the depth-of-field of a 40× / 0.65 objective 

lens is about 1 µm,100 indicating that most of the cell structures are out-of-focus when 

such objective lenses are used to observe nano- or microphytoplankton.  
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      Existing technologies frequently use low magnification objective lenses (i.e. low 

optical resolution) to address this limitation, but even with a 10× / 0.25 objective lens 

(depth-of-field: ~ 8.5 µm), the out-of-focus blurs still present when large particles are 

targeted or large sample streams are used. Confocal microscopy can circumvent the 

shallow depth-of-field issue by 3D sectioning of the cell and then synthesize a 2D 

image where all structures are in focus, but it is impossible to use such technologies 

to observe particles in a fast flow.  

      Because all-in-focus images are critical to get the detailed morphological 

information for phytoplankton measurements, the limitation of the shallow depth-of- 

field in 2D imaging flow cytometry should be addressed.  

      In addition, the motion blur on the images caused by the moving objects limits 

the throughput of an imaging flow cytometer. To prevent noticeable motion blurs, 

existing technologies use light pulses or high-speed camera to “immobilize” the fast 

moving particles.57, 58 In these approaches, increasing throughput need to increase 

both camera’s sensitivity and frame rate. Because there is an intrinsic tradeoff 

between sensitivity and frame rates: increasing the frame rates decreases the 

exposure time (i.e. fewer photons are detected) and hence reduces the sensitivity,101 

challenges are then presented to the camera when high throughput is needed.  

      As high throughput is a necessity in field applications to sample those species 

presented in low cell abundance, the limitation of motion blurs in the 2D imaging 

flow cytometry should be resolved.  

      Finally, pushing the fluorescence imaging flow cytometer into 3D stage is 

challenge as well. In common 3D microscopic imaging technologies, such as 

confocal microscopy, specimens are fixed on a slide, and 3D sectioning is achieved 

by finely scanning either the stage or the laser beam. In a 3D imaging flow cytometer, 

however, the most practical and efficient way to achieve 3D sectioning is to take 

advantage of the flow and to make particles sectioning actively. In this sense, it is 
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critical to generate a well-controlled stable sample stream. Challenges then should be 

presented in flow control, optical alignment, and data synchronization.  

1.4 Thesis outline 

The manuscript has been organized as follows: 

      Chapter 1 provides the general background introduction of this thesis. The red 

tides in Mainland China and Hong Kong and basic technologies for phytoplankton 

analysis are reviewed. Then the motivations, challenges, and objectives of this thesis 

work are given.  

      Chapter 2 first introduces the fundamental working principle of Chlorophyll a 

fluorescence, 2D and 3D fluorescence microscope, conventional and imaging flow 

cytometer. Then the approach to achieve a high performance 2D and 3D imaging 

flow cytometer is proposed.  

      Chapter 3 describes the 2D imaging mode of the light sheet based imaging flow 

cytometer for phytoplankton analysis. The construction of the instrument developed 

is given first, followed by the system calibration and artifacts evaluation. After that, 

the performance of the instrument is tested by measuring both cultured and coastal 

water samples. At last, the advantages of the 2D fluorescence imaging flow 

cytometer developed is analyzed and compared with other existing technologies. 

      Chapter 4 gives the realization of image contrast enhancement by restoring the 

residual out-of-focus light in the 2D images obtained using image deconvolution. 

The image formation and noise degradation are mathematically described at first, 

followed by the test and comparison of 2 classic deconvolution algorithms on 

simulated data. Then the usefulness of these algorithms in restoring blurred light and 

improving image contrast is proved by deconvolution of the practical 2D images.  

      Chapter 5 describes the 3D imaging mode of the light sheet based imaging flow 

cytometer for phytoplankton analysis. The modification of the 2D fluorescence 
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imaging flow cytometer into 3D fluorescence imaging flow cytometer is given at first, 

followed by the calibration of the fluidics and optics, and the artifacts evaluation. The 

performance and potential applications of 3D fluorescence imaging flow cytometer is 

then tested by measuring two cultured toxic dinoflagellates species, Procentrum sp. 

and Gambierdiscus sp.. 

      Chapter 6 first summarizes the thesis work on the development of the 2D and 3D 

light sheet based high throughput imaging flow cytometer that particularly designed 

for phytoplankton analysis. Then future works on performance improvement of the 

current instrument are discussed.  
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Chapter 2 Fundamental principles of Chlorophyll a fluorescence, 

fluorescence microscopy, and flow cytometry 

This chapter first depicts the fundamental principles of Chlorophyll a fluorescence 

and introduces existing fluorescence microscopy technologies (both 2D and 3D), 

conventional flow cytometry, and imaging flow cytometry. The general concept of 

the proposed light sheet based fluorescence imaging flow cytometer is given at last.  

2.1 Basic principles of Chlorophyll a fluorescence in phytoplankton  

2.1.1 Pigments in phytoplankton  

There are about 40,000 phytoplankton species have been found around the world and 

they have been divided into 11 divisions, including 2 prokaryotic members: 

Cyanophyta and Prochlorophyta, and 9 eukaryotic members: Glaucophyta, 

Rhodophyta, Herterokontophyta, Haptophyta, Crytophyta, Dinophyta, Euglenophyta, 

Chlorarachniophyta and Chlorophyta.102 The classification system is based on the 

fact that different divisions have different characteristics of pigments containing, 

morphology, cell structure, genes and so on. 

      Color is a main indicator for taxonomic discrimination of phytoplankton in 

conventional microscopic counting techniques for a long history, and has led to the 

commonly used colorful name of phytoplankton from different phyla, such as green 

algae, red algae, brown algae, blue-green algae. Diversity of the colors derives from 

the differences in pigments composition among different species groups.  

      The pigments in phytoplankton are embedded in the light-harvesting complexes 

(antenna-proteins) and are well coordinated to work together.71, 103 The light-

harvesting complexes are directly attached to photosynthetic reaction center; using 

Förster resonance energy transfer, the harvested light energy is focused to the 

reaction center for photosynthesis. Different pigments absorb different spectral bands 

of the broad-spectrum emission source such as sun and xenon lamp. Figure 2.1 shows 
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the in vivo absorption spectrums of main natural pigments found in phytoplankton.103 

These pigments are evolved to cover the whole visible band; therefore, the energy 

from the sun could be maximally used for photosynthesis.  

      Chlorophyll a is the most important photosynthetic pigment because it is the 

predominant and exclusive photoactive pigment in the reaction center of the 

photosystems of all oxy-photosynthetic organisms. Like other accessory pigments 

(Chlorophyll b, c, and d, Carotenoids), Chlorophyll a is also presented in the light-

harvesting complexes to collect light.  

 

Fig. 2.1 In vivo absorption spectrum of the main natural pigments in phytoplankton and in vivo 

fluorescence spectrum of Chlorophyll a.103  

2.1.2 In vivo Chlorophyll a fluorescence in phytoplankton 

When light is absorbed by the light-harvesting complexes, there are three main 

approaches to dissipate the harvested photon energy.71 At first, most of the energy 

dissipates as heat by molecules vibrations. Then, some of the energy, either absorbed 

by Chlorophyll a or transferred to Chlorophyll a from other accessory pigments, is 

funneled to the reaction centers to separate charge for photochemical reactions. At 

last, a few of the energy (~ 1%) leads to fluorescence, which main emitted from 

Chlorophyll a, because it is the predominant pigments in the reaction centers and the 

exclusive photoactive pigment for photo chemical reactions.  

      Chlorophyll a fluorescence, peaking at ~ 685 nm (in vivo), is the dominant 

fluorescence in most phytoplankton species. For species from Cryptophyta and 
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Cyanophyta, however, there are some exceptions; they have a distinct fluorescence 

emission that located at 590 nm and 650 nm originating from phycoerythrins and 

phycocyanins.23 This fingerprint can be used to discriminate them from other species.  

 

Fig. 2.2. Energy diagram of Chlorophyll a showing different transitions after a photon is absorbed. 

Vibrational relaxation (VR); singlet states (S0, S1, and S2); triplet state (T1).
71 

      Figure 2.2 gives the energy diagram showing the electron transitions in a 

Chlorophyll a molecule. It has two strong absorption bands, around 445 nm and 670 

nm. Once the Chlorophyll a molecule is excited to S1 or S2 from ground state S0, 

either by absorbing a photon or by resonance energy transferring from other 

accessory pigments, the vibration relaxation and internal conversion process drive the 

excited electron to the lowest vibrational state of S1. The excited electron then jumps 

back to S0, and the energy can be released as heat through internal conversion or as 

fluorescence emission (lifetime: ~ 10-9 ns). The excited electron can also reach the 

triplet states T1 through intersystem crossing and ended by phosphorescence 

emission, which is a much slower process (typically in ms) than fluorescent.  

      The fluorescence quantum yield is a dimensionless parameter that defines the 

efficiency of fluorescence emission, typically in number of photons emitted per 
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hundred photons absorbed. This parameter is important for quantification 

measurements that based on fluorescence intensity. The in vivo Chlorophyll a 

fluorescence quantum yield of phytoplankton can be expressed as: 71, 104  

�� 	 
��
�  
�  
� (2.1)

where 
�, 
�, 
� are the rate constants (events per second) of fluorescence emission, 

thermal dissipation, and photochemical reaction, respectively. A is the fraction of 

open reaction centers deriving from the rate constants difference between open 

reaction centers and closed centers.  

      Unlike the fluorescence quantum yield of Chlorophyll a in solution, which can be 

treated as a constant, the in vivo Chlorophyll a fluorescence quantum yield varies 

among different species or samples growing under different environments. For this 

reason, it is challenge to quantitatively determine the chlorophyll biomass based on 

in vivo Chlorophyll a fluorescence measurements.  

2.2 Fluorescence microscopy 

Fluorescence microscopy is widely used to observe phytoplankton. In contrast with 

microscopic imaging technologies with scattering light, such as bright-field, dark-

field, and phase contrast microscopy, fluorescence microscopy not only provides the 

detailed morphological parameters, but also gives chemical specific information. In 

addition, unlike bright-field and phase contrast microscopy where image contrast 

originates from pigments’ absorption and refractive index variations, sensitivity of 

fluorescence microscopy could be enhanced by increasing the excitation power. 

Furthermore, like dark-field microscopy, fluorescence microscopy has a dark 

background such that particles with sizes below diffraction limited can be easily 

observed. All of these advantages make fluorescence microscope an important tool 

for phytoplankton observation.  
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      Figure 2.3 gives a fluorescence image of the phytoplankton from Pacific Ocean 

obtained from an epifluorescence microscope.105 The orange spots correspond to 

phycoerithrin-rich Synechocococus cyanobacteria; the maximum auto-fluorescence 

emission of phycoerithrin is at 580 nm. The red spots are picoeukaryotes which 

contains chlorophylls that maximally emit fluorescence at 685 nm. Besides these 

picophytoplankon, large cells are also presented in the image.  

 

Fig. 2.3. Auto-fluorescence images of phytoplankton in the Pacific Ocean obtained from an 

epifluorescence microscope. Exited by blue lights and detected with yellow and red channels.105 

2.2.1 Instrument setup for a fluorescence microscope 

In a fluorescence microscope, the specimen is excited with specific wavelength light 

and emits the fluorescence that has a longer wavelength than the excitation light 

(exceptions: multiphoton fluorescence microscopy). Fluorescence is usually several 

orders weaker than elastic scattering of excitation light; therefore, in fluorescence 

microscopy, the basic task and challenge is to isolate the weak fluorescence from 

much stronger elastic scattering. By doing so, only fluorescence reaches the eyes or 

detectors such that the bright fluorescent structures can be observed against the dark 

background.  

      Several types of fluorescence microscope are existed and they are different with 

excitation and detection configurations. 106  Among them, the epifluorescence 
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microscope is most widely used. Figure 2.4 illustrates the general schematic setup of 

an epifluorescence microscope. The excitation filter selects the wavelength from a 

light source (Lamps, LEDs or lasers), and a dichroic beam splitter reflects the beam 

into the entrance pupil of the objective lens. The lens then focuses the beam onto the 

specimen, leading to fluorescence emission. The backwards fluorescence is collected 

with the same objective lens, and transmits through the dichroic beam splitter. A 

fluorescence filter is used to further block the strong reflected and scattered light; the 

final fluorescence images can be observed with naked eyes or detected by cameras. 

Using such configuration, most of the excitation light is transmitted through the 

specimen; hence, the epifluorescence microscope can efficiently suppress the 

background light. 

 

Fig. 2.4. Schematic of the working principle of an epifluorescence microscope. 

2.2.2 Numerical aperture and optical resolution  

Numerical aperture (NA) is a dimensionless parameter used to characterize the ability 

of microscopic objective lens in collecting light.107 It is the product of the refraction 

index of the working medium (n) and one-half angular aperture (θ). 

�� 	 � sin � (2.2)

The spatial resolution, closely related to NA, defines the ability of the fluorescence 

microscope in reproducing object detail, including lateral and axial resolution. 
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      The lateral PSF of the microscope, well known as the Airy disk (Fig. 2.5 (a)), 

gives the microscope’s response to point sources at the object plane. The radius of 

the Airy disk (i.e. FWHM (Full Width at the Half Maximum) of the lateral PSF) 

defines the lateral resolution: the smallest distance between two point sources in the 

object plane that can be resolved in a microscope. In theoretical terms, it depends on 

both the NA and working wavelength λ, and is given by: 

����� 	 0.61���  (2.3)

where ����� denotes the radius of the Airy disk. This equation is based on Rayleigh’ 

criterion: when the maximum point of one diffraction Airy disk just coincidences the 

first dark ring of the other diffraction Airy disk; the two point sources can be 

considered as just resolved (Fig. 2.5 (b)). 

 

Fig. 2.5. PSFs of a microscope. (a) Airy disk, (b) Rayleigh limit, (c) axial PSF and resolution. 

      In practical, when images are detected with a camera, the spatial sampling rate 

affects the actual lateral resolution. To efficiently exploit the resolving power of the 

objective lens used, it is widely accepted that one resolvable unit (�����) should be 

represented by at least 2.3 pixels (Nyquist criterion suggests at least two samples to 

faithfully represent the resolvable unit). For example, when a 60× / 0.65 objective 

lens works at wavelength of 550 nm, the calculated resolution is ~ 0.52 µm, 

corresponding to 31 µm in the image plane; a camera with a pixel size of 13 × 13 µm 

(a) 
 

(b) 
 

(c) 
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is then preferred. Oversampling cannot increase the resolving power but decreases 

the signal intensity as well as reduces the field of view; conversely, undersampling 

can increase signal intensity and field of view at the expense of the resolving power.  

      The axial PSF (i.e. the response of the microscope to a point light source along 

axial dimension) is customarily used to define the axial resolution.108 In general, the 

axial resolution can be defined as the distance from the maximum of the axial PSF to 

its first axial minimum (Fig. 2.5 (c)) and is given by: 

� �! 	 2���� # (2.4)

The ratio of the axial resolution to lateral resolution (3.28� ��⁄ ) is substantially 

larger than one and increases as the NA of the objective decreases. Therefore, the 3D 

PSF of the optical microscope is isotopic, which elongates along the axial dimension.  

      In 3D microscopic imaging, to take full use of the axial resolving power of the 

objective lens, the spatial sampling rule in lateral dimension (2.3 pixels per 

resolvable unit) extends to the axial dimension.  

      In reality, the theoretical resolution is hard to achieve because aberrations from 

the specimen, objective lens, tube lens, and optical misalignment tend to decrease the 

resolving power. To ascertain the real spatial resolution of a microscope, the PSF are 

usually measured using sub-diffraction fluorescent beads that can be treated as point 

light sources.  

      Besides axial resolution, depth-of-field is another important parameter closely 

related to the axial PSF of fluorescence microscope. It defines the depth in object 

space where images appear to be sharply in focus at an ideal fixed setting. 

Defocusing leads to alternate bright and dark spots of the Airy disk; a defocus 

of ��/��# can be sensed with human eyes and is defined as the wave optical depth- 
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of-field.108, 109  If images are detected with a camera, the depth-of-field need to 

accommodate an extra item introduced by the camera and is defined as:  

�� 	 ��
�� # 

�(
) * �� (2.5)

in which e is the pixel size of the camera; M is the lateral magnification of the 

microscope.100, 110 When M is sufficiently large, the extra item can be ignored, the 

practical depth-of-field is merely determined by the wave optical depth-of-field.  

2.3 3D fluorescence microscopy 

Because of the shallow depth-of-field in conventional 2D wide-field fluorescence 

microscopy, images obtained suffer from out-of-focus blurs, presenting challenges to 

observe 3D structured thick specimens. Several technologies have been evolved to 

suppress the out-of-focus blurs and to obtain 3D fluorescence images, including 

wide-field deconvolution fluorescence microscopy, confocal fluorescence 

microscopy, and light sheet fluorescence microscopy.  

2.3.1 Wide-field deconvolution fluorescence microscopy 

In a wide-filed fluorescence microscope, various sources (noise, scatters, glares, and 

blurs) degrade the images; imaging could be viewed as a convolution process 

between the PSF and object: 111,112 

+,-� , /�, 0�1 	23,-4 , /4 , 0415,-�, /�, 0�, -4 , /4 , 0416-4 6/4604 (2.6)

+,-�, /�, 0�1 	 5,-�, /�, 0�, -4 , /4 , 041 7  3,-4 , /4 , 041 (2.7)

in which +,-�, /�, 0�1  is the image captured, 3,-4 , /4 , 041  is the specimen, 

5,-�, /�, 0�, -4 , /4 , 041  is the PSF of the microscope, and 7 is the convolution 

notation. Being a three-dimensional function, the PSF blurs the images in both lateral 
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and axial dimensions. Blurring of the PSF, caused by the wave nature of light and 

imperfection of optics, leads to the loss of information.  

      Deconvolution, reversion of the convolution, can be used to reconstruct a sharper 

image close to the real specimen from blurred images. Deconvolution microscopy is 

introduced in 1983;113 benefitting from the great progress of computer science, it has 

become a main approach for 3D imaging the cellular structures of living and fixed 

bio-specimens.  

      In deconvolution microscopy, usually, a stack of wide-field 2D images of the 3D 

specimen at different focal planes is first captured by axially adjusting the position of 

either the specimen or the microscope objective lens (Fig. 2.6). The obtained images 

are then deconvoluted to remove or to restore the out-of-focus light.  

 

Fig. 2.6. Schema of acquisition of optical sections of a 3D object for deconvolution.114 

      The performance of deconvolution depends on the quality of the raw images, PSF, 

and algorithms used. 115  High quality raw images obtained are important for 

deconvolution as no algorithms can restore the information that lost in image 

capturing process. Furthermore, the quality of PSF used is critical to the performance 

of deconvolution. The PSF used for deconvolution could be either empirically 

measured or theoretical calculated with the known optics parameters such as NA, 

magnification, working wavelength. Because of the optical aberrations, misalignment, 

and noise presented in the microscope, the practical PSF can be significantly deviated 
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from the perfect calculated PSF. Therefore, deconvolution using the empirical PSF is 

more efficient and has a better performance. 

Methods Principles Pros/cons 

De-blurring 

This approach operates on a z section 

by blurring its neighbor sections 

(sections below and above the 

interested section), then subtracting the 

blurred images from the interested 

section.  

Computationally efficient and fast; 

Prone to introducing artifacts; 

Noise is propagated; 

Signal is reduced; 

Qualitative method; 

No PSF required 

Inverse filter 

(Image 

restoration) 

This approach operates on a z section 

by transferring the image into Fourier 

domain, then dividing it by the Fourier 

transform of the PSF. Regularization is 

preferred to suppress the noise.  

Computationally efficient and fast; 

Prone to introducing artifacts; 

Noise is amplified ; 

Quantitative method; 

PSF required. 

Constrained 

Iterative 

(image 

restoration) 

This approach is evolved from the 

regularized inverse filter algorithm. 

Such constraints as regularization, non-

negativity, and boundary constraints 

are used. Regularized least squares 

minimization, maximum likelihood 

estimation, and expectation 

maximization methods are used to find 

the convergent solution.  

Computationally expensive and slow; 

Signal is increased due to the blurred 

light reassigned; 

Less prone to artifacts; 

PSF required; 

Less susceptible to noise; 

Quantitative method; 

Adaptive 

Blind 

deconvolution 

This approach is also constrained 

interactive algorithm except that it 

operates by estimate the PSF and the 

image together.  

Computationally most expensive and 

slowest; 

No PSF required; 

Tab. 2.1. Comparisons between different deconvolution algorithms.116~118 

      The algorithms selected are critical to the performance of deconvolution as well. 

Table 2.1 lists and compares the algorithms frequently used in deconvoluting 

fluorescence images. Basically, there are two classifications of deconvolution 

algorithms, de-blurring and image restoration.115 The former improves the contrast 

by removing the out-of-focus light from focal plane; in contrast, the latter enhances 

the contrast by reassigning the out-of-focus light into its correct position. De-blurring 

is much computational faster than image restoration, but reduces signal intensity 
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because it removes the out-of-focus light that is recovered in image restoration. 

Moreover, as each plane of the stack is handled one by one, in de-blurring, the noise 

from the stack is integrated together and amplified.  

2.3.2 Confocal fluorescence microscopy (CFM) 

Confocal microscopy was developed by Marvin Minsky in 1957 for imaging thick 

microscopic objects by excluding the out-of-focus blurs with minimal loss of signal 

before image is formed.98, 119  The unique feature of confocal microscopy is that 

images are obtained point by point and reconstructed with a computer, instead of 

captured with a camera as in conventional wide-field microscopy. It has several 

advantages, including the ability to reject the out-of-focus light, improve resolution, 

and realize 3D optical sectioning of thick specimen.  

      Unlike deconvolution fluorescence microscopy (image restoration), which uses 

mathematical post processing to reassign the out-of-focus light to its correct position 

for the blurred images, confocal fluorescence microscopy physically prevents out-of-

focus light through a pinhole from ever being detected.        

 

Fig. 2.7. Schematic setup of conventional (a) and spinning disk120 (b) confocal microscope. 

      Figure 2.7 (a) shows the principle of confocal fluorescence microscopy. A light 

source (laser) is first focused through the excitation pinhole, which is located at the 

conjugated position with the scanning point. Then a dichroic beam splitter reflects 

(a) 
 

(b) 
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the beam (transmits fluorescence) to the objective, which further focuses the beam 

into a diffraction-limited spot scanning through the specimen. The fluorescence 

emitted from the scanning spot in the specimen passes back through the objective, 

dichroic beam splitter, and is focused as a confocal point at the detection pinhole. 

The unblocked fluorescence light is finally detected with a single point detector, such 

as photomultiplier tube (PMT) and avalanche photodiode (APD). The ultimate 

images can be reconstructed from raster-scanning across the specimen. 

      In conventional wide-field fluorescence microscopy, the whole specimen is 

illuminated by the excitation sources, and images are detected with a camera, which 

collects both the in-focus and out-of-focus light. Hence, images obtained usually 

present an amount of background. In contrast, in confocal microscopy, the excitation 

source is confined in the scanning spot; the out-of-focus light (gray line) is rejected 

by the detection pinhole. Therefore, background of the images is suppressed and 

images contrast is improved.  

      In confocal fluorescence microscopy, the images (2D / 3D) can be reconstructed 

by scanning either the specimen or the illumination spot. Specimen scanning suffers 

from mechanical shaking from the motion of scanning stages, but avoids off-axis 

aberrations of the objective lens. The illumination scanning is less sensitive to 

vibration and is widely used in commercial products. 

      The single point scanning technique limits the speed of confocal fluorescence 

microscopy. For example, if a 1024 × 1024 image is acquired in one second, the 

dwell time is less than one microsecond for each pixel. It presents challenges to 

scanning stages or mirrors, and detectors.  

      Spinning-disk confocal microscopy increases imaging speed by multiplex 

scanning. Figure 2.7 (b) shows the basic setup of spinning-disk confocal microscopy. 

The expanded laser beam passes through a microlens array and is focused through 

the pinhole disk that conjugates to the focal plane. After that, it is focused into a 
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point array by the objective lens and impinges on the specimen. The fluorescence 

emission passes back through the objective lens, pinhole, dichroic mirror, and is 

detected with a camera instead of single point detectors. When the disk spins, multi 

focused laser spots scan through the specimen simultaneously; therefore, the speed of 

confocal microscopy is multiplied.  

      While commercial spinning-disk confocal microscopes achieve speeds up to 50 

frames per second,121 it presents two disadvantages: one is low efficiency using of 

laser power because of small filling factor of the microlens array; and the other is 

cross talk between pinholes, especially when pinholes are close, which circumscribes 

its background rejection abilities.  

2.3.3 Light sheet fluorescence microscopy (LSFM) 

Light sheet microscopy was initially developed for the investigation of colloidal 

particles in 1903.122 One important feature of light sheet fluorescence microscopy is 

its ability to gather consecutive body sections for transparent samples with much 

higher photon using efficiency than CFM. This unique feature has a desirable effect 

in low level of phototoxic and photobleaching effects, 123  which makes this 

technology particularly suited for observing living biosamples. Benefitting from the 

rapid development of lasers, cameras, fluorescent dyes, and computer technology, 

light sheet fluorescence microscopy prospers in life sciences in last decades.124~129   

      Figure 2.8 (a) shows the basic instrument configuration for LSFM. A thin light 

sheet plane illuminates the sample from the side, orthogonally to the direction of 

observation. The thin light sheet can be generated by using cylindrical optics or 

scanning a focused circular beam through the lateral plane. Because only a thin 

section of the specimen in the focal plane of the detection optics is illuminated and 

imaged, out-of-focus light is efficiently suppressed.  
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      In LSFM, wide-field fluorescence images of the thin sections are detected with a 

standard fluorescence microscope. Usually, the optical arrangement is fixed and the 

sample is embedded in an immobilizing medium. The specimen is then mechanically 

maneuvered across the light sheet plane to obtain 2D sections that are used to 

reconstruct the 3D images.130 

 

Fig. 2.8. Fundamental principle of light sheet fluorescence microscopy. (a) General instrument 

setup;131 (b) comparison of different illumination and detection modalities between conventional wide 

field fluorescence microscopy (WFM), CFM, and LSFM.132 Illumination (ill.); detection (det.).    

      Figure 2.8 (b) shows the different microscopy illumination and detection 

modalities. Both CFM and LSFM can reject the out-of-focus light in comparison 

with conventional WFM. In CFM, the light sources illuminate along the whole 

thickness of the specimen, but only the fluorescence from the focal plane is collected. 

Moreover, it interrogates only one pixel at a time. In contrast, in LSFM, only the 

actually observed section is illuminated, and the entire illuminated thin section is 

observed in one exposure. Thus, LSFM has much higher photon usage efficiency 

than CFM in both excitation and detection.  

      One limitation of LSFM is the shadow artifacts because it illuminates the 

specimen only from one side. When the light sheet transmits through the specimen, 

scattering and absorption disturb the light sheet, which leads to bright and dark 

(a) 
 

WFM 

 

CFM 

 

LSFM 

 
det. 

 
ill. 

 

(b) 
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stripes in the final images captured. In reality, the shadow artifacts can be reduced by 

illuminating the sample from opposite sides with two light sheet beams. 131, 133 

      LSFM is a wide-field based imaging technology; its lateral resolution is similar to 

that of a standard wide-field fluorescence microscopy, which is determined by the 

imaging objective lens and working wavelength. The axial resolution, however, 

depends on the PSFs of both illumination and imaging optics:134 

89:;<=� 	 89:�>> �!�?�4!  * 89:� �@�!@ (2.8)

      In LSFM, therefore, using the thin light sheet illumination can improve the axial 

resolution, especially when low NA imaging objective is used. It has been proved 

that with an identical small NA imaging objective (NA < 0.8), LSFM has a better 

axial resolution than that in confocal fluorescence microscopy.130  

 

Fig. 2.9. Geometry of the light sheet plane. Red grid depicts the field of view of LSFM.  

      In LSFM, the geometry of the light sheet plane (Fig. 2.9) defines the suitable 

field of view. The laser beam is nearly parallel in the dimension that defines the 

beam width, and is focused in the other dimension. Due to the convergence and 

divergence of the light sheet near the focal plane, there is a tradeoff between the 

intensity uniformity and size of the field of view. 130 Typically, for a Gaussian beam; 

the field of view is suggested to be within twice the Rayleigh range �A: 
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�A 	 BCDE
#

�  (2.9)

in which DE  is the radius of the beam waist, and �  is the laser wavelength. For 

example, if DE is 5 µm, and laser wavelength is 532 nm, the optimized field of view 

is ~ 300 × 300 µm. It suggests that LSFM can be used for observing large specimens.  

      The beam radius DF at axial distance Z is given by: 

DF 	 GE H1  I ��AJ
#K
L
M
 (2.10)

Therefore, the radius at �A is√2D4. It could be seen that the light sheet at the edge of 

the field of view is √2 times thicker, hence 1/√2 times dimmer than that at the 

center of the field of view.  

2.4 Flow cytometry 

2.4.1 Conventional flow cytometry 

Conventional flow cytometry, like optical microscopy, is a widely used single 

microscopic particle analyzing technique in scientific research, industrial, and 

biomedical applications.135 In contrary to optical microscopy, where morphological 

study of the cells is important, flow cytometry scarifies the morphological 

information to boost the speed of cell analysis. Flow cytometers diagnosis the cells 

fast flowing through the interrogation laser beam; modern systems measure cells at 

throughput exceeding several thousands of cells per second and up to tens of 

parameters (scatters and fluorescence) simultaneously.136  

      Figure 2.10 shows how a typical flow cytometer works. The laser beam focuses 

through the sample stream and impinges on the cells that flow in a single file; 

scattering and fluorescence are collected, separated, and detected by single point 

detectors; electric signals are then digitalized, analyzed, and presented on a computer. 
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In general, a flow cytometer comprises four parts: flow cells, excitation sources, 

detection optics, and data presentations.   

 

Fig. 2.10. Basic concept of conventional flow cytometry. 137 

      Flow cells are the heart of flow cytometers. Flow cytometry measures the cells in 

a quantitative and high throughput manner. To achieve this, the flow must be 

streamlined with particles travelling in a single file. Flow cells typically has two 

flows, sample flow and sheath flow, which are driven by individual pumps 

(pneumatic or syringe pumps). The sample is injected into the center of the flow cell 

through a nozzle and the main sheath fluid is introduced from the side port to 

hydrodynamically focus the sample into the core of the streamline flow. The sample 

stream size and velocity can be adjusted by varying the speed of sample flow and 

sheath flow. It is important to note that the sample stream size should be close to the 

size of cells analyzed; otherwise, crosstalk between cells may occur. 

      Excitation sources could be arc lamps and lasers. Arc lamps have been used at 

the beginning of the development of flow cytometry for absorption measurements 

(low sensitivity). Benefitting from the development of lasers and fluorescent probes, 

modern flow cytometry measures fluorescence, where lasers have been widely used 
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as the excitation sources for its high intensity (i.e. high sensitivity). 138  Flow 

cytometers are usually armed with several lasers of different wavelengths, such as 

argon-ion (488 nm), He-Ne (633 nm), He-Cd (325 nm), and solid state lasers with 

various wavelengths, which possess flexibility for different probes. 

      Detection optics includes lens, filters, dichroic beam splitters, and single point 

detectors (PMT). Using simple lens, the laser beam is focused into a small spot 

(depends on the sample stream size) that impinges on the cells. Scattering and 

fluorescence are collect with lenses as well, and using high NA lens can increase 

light collection efficiency.  

      The forward scatter is measured to indicate cells size; the signals collected from 

the direction perpendicular to the laser beam, are separated with a set of dichroic 

beam splitters as different channels, further pass through relevant filters, and are 

detected with individual detectors. The side scatter provides information of 

granularity; the different fluorescence channels give chemical specific information in 

the cells. On the instrumentation side, there is no limitation for the number of 

fluorescence channels, but 4 ~ 5 channels are suitable for most applications. 

      Data presentation in flow cytometry is different with that in microscopy. The 

data captured from a microscope always shows as direct-viewing images. In contrast, 

flow cytometry data is captured from a large number of cells; each cell is quantified 

by several parameters. The data can be presented in several ways. The simplest way 

is to present the data in the form of histogram, where single parameter (scatter and 

fluorescence intensity) is plotted against the frequency (number of cells) at which 

events occur. 

      The data can also be presented as bivariate plots (dot plots) in which the values 

for two parameters are plotted on the x- and y- axes; bivariate plots compare the two 

selected parameters for signature identification. As an example, Fig. 2.11 shows the 

flow cytogram from Sargasso Sea seawater assemblage. Dot plots of the chlorophyll 
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fluorescence versus forward scatter allow the identification of different 

phytoplankton groups, such as Prochlorococcus and Synechococcus. The principle of 

bivariate plots can be extended to multivariate plots.  

 

Fig. 2.11. Flow cytogram of Sargasso Sea seawater assemblage.139  

2.4.2 Imaging flow cytometry 

For a conventional flow cytometer as aforementioned, if the single point detectors are 

replaced by cameras, it becomes an imaging flow cytometer. Imaging flow cytometry 

has potential to integrate the benefit of high spatial resolution from optical 

microscopy and the advantage of high throughput from flow cytometry. However, it 

is still challenging to take microscopic images of the fast moving cells.  

      In reality, two intrinsic limitations prevent imaging flow cytometers from 

obtaining high spatial resolution images with high throughput. The first limitation is 

the motion blur on the images caused by the moving objects, which limits flow speed 

of the cells. Normally, it is indistinguishable if that motion blur is within half of the 

resolution of the imaging optics. Thus, with an optical resolution of one micron and 

flow speed of 1m/s, the maximum exposure time for the camera is 0.5 µs, which 

greatly challenges both the camera’s speed and sensitivity. A widely used method to 

circumvent this obstacle is to use strobe light (flash lamps, pulsed LEDs and lasers) 

to illuminate the fast moving cell in micro-, nano-, or picoseconds duration. Although 
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this method suppresses motion blur, it is difficult to have a good signal-to-noise ratio 

(SNR) image in such short exposure time as few photons are detected. 101  

      The other limitation is the shallow depth-of-field of optical microscope, 

especially when high spatial resolution is needed. It limits the sample core size and 

hence the throughput of imaging flow cytometer. For example, theoretically 

calculated depth-of-field for a 40× / 0.65 objective is ~ 1 µm. To preclude out-of -

focus blur, the diameter of sample core should be close to ~ 1 µm. In reality, large 

sample streams can be used to increase the throughput, but out-of-focus events would 

be dominated in the images.  

      In conventional 2D wide-field fluorescence microscope, to observe large 

specimens (e.g. tens of microns) with a high NA objective lens, cellular structures 

positioned above and below the focal plane are blurred. 3D microscopy technologies 

can resolve this issue by optical sectioning across the cell and then synthesizing a 2D 

image in which all structures are in focus.94 However, these abilities are achieved by 

sacrificing the speed, which only make them suitable for  studying immobilized cells 

on a slide and preclude them from observing cell in a flow. 

      Numerous work has been done to overcome these limitations with moderate 

success, but still it always comes out with a tradeoff between throughput and image 

resolution.  

      Figure 2.12 shows instrument layout of the current state of the art imaging flow 

cytometer from Amnis Corporation. There are three key technologies in their system. 

To begin with, a time delay and integration (TDI) camera is used to effectively 

exclude the motion blur and prolong the exposure time for imaging the fast moving 

cells.140 This is achieved by synchronizing the motion of the moving cells with the 

shift of rows in the TDI camera. Then, the depth-of-field of the microscope is 

extended by modifying the PSF with a wave front coded elements and post 

processing of the images obtained.94 At last, a dichroic filters stack unit is used to 
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separate different wavelength bands; the multi spectral images are projected onto the 

TDI camera.141  

 

Fig. 2.12. Imagestream platform overview. (Adapted from Amnis Corpration) 

      While the performance is impressive, Amnis’ system may present several 

limitations. At first, it requires precisely synchronizing the cells velocity with the raw 

shift in the TDI camera. Asynchronous caused by cells translation, rotation, and 

velocity difference among cells, can lead to motion blurs. Furthermore, because cells 

have to spend a longer time in the field of view, flow velocity (i.e. throughput) is 

limited. Finally, even depth-of-field is substantially extended, out-of-focus blurs are 

still present especially when large cells are analyzed or large sample streams are used.  

2.5 Our approach 

In this work, the possibilities of integrating the light sheet fluorescence microscopy 

and imaging flow cytometry to circumscribe the motion blur and shallow depth-of-

field issues are investigated. 

      Figure 2.13 shows the general concept of our approach. To suppress motion blur, 

images are taken from the cell’s moving direction (the optics and flow axis are 

overlapped). It distinguishes from conventional imaging flow cytometers where 
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imaging is performed off-axis from the side, perpendicular to the cell’s moving 

direction. This unique configuration limits the motion blur to lateral motion of the 

cells when they cross the light sheet plane. With a well-controlled stable flow, such 

lateral motion can be ignored as long as flow is laminar and transition time is short.  

 

Fig. 2.13. Schematic diagram of the light sheet based fluorescence imaging flow cytometer. 

      To address the shallow depth-of-field issue, the light sheet illumination method is 

borrowed from light sheet fluorescence microscopy. When cells flow through the 

thin light sheet plane, they are optically sectioned, and all sections are in focus. Using 

light sheet illumination can greatly reduce fluorescence background and hence 

increase the image contrast.  

      Both 2D and 3D fluorescence microscopic imaging modes are possible. In the 2D 

imaging mode, the exposure time for a frame is set long enough to integrate all thin 

sections as the cells traverse through the thin light sheet plane, and all structures are 

sharply imaged and stacked together. This mode can be high throughput because the 

large sample stream and fast flow can be used; moreover, high spatial resolution can 

be achieved without out-of-focus blurs.  

      In the 3D imaging mode, the exposure time for an image is set short to cover only 

one thin section; a stack of 2D sections is therefore captured when cells pass through 

the light sheet plane. The 3D images can then be reconstructed from the stack of 2D 

images obtained. In comparison with existing 3D imaging technologies, such as 

confocal microscopy, the 3D imaging mode of the light sheet based imaging flow 

cytometer would efficiently increase the throughput of 3D microscopic imaging.   
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Chapter 3 A light sheet based 2D fluorescence imaging flow 

cytometer for phytoplankton analysis 

In this work, the 2D imaging mode of the light sheet based fluorescence imaging 

flow cytometer is investigated. The aim of this work is to address the two intrinsic 

limitations in imaging flow cytometry and to develop a 2D fluorescence imaging 

flow cytometer that can take high contrast and high resolution fluorescence images at 

high throughput and can cover a broad size ranges. 

      In this chapter, the construction, calibration, and test of the light sheet based 2D 

fluorescence imaging flow cytometer are described.  

      At first, basic units of the instrument including the illumination unit, image 

detection unit, flow unit, and auxiliary unit are constructed, integrated, and aligned. 

Then both light sheet generated by the illumination unit and lateral resolution of the 

image detection unit are calibrated. After that, two artifacts, including motion 

artifacts deriving from unwanted motions in the flow and optical vignette caused by 

inner walls of the flow channel, are investigated by particle tracking and ray tracing. 

Finally, the performance of instrument developed is tested with both cultured and 

untreated coastal water samples. 

3.1 Instrument overview  

Figure 3.1 shows the schematic diagram of the 2D fluorescence imaging flow 

cytometer. In general, it consists of 4 units, including the illumination unit that 

generates thin light sheet illumination, image detection unit that takes fluorescence 

images, flow unit that introduces phytoplankton samples, and auxiliary unit that 

assists optical and flow alignment.  

      The light sheet beam is focused through the flow channel near the outlet; particles 

in the water samples flow perpendicularly through the thin light sheet plane. 

Fluorescence images are then taken in the particles’ propagation direction with the 



46 

 

image detection unit and stored in a host computer for post processing and further 

analysis.  

 

Fig. 3.1. Schematic setup of the 2D fluorescence imaging flow cytometer developed. It consists of 4 

units: illumination unit, image detection unit, flow unit and auxiliary unit. The setup includes 

following parts: laser, video camera, electron-multiplying charge-coupled device (EMCCD), mirror, 

iris, spherical singlet lens (L1, L2, and L3), C1 (Cylindrical lens), microscope objectives (O1, O2, and 

O3), band-pass filters (F2 and F3), BD (beam dump), and flow channel (FC).  

3.1.1 Illumination Unit 

The illumination unit generates the light sheet using a single mode fiber coupled 25 

mW diode laser with wavelength of 450 nm, which can efficiently excite the 

chlorophylls in phytoplankton. The simplest way to generate thin light sheet 

illumination is to use a cylindrical lens to focus the laser beam in one dimension. 

Generating a near diffraction limited light sheet, however, requires aberrations well-

corrected cylindrical lenses, which are rarely available. Therefore, a cylindrical lens 

in combination with an objective lens is frequently used to generate the light sheet.130 

This method enjoys both the one dimension focusing ability of cylindrical lens and 

high performance of aberrations well-corrected objective lens.  
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      Figure 3.2 presents the optical layout of the illumination unit. First, the singlet 

lens (L1, focal length: 25 mm) collimates the laser beam and the tunable iris adjusts 

the beam diameter. Then, the collimated laser beam is focused into a thin sheet with 

the cylindrical lens (Cylinder achromat 101.6 mm FL, Melles Griot) and illumination 

objective lens (infinity-corrected, Epiplan 10× / 0.2 HD, Carl Zeiss). If the back focal 

plane (BFP) of the illumination objective lies in the focal plane of the cylindrical lens; 

a collimated light sheet plane is generated near the focus of the illumination objective, 

and the orientation of the light sheet plane is rotated by 90 degrees. At last, the laser 

beam is trapped by a beam dump.  

 

Fig. 3.2. Schematic diagram of optics in illumniation unit. It consists of the blue laser, singlet lens 

(L1), tunable iris, cylindrical lens, illuminative objective and beam dump. (a) Top view; (b) side view. 

      In the dimension parallel to the light sheet plane as shown in Fig.3.2 (a), the 

cylindrical lens and illumination objective form an inverted telescope, in which the 

magnification is given by the ratio between the focal length of the cylindrical lens 

(OP>) and illumination objective (O�>>.). With a beam diameter of D after the adjustable 

iris, the width of the light sheet plane (Q>R) is: 

Q>R 	 S * O�>>.OP>  (3.1)

(b) Side view: beam path orthogonal to light sheet plane To detector 
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(a) Top view: beam path parallel to the light sheet plane 
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Because both OP> 	 101.6 TT  and O�>>. 	 16.5 TT  are fixed, Q>R only can be 

adjusted by changing the tunable iris diameter, which suggests the laser beam is 

partly blocked. To address this problem, Q>R could be adjusted by varying the 

distance between the cylindrical lens and illumination objective lens.  

      In the dimension orthogonal to the light sheet plane as shown in Fig. 3.2 (b), the 

illumination objective lens focuses the collimated laser beam into a sheet. Because 

the cylindrical lens, acting as a flat optical window, cannot bend the light (i.e. no 

extra aberrations introduced), the aberrations well-corrected illumination objective 

lens can generate a light sheet plane with a thickness close to the diffraction-limit.  

3.1.2 Image Detection Unit 

The image detection unit is essentially an inverted fluorescence microscope; the focal 

plane of the microscope lies in the illuminating light sheet plane. With such 

azimuthally optical arrangement, out-of-focus light that dominates in conventional 

wide-field fluorescence microscope can be greatly reduced; the contrast of the 

fluorescence images is then improved.  

 

Fig. 3.3. Optical layout of the image deteion unit (a) and its related spectral response (b).  

      Figure 3.3 (a) shows the optical setup of the image detection unit. The infinity-

corrected microscope configuration is made up of a water dipping objective lens (W 

N-Achroplan 40× / 0.75, Carl Zeiss), mirror, band-pass filter (FF02-684/24, 

Semrock), tube lens (BPX085, Thorlabs), and EMCCD camera (PhotonMax: 1024B, 
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Princeton Instruments). The inverted fluorescence microscope is optimized for 

detecting chlorophyll fluorescence images. As shown in Fig. 3.3 (b), the 450 nm laser 

can efficiently excite the chlorophylls in phytoplankton that emits fluorescence 

peaking around 685 nm, where the band-pass filter selected has high transmission 

efficiency (centered at 684 nm, average transmission > 93% at 672 ~ 696 nm), and 

the EMCCD has high quantum yield (> 90%). 

      For the infinity-corrected fluorescence microscope constructed, the magnification 

(M) is determined by the ratio between the focal length of the tube lens (O?>) and 

imaging objective lens (O� �.): 

) 	 O?>O� �. (3.2)

The infinity-corrected 40× water dipping objective lens used requires an appropriate 

tube lens (164.5 mm focal length) to obtain the stated magnification. With the tube 

lens used (200 mm focal length) in this work, the calculated magnification is 48.6, 

which is close to the practical magnification (48×) measured by imaging a 

microscope graticule (S12, PYSER-SGI).  

      The theoretical resolution based on Rayleigh’s criteria for the imaging objective 

lens used is ~ 0.56 µm, which corresponds to ~ 27 µm in the image plane. As the 

camera has a pixel size of 13 × 13 µm, the spatial sampling rate follows Nyquist 

sampling rule; further increasing the magnification cannot improve the spatial 

resolution, but sacrifices the sensitivity as the same number of photons are shared by 

more pixels.  

      The field of view of the inverted fluorescence microscope is identical to the size 

of the flow channel, 200 × 200 µm. With a 13 × 13 µm pixel size of the EMCCD and 

magnification of 48, a region of interest (ROI) of around 800 × 800 pixels selected 
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from the full frame (1024 × 1024) is able to cover the required field of view. Imaging 

with ROI improves both the frame rates and efficiency of data collection.  

3.1.3 Flow Unit 

In the flow unit, a motor driven syringe pump (NE-300, Pump System Inc.) is used to 

draw phytoplankton samples through the 200 × 200 µm square capillary (Wale 

Apparatus Inc.). In comparison with round capillary, which acts as an imperfect 

cylindrical lens with very short focal length, introducing aberrations that blur the 

light sheet, the square channel provides 4 flat optical windows for laser transmission 

and imaging. The size of the flow channel’s cross-section determines field of view of 

the image detection unit and the largest cell that can be interrogated by the 2D 

fluorescence imaging flow cytometer.  

      Phytoplankton samples flow onto the water dipping objective lens directly and 

are then collected using siphon effect. As the object space is filled with water, 

spherical aberration caused by the refractive index mismatch is minimized. Flow 

direction in the flow channel is perpendicular to the illumination light sheet plane and 

is identical to the direction of fluorescence imaging. The position of the flow channel 

is finely controlled by XYZ translation stages and is aligned to the beam waist of the 

light sheet plane and field of view of the image detection unit, such that all 

phytoplankton pass through the flow channel and are sharply imaged.  

      Because the 2D fluorescence imaging flow cytometer takes images from the 

particles’ flow direction, motion in the flow direction cannot lead to motion blur; 

therefore, the lateral motion (motion perpendicular to the direction of the flow), 

deriving from Brownian motion or unsteady flow, would be the major sources of 

motion artifacts. To avoid such lateral motion, the flow unit should provide a 

streamline flow, or laminar flow, in the flow channel.  
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      The flow patterns in the flow channel are governed by the dimensionless 

Reynolds number (VW):  

VW 	 XY6Z  (3.3)

where ρ is the density of the flow fluid, v is the average flow velocity, μ is the 

dynamic viscosity of the flow fluid, and d is hydraulic diameter of the channel, 

equaling the width (length) of the cross-section for a square channel. 142 When VW is 

smaller than the critical value ~ 2300, the flow in the channel is ultimately be laminar 

flow, which suggests all particles flow in straight lines parallel to the channel walls 

and no motions perpendicular to flow direction existed. However, if VW is larger than 

the critical value, the flow in the channel becomes turbulent.  

      The flow channel used in this work has a cross-section of 200 × 200 µm; the 

density and dynamic viscosity of the fluid (water) is 1000 kg/m3 and 1.002 × 10-3 N 

s/m2 at 20 ℃. Then for a mean velocity of 0.42 m/s typically used, VW equals ~ 84, 

much less than the critical value, indicating the flow is laminar in the flow channel. 

Therefore, lateral motion that leads to motion artifacts is precluded. It can be further 

proofed by tracking the particles in the flow channel (subsection 3.3.1). 

      Because of the shear stress in a viscous flow, the flow velocity in the channel has 

a parabolic profile under laminar conditions (Fig. 3.4 (a)). For a round tube, the 

parabolic velocity profile can be written as a function of the radius �: 

Y 	   Y �^  _1 ` a�Vb
#c (3.4)

in which V is the radius of the tube, and Y �^  is the velocity at the center where � 
equals zero. Under no-slip conditions, the velocity becomes zero at the wall of the 

tube (� 	 V). The similar principle should be operated in the square channel.  
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      The parabolic velocity profile of the flow in the channel leads shear stress 

gradients perpendicular to the flow direction. In addition, the shear stress gradients 

are lower in the center than that near the wall, so that particles are driven away from 

the walls and to the center. 143,144 Figure 3.4 (b) shows particles distribution across 

the flow channel taken with chlorella at a volume rate of 1 ml/min; green square 

indicates inner walls of the channel. It can be seen that shear stress gradients drive 

chlorella cells about ~ 15 µm away from the inner walls, which reduces the optical 

vignetting caused by the inner walls (subsection 3.3.2). 

 

Fig. 3.4. Characteristics of laminar flow in the flow channel. (a) Parabolic velocity profile of the 

laminar flow in a round tube. V is radius of the flow channel, and  �  is radius of layers. (b) 

Distribution of cultured chlorella cells in the flow channel at volume rate of 1 ml/min and exposure 

time of 100 ms. Green square in (b) denotes the flow channel  inner walls.  

      In the 2D fluorescence imaging flow cytometer, the exposure time of the camera 

is set long so that each frame detects crisp images of many phytoplankton cells; the 

effective exposure time for each cell equals to the transition time for the cell crossing 

the light sheet plane. As thickness of the light sheet plane can be treated as an 

invariant, the effective exposure times for the cells are depended on theirs velocity. 

The parabolic velocity profile in the flow channel suggests flow is faster in the center 

and slower near the walls (i.e. the effective exposure time for particles in the center is 
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shorter than that for particles near the walls), and hence cells look dimmer at the 

center than those near the walls, which can be noticed from Fig. 3.4 (b).  

3.1.4 Auxiliary Unit 

The auxiliary unit is a simplified microscope with images obtained orthogonal to the 

flow direction as in conventional imaging flow cytometers. It consists of an objective 

lens (5× / 0.2, C. Baker, London), a tube lens and a low-light video camera. In 

general, this unit is used to guide the optical and flow alignment. Figure 3.5 (a) and 

(b) show images of the flow near channel outlet captured with laser on and off when 

chlorophylls solutions flow through the channel. Both images use a white LED for 

wide-field illumination; a laser line filter is inserted in the optical track to reject the 

strong laser scattering when taken image (b), which shows the bright track of light 

sheet passing through the flow channel.  

 

Fig. 3.5. Different imaging modes of the auxiliary unit. (a, b) Bright-field images of the flow near the 

channel outlet with laser off (a) and on (b).  

      Using the auxiliary unit, the light sheet beam can be aligned to required position 

and contamination of flow to the light sheet path can be monitored and prevented in 

advance. Moreover, by taking fluorescence images of the chlorophylls solutions, the 

characteristics of light sheet plane can be ascertained (subsection 3.2.1). Replacing 

the video camera with a high-speed camera (1200hs, PCO AG, Kelheim), the 

particles behavior in the channel can be studied as well (subsection 3.3.1).  

(a) 

 
(b) 
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3.2 Instrument calibration 

3.2.1 Light sheet characterization 

Characteristics of the light sheet in air 

To ascertain the characteristics of the light sheet generated and out-of-focus light 

rejection performance of light sheet illumination, a smeared mirror surface is imaged 

by the image detection unit using both light sheet and plain illumination.  

 

Fig. 3.6. Characterization of the light sheet and its sectionning performance. (a, b) Images of the 

smeared mirror surface, obtained by the 10* / 0.25 objective with blue LED wide-field illumination (a) 

and light sheet illumination(b). The large amoumt of out-of-foucs light obviously presents in (a); in 

contrast, light sheet illumination provides sectionning and reduces out-of-focus light in (b). (c) Shows 

measuring optical setup: the light sheet focused onto the 45° tilted mirror surface, which is then 

imaged. (d) Gives the intensity profile of the light sheet along the axial dimension: the FWHM is 3.22 

± 0.11 µm. Scale bars are 100 µm. 

Dark In-focus Dark Out-of-focus In-focus Out-of-focus 

(a) (b) 

(c) (d) 
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      Figure 3.6 (c) gives the optical configuration for the light sheet characterization; 

the light sheet is focused onto the 45° tilted mirror surface and then reflected to the 

image detection unit (the water dipping objective lens is replaced by a 10× / 0.25 

objective lens). Figure 3.6 (a) shows the bright-field image of the smeared mirror 

surface illuminated by a blue LED. It can be seen that thin section in focal plane is 

sharply imaged, but structures below and above the focal plane are heavily blurred. 

In contrast, Fig. 3.6 (b) shows image of the mirror surface illuminated by the light 

sheet; merely section illuminated by the thin light sheet is interrogated, thus light 

sheet illumination efficiently reduces out-of-focus light and provides optical 

sectioning abilities.  

      The intensity profile of the light sheet has a FWHM of 3.22 ± 0.11 µm along the 

axial dimension as presented in Fig. 3.6 (d). Using Eq. 2.10 (subsection 2.3.3), the 

calculated beam diameter at the channel walls is about 18 µm, indicating the 

thickness heterogeneous of the light sheet plane.  

Characteristics of the light sheet in the flow channel 

The light sheet generated in air is under the best operating conditions of the infinity-

corrected dry illumination objective that optimized for working without cover slip. In 

reality, however, the channel walls and water medium deteriorate the light sheet 

quality due to spherical aberrations introduced by the refractive index mismatch. 

      To investigate the characteristics of the light sheet in the flow channel, 

homogenous chlorophylls chemical solution flowing in the flow channel is used as an 

indicator. Figure 3.7 (a) shows a fluorescence image obtained using the auxiliary unit; 

fluorescence signal excited by the light sheet indicates the path of the laser. As 

expected, the light sheet shows asymmetry along the propagation axis due to the 

refractive index mismatch.  

      The light sheet profiles can be determined from the distribution of chlorophyll 
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fluorescence intensity shown in Fig. 3.7 (a); three areas are selected to ascertain the 

uniformity of the light sheet cross the flow channel. Figure 3.7 (b) presents intensity 

profile of the selected area. The FWHM of the intensity profile near front and back 

walls are 13.08 ± 0.61 µm and 16.48 ± 0.66 µm showing asymmetry of the light 

sheet. At the beam waist, the light sheet has the highest intensity; the FWHM is 

11.58 ± 0.34 µm, which is substantially thicker than that measured in air, 3.22 ± 0.11 

µm. There are two sources lead to such difference; one is the unwanted optical 

aberrations introduced that blurs the light sheet, and the other is the out-of-focus light 

blurs the fluorescence image as the auxiliary unit (5× / 0.2, depth-of-field: ~ 30 µm) 

has to take microscopic images of the whole fluorescent channel (axial thickness is 

200 µm). The latter is addressed in subsection 5.2.2. 

 

Fig. 3.7. Characterization of the light sheet plane in the flow channel. (a) Shows the fluorescence 

image of chlorophylls solution with light sheet illumiantion. The colored arrow indicates the selected 

area (20 cloums) for determining the thickness of light sheet in front, center, and back area. (b) Gives 

the corresponded intensity profiles normalized to their maiximum intensity. Scale bar is 25 µm.  

      Comparing characteristics of the light sheet in air and in flow channel, it could be 

seen that the light sheet plane becomes thicker in flow channel as the illumination 

objective used is optimized for working in air without cover slip. However, one 

benefit of such effects is that thickness of the light sheet plane becomes more 

uniformly distributed over the 200 × 200 µm flow channel and hence field of view of 

the image detection unit (3.22 / 18 vs.11.58 / 16.48). 
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      In the 2D fluorescence imaging flow cytometer, the theoretical depth-of-field of 

the image detection unit is ~ 2.1 µm, which is smaller than thickness of the light 

sheet plane generated. Therefore, it could be expected that using the light sheet 

illumination can efficiently reduce the background of fluorescence images, but there 

should be substantial out-of-focus light remained. The residual out-of-focus light is 

further tackled by image deconvolution (Chapter 4). 

3.2.2 Lateral resolution determination  

Using sub-diffraction fluorescent beads (F8807, Life Technologies Limited), the 

lateral PSF of the image detection unit is measured. The volume flow rate for 

measuring PSF is 10 µl/min; it corresponds to a mean velocity of ~ 4.2 mm/s for the 

200 × 200 µm flow channel. Hence, the beads take less than 10 ms to cross the light 

sheet plane. Exposure time of the EMCCD is set to 100 ms per frame such that it 

integrates the fluorescence from the beads during the transit through the light sheet 

plane. Figure 3.8 (a) shows a typical fluorescence image of the sub-diffraction 

fluorescent beads; the beads move faster and hence dimmer in the center as in Fig.3.4 

(a), where chlorella cells flow through the channel. A stack of 50 such images is 

captured and processed to ascertain the lateral PSF.  

      In the 2D fluorescence imaging flow cytometer, images are collected by opening 

the camera and transferring the particles through the light sheet plan and focal plane 

of the image detection unit. Because the camera accumulates all the fluorescence 

from the particles as they passing through the light sheet plane, thickness of the light 

sheet influences the lateral PSF in such intensity integrated imaging system.  

      To evaluate the effect of light sheet’s thickness on the lateral PSF, the field of 

view is divided into 3 areas as shown in Fig. 3.8 (a), where the light sheet has an 

average thickness of 12.8 µm, 11.7 µm, and 15.8 µm, respectively. Approximately 

100 randomly bead images for each area are cropped (51 ×51) and processed to 

generate the lateral PSFs. Processing includes background subtraction and spatially 
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adjusting each cropped image to make the peak intensity located at the same pixel 

position; the intensity of the images is then averaged to produce the lateral 2D PSFs. 

The FWHM of the PSFs are statistically determined from the selected individual 

beads images.  

 

Fig. 3.8. Effects of the thickness of light sheet plane on lateral resoluion. (a) Fluorescence image of 

fluorescent beads at a volume rate of 10 µl/min and exposure time of 100 ms. Blue arrow indicates 

laser propagation direction. The average thickness of light sheet plane in front (50 × 200 µm), center 

(100 × 200 µm) and back (50 × 200 µm) are about 12.8 µm, 11.7 µm, and 15.8 µm. (b) Intensity 

profile of the lateral PSF of the selected area; intensities are normalized to their maximum value.  

      Figure 3.8 (b) presents the normalized intensity profiles of the PSFs. The sharpest 

PSF (FWHM = 0.71 ± 0.05 µm) is in the center, near the beam waist. In the selected 

front and back area, the light sheet plane is thicker; the FWHM of the PSFs slightly 

increase to 0.79 ± 0.05 µm and 0.82 ± 0.06 µm because more out-of-focus photons 

are generated and contributed to the image background. Therefore, it could be 

expected that using thinner light sheet illumination can improve the lateral resolution 

of image detection unit, and has better performance in rejecting out-of-focus light 

and increasing image contrast.  

      The overall lateral PSF of the image detection unit is determined by averaging the 

bead images selected from the whole field of view (all the bead images used above). 

Resulted Airy disk and its intensity profile are shown in Fig. 3.9 (a) and (b). The 

lateral PSF has a FWHM of 0.75 ± 0.06 µm (2.8 pixels); the Airy disk occupies less 
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than 9 pixels; it indicates the lateral motions of the beads crossing the light sheet 

plane, if any, is within diffraction limit of the image detection unit. 

 

Fig. 3.9. Experimentally measured lateral PSF. (a) 2D integrated-intensity PSF of the image detection 

unit, 51×51pixels; (b) Intensity profile of PSF, FWHM is 0.75 ± 0.06 µm. 

3.3 Instrument artifacts evaluation 

3.3.1 Motion artifacts  

In the 2D fluorescence imaging flow cytometer, particles should smoothly and 

perpendicularly flow through the light sheet plane; otherwise, motion artifacts could 

happen in the 2D intensity integrated images. There are 3 major unwanted motions 

that produce image artifacts, including lateral motion (motion perpendicular to the 

flow), rotation, and oblique flow. 

      The FWHM of lateral PSF of the image detection unit covers less than 9 pixels 

(subsection 3.2.2), suggesting the lateral motion cannot lead to image artifacts. To 

determine whether other two motions, oblique flow and rotational motion, present in 

the flow, the particles’ motion near the light sheet plane is observed with a high-

speed camera through the auxiliary unit, which subjects to transmitted illumination 

from a blue LED. A stack of bright-field images (250 × 250 pixels and ~ 2000 frames) 

has been obtained with the high-speed camera when cultured chlorella cells flow 

through the flow channel. Exposure time is set to 20 µs to freeze the fast moving 

particles (mean velocity 42 mm/s); several images are captured for each particle as it 
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passes through the light sheet plane.  

      Figure 3.10(a) shows a typical image obtained. Chlorella cells appear in dark 

spots because the chlorophylls contained strongly absorb the blue illumination light. 

Because depth-of-field of the auxiliary unit is, ~ 30 µm, much smaller than the 

channel size (200 µm in axial dimension), many particles (green arrow) are out-of-

focus; it is hard to determine their positions. For this reason, the particles in focus are 

manually selected and their motions are studied.  

 

Fig. 3.10. Motion artifacts evaluation using high-speed photography. (a) Typical image obtained, in 

foucs (red arrow) and out of foucs (green arrow), light sheet position (blue line). (b, c) Minimum 

intensity projections to investigate oblique flow (b) and rotataion (c). Sample: chlorella, exposure time: 

20 µs, field of view: 250 * 250 pixels, volum flow rate: 0.2 ml/min. Scale bars are 50 µm. 

      Using minimum intensity projection, the sub-stack, about 5 frames, for each 

selected particle is projected into single frame to show its track (Fig. 3.10(b)). 

Approximately 50 particles have been studied, and the minimum intensity positions 

of the selected particles shift within one pixel in their passages. It indicates that 

particles flow in straight lines parallel to the flow channel near the outlet, mainly 

because the flow is laminar in the channel and the outlet is relatively far away from 

the objective lens (working distance is 2.1 mm). Therefore, as long as the flow 

channel is aligned orthogonal to the light sheet plane, particles should 

perpendicularly pass through the light sheet plane, leading to no such motion artifacts.  

      Near inner walls of the flow channel, where has highest shear rate, some particles, 

especially those irregular shaped particles, show slow rotational motions as they 
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moving forward. In Fig. 3.10(c), the selected particle (colony or filament) rotates 

about 80° in its ~ 250 µm passage, but it rotates less than 5° during the transition 

through light sheet plane on the assumption that rotation velocity is invariant. Such 

slow rotations would not lead notable artifacts with small particles; for large particles, 

fortunately, the shear rate gradients tend to driven them into center of the channel, 

where has the lowest shear rate gradients and hence less rotation as can be further 

seen from subsection 3.4.2 and subsection 5.3.1. 

3.3.2 Vignetting artifacts from the channel walls 

Besides motion artifacts, channel walls can also produce image artifacts. Because of 

the refractive index difference between water (~ 1.33, working medium) and fused 

quartz (~ 1.46, channel material), the channel walls tend to deviate the light emitted 

from the particles to undesirable directions, which leads to optical aberrations, 

especially for particles close to the channel walls.  

 

Fig. 3.11. Vignetting artifacts from the channel walls modeled by ray tracing. (a) Ray traces from the 

modeled light sheet plan to the image detection unit; (b) cross-section view of the flow channel, red 

square shows the sample core, and green square shows the area without vignetting from channel walls; 

(c) shows the fraction of unvignetted rays at different distance L (red spots in (b)). 
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      Ray tracing has been used to evaluate such artifact. In the ray tracing model, the 

object plane is located at 30 µm away from the channel outlet; images are collected 

by an infinity-corrected microscope equipped with an objective of NA = 0.75 and 

focal length = 4 mm (model of the 40× / 0.75 water dipping objective); the working 

medium is water and working wavelength is 685 nm.  

      Figure 3.11 (a) shows ray traces emitted from point sources at different locations 

in the object plane. As can be seen, the blue rays emitted from point source at center 

cannot be affected by the channel walls. However, as the point sources moving close 

to the channel walls, part of the rays are vignetted (red rays). Plots of the fraction of 

unvignetted rays for point sources located at different distance to the center (L) are 

shown in Fig. 3.11 (c). For point sources located at the walls, where L equals zero, 

only 52% of the light is unvignetted, but the fraction of unvignetted rays quickly 

increases as the point sources moving away from the walls. For the point sources 

located in the area shown as green square in Fig. 3.11 (b), where L is 80 µm, no 

vignetting is presented.  

      Due to the shear stress gradients in the flow, particles are driven to the center, ~ 

15 µm away from channel walls shown as red square in Fig. 3.11 (b), where merely ~ 

6% of the light is vignetted (i.e. 94 % of the rays are unvignetted). Therefore, 

vignetting from channel walls is insignificant to the 2D fluorescence imaging flow 

cytometer.  

3.4 Test of the 2D fluorescence imaging flow cytometer 

3.4.1 Cultured chlorella measurements 

The performance of the 2D fluorescence imaging flow cytometer has been first tested 

using cultured chlorella samples. The high concentrated samples are diluted to an 

abundance of 4.8 × 105 cells/ml (counted under a bright-field microscope).  
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      For the chlorella tested, the number of particles in an image is proportional to the 

volume flow rate and exposure time. Figure 3.12 shows images obtained under 

different experiment settings. At the same volume flow rate, increasing exposure 

time increases particle density in an image obtained and hence the occurrence of 

particles overlapping (Fig. 3.12 (a) and (b)), and at the same exposure time, the 

particle density in an image increases as the flow becomes fast (Fig. 3.12 (a) and (c)). 

The effective exposure time for each particle is identical to its transition time through 

the light sheet plane, therefore, particles in Fig. 3.12 (c) look dimmer than that in Fig. 

3.12 (a) as they flow several times faster (500 µl/min vs. 150 µl/min ). 

 

Fig. 3.12. Chlorella images obtained at different volume flow rates and exposure times. (a) 150 µl/min 

and 100 ms; (b) 150 µl/min and 500 ms; (c) 500 µl/min and 100 ms. 250 * 250 pixels cropped from 

the field of view; intensities are normalized to the same scale. Scale bars: 10 µm. 

      With volume flow rate of 200 µl/min and exposure time of 100 ms, 50 images are 

continuously obtained and used to determine cell abundance. After background 

subtraction and deconvolution, images are converted into binary images by setting a 

threshold; watershed segmentation is then used to separate touching cells; the spots 

are automatically counted at last (using imageJ). The cell abundance is calculated by: 

f(gg �hi�6j�k( 	  �?4?�>� * l * m (3.5)

in which Ntotal is the total number of cells counted; n is the number of images 

analyzed; t is the exposure time, and V is the volume flow rate. For the 50 images 
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processed, the average number of cells per image counted is 165, and hence the cell 

abundance determined is 4.95 × 105 cells/ml, which is coincident with the cell 

abundance manually counted under a bright-field microscope.  

      Throughput of the 2D fluorescence imaging flow cytometer, in terms of cells per 

second (cells/s), depends on both the frame rate and number of cells that can be 

accommodated within single frame. For our current system, the camera works at 10 

frames per second (fps); one frame can accommodate 150 chlorella cells with small 

occurrences of overlapping, and hence throughput of the instrument is 1500 cells/s. 

However, it is worth to note that the throughput can be boosted up to ~ 100, 000 

cells/s with a high-speed camera that has a speed of 1000 fps. Such high throughput 

presents challenges to conventional imaging flow cytometers.  

3.4.2 Coastal water samples measurements 

Coastal water samples are taken from the site near a pier (Kowloon City Ferry Pier, 

Hong Kong). The raw water samples are first filtered using a 200 µm capillary 

bundle to remove large particles that would otherwise clog the flow channel, and 

then measured within two hours after sampling.  

      For this particular fresh coastal water samples, the exposure time is set to 1 

second at volume flow rate of 1 ml/min such that the camera captures on average 

some tens of particles in a frame with low occurrences of overlapping.  

      Figure 3.13 (a) shows an image obtained, containing both large and small species. 

Due to the unique flow configuration used, no motion artifacts are detected in the 

image for the fast moving particles (mean velocity: 0.42 m/s). The large particle in 

the center is likely to be a dinoflagellate, Ceratiumfurca, which is a frequent visitor 

in the Hong Kong coasts. It could be seen that the internal structures are clearly 

visible and detailed enough for possible visual particle identification. The brightness 
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in the small green square area is adjusted to show the occurrence of small 

picophytoplankton with a size under the diffraction limit. 

      As the instrument developed is free from motion blur, the maximum volume 

flow rate is mainly limited by the sensitivity of the camera. In this work, the volume 

rate is set to 1 ml/min so that the instrument developed is able to sense small 

picophytoplankton. However, if only large phytoplankton species were targeted, the 

volume rate could be further increased. 

 

Fig. 3.13. Images obtained from natural coastal water samples. (a) Single frame, (b) maximum 

intensity projection of a stack of 60 deconvoluted images. Experimental conditions: volume flow rate 

is 1 ml/min; exposure time is 1 s. The airy disk in green square indicates a small picophytoplankton. 

Scale bars: 20 µm. 

      The 2D florescence imaging flow cytometer developed can screen a large volume 

of coastal water samples in a short time and can cover broad range of sizes from 

small picophytoplankton to large diatoms and dinoflagellates. The cell abundance, 

therefore, could be determined with much higher confidence than those done by 

bright-field microscopy, which has difficulties in observing small picophytoplankton.  

      Figure 3.13 (b) presents the combined projection of a stack of 60 post-processed 

images representing total particles in 1 ml of the sample. As expected, small cells 

dominate the abundance with only a few large cells present. Because of the shear rate 
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gradients, particles, especially those large ones, are driven to the center, where has 

the lowest shear rate gradients. Such effects minimize the rotational motion artifacts.  

      The cell abundance measured is ~ 4700 cells/ml, which is considerably denser 

than the abundance determined by conventional microscope counting technique 

(Data from Hong Kong marine water quality report: 1500 ~ 4500 cells/ml).19  

      Furthermore, the morphological information of the images of larger cells 

obtained with the 2D fluorescence imaging flow cytometer has high potential for 

taxonomic identification. Figure 3.14 gives a small collection of images of larger 

phytoplankton showing different shapes, sizes, and structures captured from Hong 

Kong coastal waters. For small particles, the images cannot be used to determine 

species. However, for particles with sizes larger than, say, 5 microns, the detailed 

morphological information captured may be used to identify some unique species 

such as those of large diatoms and dinoflagellates. 

 

Fig. 3. 14. Imagery of phytoplankton with different morphologies from natural coastal water samples. 
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3.5 Benefits of the 2D fluorescence imaging flow cytometer 

3.5.1 Sensitivity  

The sensitivity of the 2D fluorescence imaging flow cytometer developed is 

improved from suppressing the fluorescence image background and increasing the 

effective exposure time. Because of the thin light sheet illumination used, structures 

above and below the light sheet plane are not excited, which suppresses the image 

background. Therefore, the signal to noise ratio is increased and hence the sensitivity 

is improved. 

      In comparison with those imaging flow cytometers using pulsed light sources or 

high-speed cameras to freeze the moving particles,101 in which the exposure time is 

limited by the motion blur artifact, the instrument developed improves the sensitivity 

by relatively increasing the exposure time as well.  

      To prevent noticeable motion blur artifacts, the position shift of the particle 

during the exposure should be within the half of the diffraction limit. In the case that 

the spatial resolution is 1 µm and flow velocity is 1m/s, the maximum exposure time 

is 0.5 µs for the conventional imaging flow cytometers. Moreover, at the same flow 

velocity, increasing the spatial resolution needs to further reduce the exposure time. 

For example, if spatial resolution of 0.5 µm is required at the same velocity, the 

exposure time decreases to 0.25 µs accordingly. 

      In the 2D fluorescence imaging flow cytometer developed, images are captured 

free from motion blur artifacts, and the effective exposure time is the transition time 

for particles crossing the light sheet plane. It depends on the thickness of light sheet 

plane and flow velocity. For a particle flowing through a 5 µm thick light sheet plane 

at 1 m/s, the effective exposure time is 5 µs, which is 10 times longer than that in 

conventional imaging flow cytometers. Furthermore, the effective exposure time is 

independent of the spatial resolution.  
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3.5.2 Throughput and spatial resolution 

Throughput of an imaging flow cytometer defines its maximum volume flow rate, 

depending on both the flow velocity and sample stream size.  

      In conventional imaging flow cytometers, increasing the flow velocity needs to 

increase both camera’s sensitivity and speed. This is a challenge because of the 

tradeoff between camera’s sensitivity and speed. But in the 2D fluorescence imaging 

flow cytometer developed, the maximum flow velocity mainly depends on camera’s 

sensitivity. With a high sensitive EMCCD, therefore, the throughput can be increased. 

      Using a large sample stream can increase the throughput as well, but suffers from 

the shallow depth-of-field issue. Ideally, the particles should be confined within the 

depth-of-field of the imaging optics, but shrinking the sample stream size decreases 

the throughput. Moreover, it is difficult to focus sample stream into a size close to the 

depth-of-field, especially when high resolution is needed. It becomes more challenge 

for samples with a broad size ranges, such as phytoplankton in coastal waters.  

      In conventional imaging flow cytometer, such as the Imaging FlowCytobot,58 a 

flat sample stream is frequently used to address the shallow depth-of-field limitation; 

a lower magnification objective (10× / 0.2) is used to cover the large sample stream 

(~ 33 µm in depth). However, even with such compromise in spatial resolution, it 

still cannot handle the thin sample stream, and some particles are out of focus.  

      In the 2D fluorescence imaging flow cytometer developed, the shallow depth-of -

field issue is circumvented using light sheet illumination. This makes sample stream 

size mainly determined by the size of homogenous area in light sheet plane. For the 

200 × 200 µm sample stream used, all-in-focus images are captured at throughput of 

1 ml/min. The high throughput is obtained without compromising spatial resolution 

as the 40× / 0.75 water dipping lens is used. Furthermore, no missing and out-of-

focus events present in the system for a wide size range ~ 1 µm to ~ 200 µm.  
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3.5.3 Benefits in sampling natural colonial and filamentous species 

Colonial and filamentous species are common in natural coastal waters. Because of 

the weak binding forces in the filaments, external forces, such as shear forces in the 

flow channel, can easily break these chains. Damage to these species should be 

avoided to facilitate their identification and to prevent the production of debris. 

 

Fig. 3. 15. Colonial and filamentous species sampled from natural coastal waters. (a) Single frame; (b) 

image collections. Scale bar: 20 um. 

      In conventional flow cytometers, because the sample is hydrodynamically 

focused into a small core and flows at a high speed (several meters per second) to 

reach a high throughput, the strong acceleration forces at the funnel tend to break 

such filaments.45,46 Furthermore, taking images orthogonal to the flow direction with 

the field of view illuminated by triggered intense light pulses, as in other imaging 

flow cytometers, such long filamentous present challenges to their detection systems, 

because part of the chains can extend out of the field of view without being imaged 

during the short exposure time.58  

(b) (a) 
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      However, in the 2D fluorescence imaging flow cytometer developed, the 

breakage of those long filaments is limited due to the lower shear forces resulting 

from the large flow channel and moderate flow velocity used. Moreover, as long as 

the long filaments passed through the flow channel, all cells in the filaments should 

be within the field of view and can be imaged because of the special flow 

configuration used. Therefore, colonies and long chains are frequently observed (Fig. 

3.15). Such abilities make the instrument developed an appropriate tool to analysis 

colonial and filamentous species.  

3.6 Summary 

In this chapter, we have constructed, calibrated, and tested a fast 2D fluorescence 

imaging flow cytometer for taking chlorophyll fluorescence images of phytoplankton 

from untreated coastal waters.  

      The instrument developed is free from out-of-focus blurs and motion blurs that 

intrinsically constraint conventional imaging flow cytometry. This is achieved by 

using a unique flow configuration and thin laser light sheet illumination.  

      The instrument developed measures coastal water samples at a volume rate up to 

1 ml/min (4 times the speed achieved by the Imaging FlowCytobot) 58 with a lateral 

resolution of 0.75 ± 0.06 µm and covers a broad range of sizes from ~ 1 to ~ 200 µm. 

Images taken from the costal water samples shown detailed morphological 

information of different phytoplankton species which could serve as a signature for 

species classification.  
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Chapter 4 Further improves contrast of the 2D intensity integrated 

images by deconvolution 

In this work, image deconvolution is used to restore the residual out-of-focus light 

presented in the intensity integrated 2D images obtained from the 2D fluorescence 

imaging flow cytometer (Chapter 3).  

      This chapter first describes the fundamental principle of image formation and 

noise degradation in the 2D fluorescence imaging flow cytometer. Then, two classic 

deconvolution algorithms, total variation regularized Richardson-Lucy algorithm 

(RLTV) and iterative constrained Tikhonov-Miller algorithm (ICTM), are introduced, 

and their characteristics are investigated by restoring the degraded synthetic objects. 

Their abilities in improving the lateral resolution is ascertained as well by restoring 

the measured intensity integrated 2D PSF. At last, both algorithms are used to restore 

the residual out-of-focus light in the raw 2D integrated images captured, and their 

performance is compared.  

4.1 Image formation and noise degradation in the 2D imaging flow cytometer 

4.1.1 Image formation model of the 2D imaging flow cytometer 

As mentioned in subsection 2.3.1, the general relationship between the object and 

image in a microscope can be expressed as a 3D convolution: 

+,-� , /�, 0�1 	23,-4 , /4 , 0415,-�, /�, 0�, -4 , /4 , 0416-4 6/4604 (4.1)

in which 3,-4 , /4 , 041 represents the 3D object, +,-�, /�, 0�1 is the resulted 3D image, 

and 5,-�, /�, 0� , -4 , /4 , 041 is the PSF of the microscope. The PSF gives the response 

(intensity and phase) of the microscope in the image space (-� , /�, 0�) for a point 

source located at the object space (-4 , /4 , 04).  

      In the 2D fluorescence imaging flow cytometer (Chapter 3), as the exposure time 
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of the camera is much longer than the transition time for the 3D objects to cross the 

light sheet plane, the 2D images captured integrate, along the axial dimension (flow 

direction), all of the optical sections for the 3D objects screened. From Eq. (4.1), the 

intensity integrated 2D images then can be written as: 

         +�!?,-�, /�1 	 n +,-�, /� , 0�160� 

                        	 n60�n3,-4 , /4 , 0415,-�, /�, 0�, -4 , /4 , 0416-46/4 604 (4.2)

where +�!?,-� , /�1 is the pixel value at point ,-�, /�1 in the image space for the 3D 

object 3,-4 , /4 , 041 . In practical, the integrals along the axial dimension can be 

considered from negative to positive infinity and hence Eq. (4.2) then can be 

rewritten as:  

         +�!?,-�, /�1 	 o 6-46/4
pq
rq

n 3,-4 , /4 , 041
pq
rq

 604 

                               * n 5,-�, /�, 0� , -4 , /4 , 041
pq
rq

 60� (4.3)

The last intergral in Eq. (4.3), can be defined as the intensity integrated 2D PSF: 

5�!?,-�, /� , -4 , /41 	 n 5,-�, /�, 0�, -4 , /4 , 041
pq
rq

 60� (4.4)

The 5�!?,-�, /� , -4 , /41, measured 2D PSF in subsection 3.2.2, is independent of the 

axial coordinate. The middle integral in Eq. (4.3) can be expressed as: 

3�W�,-4, /41 	 n 3,-4 , /4 , 041
pq
rq

 604 (4.5)

The 3�W�,-4, /41 can be viewed as the perfect 2D projection of the 3D 
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object 3,-4 , /4 , 041, in which all structures are in focus. Submitting Eq. (4.4) and 

(4.5) into Eq. (4.3), the expression for the intensity integrated 2D images becomes as: 

+�!?,-�, /�1 	 o 3�W�,-4 , /415�!?,-�, /�, -4 , /416-46/4
pq
rq

 (4.6)

Assuming linearity and space-invariant in the image formation, the integrated 2D 

images are blurred by the standard convolution process of the perfect 2D projection 

3�W�,-4 , /41 and intensity integrated 2D PSF 5�!?,-� , /�, -4 , /41: 

+�!?,-�, /�1 	 3�W�,-4, /41 7 5�!?,-�, /�, -4 , /41 (4.7)

in which ⨂ indicates convolution operation. Therefore, with the knowledge 

of  5�!?,-�, /� , -4 , /41, the blurred intensity integrated 2D images obtained can be 

restored to improve image fidelity. 

4.1.2 Noise degradation in the 2D imaging flow cytometer 

Besides the convolution process, in reality, noise arose from the signal (photon noise) 

and camera (dark and readout noise) further degrades the images.113  

      The signal itself is known to be the dominating source of noise in fluorescence 

microscopy. Deriving from the particle nature of light, the photons impinged on the 

camera follow Poisson distribution. Thus, the photons probably detected (n) for an 

average number of photons emitted (N) in a set exposure time are determined by the 

probability function: 

8! 	 8,- 	 �1 	 (rt�
!
�! , � 	 0,1,2,3… (4.8)

The photon noise, namely the standard deviation of the Poisson distribution is √�. 

For a photon noise dominated signal, increasing the signal increase the noise, but the 

overall signal to noise ratio (� √�⁄ ) increases.  
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      The camera also has electronic noise, mainly including dark and readout noise. 

With a high sensitive scientific grade camera, the dark noise can be suppressed by 

deeply cooling the camera chip (down to -55 ºC for the EMCCD used); and the 

readout noise is decreased by fine designing the electronics. Unlike photon noise, 

which is Poisson in nature, electronic noise usually follows Gaussian statistics and is 

negligible when photon noise is predominant in the signal.   

      A raw image (Fig. 4.1 (a)), captured under normal operating conditions, is used to 

evaluate the noise presented in the 2D fluorescence imaging flow cytometer. The 

green square area where no phytoplankton presented shows the background and 

electronic noise. Figure 4.1 (b) plots the intensity histogram of the area in green 

square. It has a mean value of 1471 showing the image background, and has a 

standard deviation of 4.73 indicating the electronic noise. The black curve is the 

Gaussian fit of the raw data (R = 0.9997). It suggests that the electronic noise is 

Gaussian in nature.  

 

Fig. 4.1 Nosie evaluation from raw image. (a) Shows a raw image obtained from the 2D imaging flow 

cytometer using normal expriemental settings. The big green square area is used to determine the 

electric noise, and the small red square area is used to evaluate the photon noise; (b) gives the intenisy 

histogram in the green square area. Black curve is the Gaussian fit of the raw data (R=0.9997). 

      In Fig. 4.1 (a), the small red square area selected on a large cell is used to show 

the signal intensity level of the image. The mean intensity value is 1926. Given a 

(b) 

 
(a) 
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background of 1471, the average signal intensity is 455, and hence the calculated 

photon noise is about 20, which is much larger than the electronic noise. The 

dominant noise in the image therefore is expected to be the photon noise.  

4.2 Deconvolution algorithms and frame work 

4.2.1 Description of the deconvolution algorithms tested  

Two widely used deconvolution algorithms, RLTV and ICTM, based on the Poisson 

noise and Gaussian noise models, are tested and compared.  

Total variation regularized Richardson-Lucy algorithm (RLTV) 

When the Poisson noise is predominant in the fluorescence image, the image 

formation mode of a fluorescence microscope can be expressed as: 

+ 	 w,3⨂51 (4.9)

where w  represents the Poisson noise deriving from signals; I, O, and h are the 

degraded images, objects, and PSF of the microscope. Under the Poisson noise model, 

RL algorithm uses expectation-minimization method, iteratively to find the 

maximum likelihood estimation of the object from the degraded image.117 The RL 

algorithm seeks to rebuild the object using: 

3xpy 	 I +
3x⨂5⨂5zJ3x (4.10)

where 5z,-, /1 	 5,`-, `/1, 3x is the estimate at kth iteration.  

      One property of RL algorithm is non-negativity, suggesting the further estimate 

would be non-negative if the first estimate is non-negative. The main drawback of 

RL algorithm is noise amplification after several iterations. It makes the algorithm 

converging to an estimation dominated by the noise. To suppress noise amplification, 

regularization parameters can be introduced into the RL algorithm. Total variation is 
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a well-known regularization parameter incorporating into the RL algorithm to restore 

noisy images.145, 146 The scheme of the resulted Richardson-Lucy algorithm with total 

variation regularization (RLTV) is given by:  

3xpy 	 I +
3x⨂5⨂5zJ3x *

1
1 ` ���6{Y a |}~||}~|b

 (4.10)

where div represents divergence operation, ��� is the total variation regularization, 

�3x is the gradient of image 3x. 

      To make RLTV algorithm convergence to a suitable solution, an appropriate ��� 

should be selected. If the ��� is too small (< 10-6), RLTV is similar to RL algorithm 

without regularization and noise is amplified. On the other hand, if the ��� is too 

large (~ 1), RLTV converges to a solution dominated by the regularization term.147  

Iterative constrained Tikhonov-Miller algorithm (ICTM) 

Unlike the RLTV algorithm, ICTM algorithm considers the Gaussian noise mode, in 

which image formation can be written as: 

+ 	 3⨂5  � (4.11)

where n is the Gaussian noise. Under the assumption that the image degradation is 

originated from the additive Gaussian noise, the non-iterative TM algorithm attempts 

to minimize the function Φ,31  in equation Eq. (4.12) to restore the degraded 

images.117  

Φ,31 	 �3⨂5 ` +�#  ������3�# (4.12)

In Eq. (4.12), ��� is the regularization parameter, and �� indicates a linear operation 

on O. Like other linear methods such as Wiener filtering, the non-iterative TM 

algorithm is computationally efficient and useful for quick restoration, but it can lead 
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negative intensity in the reconstructed images. Furthermore, errors in PSF used can 

generate ringing artifacts in the estimated images.  

      To address these limitations, the ICTM algorithm iteratively searches the 

minimum of Φ,31; a conjugate gradient optimization method is used to guide the 

iterative operation. Meanwhile, the negative intensity is set to zero to preserve the 

non-negativity constraint after each iteration.117, 148 The scheme of the algorithm is 

given by: 

3xpy 	 3x  ��x (4.13)

�x 	 6x  �6x�#�6xry�# * �xry (4.14)

where α is the step size, �x gives the conjugate gradient direction at 
th iteration, and 

6x indicates the steepest descent direction and is defined as half of the negative 

gradient of Φ,31.  
4.2.2 Basics steps for deconvolution with synthetic objects 

To ascertain the performance of deconvolution on an image, ideally, the restored 

image should be compared with a perfect image of the object directly. In reality, 

however, this is impossible as such perfect images are never available. For this 

reason, characteristics of the RLTV and ICTM algorithms have been tested using 

synthetic objects. Figure 4.2 shows the basic steps of the test. 

      Step one: create the objects. A synthetic image with different shaped objects that 

show different structures is created. The binary and sinusoidal amplitude grating at 

the top left and bottom right are used to test the performance of the algorithms in 

restoring edges and textures. The bright and dim circle spot at the top right and 

bottom left are used to study the influence of SNR on the deconvolution.  

      Step two: generate the degraded images. The synthetic objects are convoluted 
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with the measured PSF; resulted images are further degraded by introducing Poisson 

noise. Then the typical noise background in the 2D images obtained by the 2D 

fluorescence imaging flow cytometer is added. This step simulates the practical 

image formation process.  

      Step three: implement the deconvolution. Using the measured PSF, the degraded 

images are deconvoluted to restore fidelity; RLTV and ICTM algorithms are tested; 

      Step four: estimate the performance of deconvolution. The final restored images 

are compared with the original object to quantify the improvement. Because the 

original object is exactly known, it is easy to use different criteria to compare the 

restored images with original objects.  

All process was carried out using the software DeconvolutionLab, ImageJ plugin.  

 

4.2 Basic steps for testing the RLTV and ICTM algorithms. 

4.2.3 Evaluation criteria 

To evaluate the performance of the selected deconvolution algorithm in restoring 

simulated data, two sets of criteria are used.  

(1) Signal-to-error ratio (SER) and signal-to-error ratio gain (SERG) 
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The SER presents the similarity between the synthetic object (O) and estimated 

image at kth iteration (Ok), and is defined as:149 

9�V ,3x1 	 10g��yE ∑ 3�,�#�,�∑ ,3�,� ` 3x�,�1#�,�  (4.15)

where (i, j) are pixels coordinates. Then for estimation Ok, the SERG is calculated as: 

9�V�,3x1 	 9�V,3x1 ` 9�V,+1 (4.16)

where I denotes original degraded images. To quantify the simulated data, the SER 

and SERG can be determined by directly comparing the estimated image with the 

original synthetic object. For real data, however, it becomes problematic because the 

original objects before degradation are unknown. Therefore, a modified contrast 

serves as a criterion in restoring real data (subsection 4.4.2).  

(2) Local signal-to-noise ratio (SNR) 

The local signal to noise ratio is defined as: 

9�V 	 + � �⁄  (4.17)

where + �  is the mean intensity and �  is the intensity standard deviation of the 

interested area. 

4.3 Deconvolution with synthetic object 

4.3.1 Effects of the regularization parameters and iterations 

Both RLTV and ICTM algorithms can converge to a good solution with suitable 

preset regularization parameters (��� and ���), but their strategies are different. The 

RLTV algorithm tends to smooth the image content and round the corners while 

preserves edges; the ICTM algorithm attempts to suppress the noise amplification by 

smoothing, which tends to blur edges. 
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      To evaluate the effect of regularization parameters on the performance of the two 

algorithms, the maximum SERG ( 9�V� �^ ) converged for the selected 

regularization parameters (0 ~ 0.1) are investigated.  

      In Fig. 4.3 (a), the full-triangle lines plot 9�V� �^ against ��� (black) and ��� 

(red). The maximum9�V� �^  in ICTM algorithm is 7.08 (��� 	 0.004 ); it is 

slightly less than that in RLTV algorithm, 7.52 (��� 	 0.012). 

      For the RLTV algorithm, as ��� increases, the 9�V� �^  quickly increases and 

peaks at ~ 0.012, and then quickly drops. It suggests that the solution is dominated by 

noise at small ���  , and increasing ���  suppresses noise and ameliorates restored 

image. As ���  continues to increase, however, the converged solution becomes 

dominated by the regularization term, leading spurious intensity oscillations in 

restored images that decreases the  9�V� �^ . In contrast, the 9�V� �^  in ICTM 

algorithm is much less sensitive to the regularization parameter ���.  

  

Fig. 4.3. Performance of RLTV and ICTM algorithms on simulated data. (a) Full-triangle lines plot 

9�V� �^  against ���  and ��� ; full-circle lines plot iterations against ���  and ��� ; RLTV (black), 

ICTM (red); (b) SNR gain vs. iterations for weak (full-circle line) and strong (full-triangle line) 

signals using RLTV (red) and ICTM (black) algorithms with the optimized regularization parameters.  

      The full-circle lines in Fig. 4.3 (a) plot total iterations needed for the RLTV and 

ICTM algorithms converging to the 9�V� �^ against ��� (black) and ��� (red). For 

(b) 
 

(a) 
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RLTV algorithm, it shows similar behavior as that in 9�V� �^versus ���, and the 

total iterations required for the maximum 9�V� �^ are 476.  

      For the ICTM algorithm, iterations needed for 9�V� �^ is almost a constant at 

small ��� (< 0.015) where 9�V� �^ is high, then slightly increases as ��� increases. 

At maximum 9�V� �^, the total iterations needed are 34. As can be clearly seen, the 

ICTM algorithm is much more computationally efficient than RLTV algorithm.  

4.3.2 Noise suppression in deconvolution 

The noise behavior in RLTV and ICTM algorithms on two different signal levels has 

been investigated as well. In Fig. 4.4 (a), intensities of the bright and dim spot are 

500 and 200 representing strong and weak signals; the SNR in the blue circle area are 

calculated. Figure 4.3 (b) plots SNR gain (ratio of the SNR of restored images to 

SNR of original degraded images) against the iterations at the optimum 

regularization parameters ( ��� 	 0.012 ;  ��� 	 0.004 ) for RLTV and ICTM 

algorithms.  

      For the RLTV algorithm, at the first ~ 20th steps, the SNR gain have 

monotonically increased to its maximum then slightly decrease as iterations increase 

for both signals, but the SNR gains still larger than one at 476th step (data not 

shown). The maximum SNR gains are 2.1 for the strong signal (red full-circle line) 

and 3.0 for the weak signal (red full-triangle line). The SNR gain for the weak signal 

is ~ 1.43 times better than that for the strong signal, indicating the RLTV algorithm is 

more robust for low-level signals.  

      For the ICTM algorithm, the maximum SNR gains are 1.43 for the strong signal 

(black full-triangle line) and 1.49 for the weak signal (black full-circle line). The 

SNR gains have the same behavior for both signals. They reach their maximums after 

a few steps, and then gradually decrease to smaller than one. It suggests the noise is 

amplified after a few iterations (~ 20).  
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      It can be seen that the RLTV algorithm is superior to ICTM algorithm in 

reducing noise. One possible reason is that the RLTV algorithm is based on the 

statistical Poisson mode, which makes it better for suppressing photon noise 

dominated images like the degraded images used. 143, 149 

4.3.3 Deconvolution with sharp edges and textures 

The synthetic object, original degraded image, and restored images with maximum 

SERG using RLTV and ICTM algorithms are shown in Fig. 4.4 (a) ~ (d). The SER of 

restored images using RLTV and ICTM is 13.79 and 14.23, more than two times 

better in comparison with that of the degraded image, 6.71.  

 

Fig. 4.4 Deconvolution of the synthetic object. (a) Synthetic object; (b) original degraded image; (c) 

restored image by the RLTV algorithm with ��� 	 0.012 and 476 iterations (SERG is 7.52); (d) 

restored image by the ICTM algorithm with ��� 	 0.004 and 34 iterations (SERG is 7.08).  

      To evaluate the performance of the RLTV and ICTM algorithms in restoring 

edge signals, intensity profiles along the edge of the simulated binary grating (green 

line in Fig. 4.4 (a)), are plotted and compared for the object and restored images as 

shown in Fig. 4.5 (a). In general, the edge restored by the RLTV algorithm is sharper 

and more similar to the object than that recovered by ICTM algorithm, as the latter 

tends to smooth the edges and produces smoother results. However, it should be 

noted that small intensity oscillations present in the RLTV algorithm restored images.  

      On the other hand, to evaluate the performance of both algorithms in restoring 

intensity gradually changed signals, such as textures, intensity profiles along the 

sinusoidal amplitude grating (red line in Fig. 4.4 (a)), for the object and restored 

(b) 

 
(c) 

 
(d) 

 
(a) 
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images are plotted and compared as shown in Fig. 4.5 (b). In the ICTM algorithm 

restored image, the intensity profile (blue curve) is coincidence with that in the object. 

In contrast, in the RLTV algorithm restored image, the intensity gradually changed 

signal present step changes (red curve). Such stair-casing derives from that the RLTV 

algorithm preserves sharp edges by smoothing homogenous areas.147,150 This can lead 

to image artifacts for signals that present small intensity variations, such as textures.  

  

Fig. 4.5. Comparisons of RLTV and ICTM algorithms in restoring edges and textures. (a, b) Intensity 

profiles for the object and restored images along the short green line in Fig. 4.4 on the binary grating 

(a) and along the short red line in Fig. 4.4 on the sinusoidal amplitude grating (b). 

4.4 Deconvolution with real data 

4.4.1 Improving the lateral resolution using deconvolution 

In the 2D fluorescence imaging flow cytometer, because the thickness of the 

illumination light sheet is substantially larger than the depth-of-field, it could be 

expected that the out-of-focus light would increase the image background. This 

limitation can be clearly seen from Fig. 4.6, in which the simulated conventional 2D 

PSF (for infinity thin specimen in focus) and intensity integrated 2D PSF are 

compared. 

      Because of the out-of-focus light integrated, the background in the intensity 

integrated 2D PSF is brighter than that in conventional 2D PSF image. It can be 

noted from the gray area in intensity profiles as well. The out-of-focus light slightly 

decreases the lateral resolution of the microscope (0.49 µm vs. 0.51 µm).  

(b) 
 

(a) 
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Fig. 4.6. Simulations of the lateral PSF of the 2D imaging flow cytometer. 2D PSF in black line has a 

FWHM of 0.49 µm (for infinity thin specimen); 2D integrated PSF in red line has a FWHM of 0.51 

µm (signals integrate between 3 µm above and below the focal plane). Simulations were done on a 

PSF generator (imageJ plugin). Parameter: NA is 0.75; immersion medium is water, working 

wavelength is 685 nm, lateral sampling resolution is 50 nm; axial sampling resolution is 20 nm; 

sampling sizes are 125 × 125 × 271 for X, Y, and Z respectively. The 2D integrated PSF is generated 

by a sum projection of the 2D PSF stack (271 slices).  

      To evaluate the performance of deconvolution in suppressing background and 

improving lateral resolution, the peak intensity and FWHM (in pixels) of the restored 

2D PSF using RLTV and ICTM algorithms at different regularization parameters are 

determined and compared with that in the original 2D PSF measured (Tab. 4.1).  

      For the RLTV algorithm, the peak intensities in restored PSFs are more than 20 

times than that in the raw PSF at small ��� (< 0.001), and decreases as ��� increases. 

The RLTV algorithm improves the lateral resolution (FWHM is 2× narrower) at 

small ��� (< 0.001), and begins to loss the resolution when large ��� (> 0.01) is used.  

      Using ICTM algorithm also increases the peak intensities in restored PSFs, even 

though it is less efficient than the RLTV algorithm, and slightly improves the 
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resolution at small ��� (< 0.0001), but large ��� decreases resolution. At large ���, 

however, resolution decreases.    

RLTV algorithm (200 iterations) 

���,  ��� 0 0.0001 0.001 0.005 0.008 0.01 Original 

FWHM 1.15 1.16 1.19 1.53 2.42 3.00 2.77 

Peak 36275 35941 32905 20223 12789 9056 1492 

ICTM algorithm (200 iterations) 

FWHM 2.55 2.60 2.90 3.47 3.70 3.82 2.77 

Peak 11419 10892 8397 5633 4919 4630 1492 

Tab. 4.1. Peak intensity and FWHM of the restored 2D PSF at different ��� and ���. 

      Figure 4.7 presents the raw and restored 2D integrated PSFs using RLTV and 

ICTM algorithms ( ��� 	 ��� 	 0 ; 200 iterations). It can be seen that both 

algorithms can suppress the background, and the RLTV algorithm presents a better 

performance than ICTM algorithm using peak intensity and FWHM of the restored 

PSFs as figures of merit.  

 

Fig. 4.7. Improvements of lateral resolution by deconvolution. (a) Raw PSF, (b) RLTV algorithm 

restored PSF, (c) ICTM algorithm restored PSF. ��� 	 ��� 	 0; 200 iterations, 17 * 17 pixels. 

      In reality, however, the better performance of RLTV algorithm need to be further 

verified. Because the FWHM of simulated intensity integrated 2D PSF of the 2D 

fluorescence imaging flow cytometer is 0.51 µm (best resolution can be achieved), 

corresponding to 24.48 µm in the image plane (magnification: 48×) and ~ 1.9 pixels 

on the camera, the FWHM of the restored PSFs should be more than 1.9 pixels. 

(a) 
 

(b) 
 

(c) 
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Using RLTV algorithm with small regularization parameters (< 0.005), however, the 

FWHM of the restored PSF is less than 1.9 pixels. It suggests artifacts might be 

presented in the restored images.  

4.4.2 Deconvolution with raw images from the 2D imaging flow cytometer 

After background subtraction, the raw fluorescence images obtained from the 2D 

fluorescence imaging flow cytometer are restored using the RLTV and ICTM 

algorithms. Figure 4.8 shows results of deconvolution on an image (cropped from the 

raw data) containing a large phytoplankton cell. Noticeable blurs present in the raw 

image (Fig. 4.8(a)) because of the residual out-of-focus light integrated. The white 

curves at the bottom of the raw and restored images are intensity profiles along the 

selected green horizontal lines (not drawn in restored images), with intensity 

normalized to their maximum value.  

      In the 2D fluorescence imaging flow cytometer, because most of the out-of-focus 

light is enormously rejected using light sheet illumination, both algorithms used 

show a remarkable performance in improving contrast and restoring the residual out-

of-focus light from the high quality images obtained. Figure 4.8 (b) and (d) present 

restored images using RLTV and ICTM algorithms at 100 iterations when ��� and 

��� equal zero. As can be seen, blurs in the raw image are suppressed. Comparing 

intensity profiles along the selected lines between the raw and restored images, it 

could be seen that deconvolution increases the signal intensity as the out-of-focus 

light is reassigned to its focus location.  

      As no regularization is used, both algorithms present noise amplification during 

further iterations, which can be seen from Fig. 4.8 (c) and (e), restored images after 

500 iterations. In reality, small regularization parameters can be used to preclude 

such noise amplification.  

      When the regularization parameter is large, however, both algorithms lead to 

image artifacts. In Fig. 4.8 (f), the restored image using ICTM algorithm (��� 	 0.1) 
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is blurred. Moreover, comparing intensity profiles with that in Fig. 4.8 (d), some 

texture information is lost, indicating over smoothing of the image content when 

large ��� is used. In Fig. 4.8 (g), the restored image using RLTV algorithm (��� 	
0.005) shows strong staircase artifacts, and the texture content is flattened out.  

 

Fig. 4.8. Comparisons between restored images by RLTV and ICTM algorithms using different 

regularization parameters and iterations. White curves at the bottom of the images are intensity 

profiles along the green line selected in (a).  

      To quantitatively determine the contrast improvement using deconvolution, the 

contrast is used as a figure of merit and is defined by the Michelson formula: 

(d) ICTM: ��� 	 0; 
100 iterations 

(e) ICTM: ��� 	 0; 
500 iterations 

(f) ICTM: ��� 	 0.1; 
100 iterations 

(g) RLTV: ��� 	 0.005; 
100 iterations 

(b) RLTV: ��� 	 0; 
100 iterations 

(c) RLTV: ��� 	 0; 
500 iterations 

(a) Raw image 
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f��m�j�m 	 + �^ ` + �!+ �^  + �! (4.18)

in which + �^ and + �! are the highest and lowest intensity in images. The Michelson 

definition is commonly used for images with simple periodic patterns (gratings) 

where bright and dark features have similar size. However, as the contrast calculated 

is only governed by the extreme darkness or brightness pixels, it is not appropriate 

for real complex images.151 For example, when a super bright pixel is added to a dim 

and low contrast image, the Michelson contrast becomes dramatically high but the 

perceived contrast is still low. To circumvent this problem, in this work, + �^  is 

replaced by the mean intensity of a region of interest with bright features (big red 

circle area in Fig. 4.8(a)); + �!  is replaced by the mean intensity of a region of 

interest where merely presents blurred light (small red oval circle area in Fig. 4.8(a)).  

      During image restoration, the blurred light is reassigned to its correct position; 

+ �! eventually decreases to zero. Meanwhile, as the blurred light is reassigned to its 

destination instead of subtracting from the image, the total intensity is almost an 

invariant, suggesting a constant  + �^ . Therefore, it could be expected that image 

contrast is enhanced and convergences to ~ 1.  

      Figure 4.9 plots the resulted images contrast against iterations at different 

regularization parameters for RLTV and ICTM algorithms. With a selection of small 

��� (< 0.001) and ��� (< 0.01), the contrast can be improved from 0.249 to ~ 1 for 

both algorithms. Moreover, the smaller the regularization parameter is, the better 

contrast can be obtained and less iteration steps are needed. Most of the blurred light 

is restored in the beginning stage (10s steps for ICTM, 100s steps for RLTV); it fast 

improves the image contrast. Further iterations slightly improve the contrast but 

would amplify the noise, which can be observed by visually check the restored 

images (Fig. 4.8 (c) and (e)).  
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      In the 2D fluorescence imaging flow cytometer, as background of the 

fluorescence images are mostly rejected at images capturing stage, images obtained 

have high contrast, which is a good start for further deconvolution. Both the RLTV 

and ICTM algorithms can effectively suppress the residual out-of-focus light with a 

suitable selected regularization parameters and iterations. 

 

Fig. 4.9. Contrast improvement using RLTV (a) and ICTM (b) algorithms at different ��� and ���.        

      In comparison with the RLTV algorithm, ICTM algorithm has a much faster 

convergence speed (50 vs. 400 iterations). The 2D fluorescence imaging flow 

cytometer has a high throughput and has potentials for real-time applications, where 

a fast data acquisition and processing speed is critical; in this aspect, the ICTM 

algorithm can be considered as a better algorithm for its fast convergence speed. 

      Figure 3.14 in subsection 3.4.2 gives a list of restored images of phytoplankton 

using the ICTM algorithm (��� = 0.0001; 15 iterations). The deconvolution process 

for a frame (700 × 700 pixels) takes less than one second (Computer used: Intel Core 

i7 3.6 GHz CPU and 16 GB of RAM). Because of the image deconvolution, the 

residual blurred light is restored and the structures can be clearly observed; the 

resulted high contrast images are suitable for phytoplankton species identification.  

4.5 Summary  

In this chapter, basic principle of the image formation in the 2D fluorescence 

imaging flow cytometer is described; the perfect 2D projection (all structures are in 

(b) (a) 
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focus) of a 3D object can be restored from the out-of-focus light blurred 2D 

integrated images using deconvolution post-processing with knowledge of the 2D 

intensity integrated PSF.  

      Two deconvolution algorithms, RLTV and ICTM, which are widely used in 3D 

fluorescence deconvolution microscopy, have been tested in restoring the degraded 

synthetic objects and real obtained 2D intensity integrated images. Using the known 

PSF, both algorithms could efficiently restore the out-of-focus light, enhance the 

image contrast, and slightly improve the lateral resolution with suitable iterations and 

regularization parameters selected.  

      In restoring the degraded synthetic objects, using SERG as a figure of merit, the 

RLTV algorithm is slightly better than ICTM algorithm in restoring degraded images 

in this work (7.02 vs. 7.52), but is more sensitive to the regularization parameter. 

Nevertheless, the RLTV algorithm presents much slower convergence than the ICTM 

algorithm (476 vs. 34 iterations) and hence requires more computing time.  

      The RLTV algorithm is better in preserving sharp edges by smoothing the image 

content. The resulted staircase effects present challenges in restoring the intensity 

gradually varied signals, such as textures. In contrast, the ICTM algorithm smooth 

edges, but it is better than the RLTV algorithm in restoring textures.  

      Deriving from its Poisson statistical model, the RLTV algorithm is more subtle to 

restore noisy fluorescence images, where Poisson noise is dominated. Nonetheless, 

using the ICTM algorithm, the iteratively statistical processing using suitable 

constraints would suppress the random noise. 

      In restoring the practical 2D integrated images obtained, with a selection of small 

regularization parameters (��� � 0.001 ; ��� � 0.01 ), both algorithms can improve 

the contrast from 0.249 to ~ 1. The restored images show several times improvement 

of image contrast and the highly detailed morphological information of the restored 
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images presents high potential in phytoplankton taxonomy applications.  

      Because the ICTM algorithm has a much faster convergence speed than the 

RLTV algorithm has (50 vs. 400 iterations), the ICTM algorithm is considered to be 

more suitable for the high throughput 2D fluorescence imaging flow cytometer, 

especially when real-time applications are concerned.  
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Chapter 5 A light sheet based 3D fluorescence imaging flow 

cytometer for phytoplankton analysis  

In this work, the 3D imaging mode of the light sheet based fluorescence imaging 

flow cytometer is investigated. The aim of this work is to address the low throughput 

in common 3D imaging approaches, such as confocal microscopy, and to develop a 

high throughput 3D imaging flow cytometer that can be used for fast screening of 

phytoplankton samples.  

      This chapter first describes the modification of the 2D fluorescence imaging flow 

cytometer developed in Chapter 3 into a 3D fluorescence imaging flow cytometer 

and then gives calibration of the laminar flow, light sheet, and spatial resolution. 

After that, unwanted motions in the flow and optical vignetting caused by tube walls 

are investigated by particle tracking and ray tracing. At last, the performance of the 

instrument developed is tested with two cultured samples.  

5.1 Instrument overview  

      Figure 5.1 shows the schematic diagram of the light sheet based 3D fluorescence 

imaging flow cytometer that modified from previous 2D fluorescence imaging flow 

cytometer. The main modifications are made to the flow unit and image detection 

unit; a synchronization unit is further introduced to synchronize images acquisition. 

The illumination and auxiliary unit are unchanged.  

      In the 3D fluorescence imaging flow cytometer, the flow unit uses a flow sheath 

to hydrodynamically focus the particles into the central part of a flow channel to 

achieve uniform laminar flow. When a phytoplankton impinges on the light sheet 

plane, the synchronization unit generates a pulse to trigger a high-speed camera to 

capture the well-focused images of the illuminated sections. As different sections are 

illuminated when phytoplankton cells flow through the light sheet plane, a stack of 

fluorescence images of the phytoplankton cells is obtained. The data is first stored on 
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the camera’s RAM and then is transferred to a host computer for 3D image 

reconstruction, data storage, and further analysis. 

 

Fig. 5.1. Schematic setup of the 3D fluorescence imaging flow cytometer developed. It consists of 5 

units: illumination unit, image detection unit, flow unit, synchronization unit and auxiliary unit. The 

setup includes following parts: laser, video camera, high-speed camera, mirror, iris, spherical singlet 

lens (L1, L2, L3, L4, and L5), C1 (Cylindrical lens), microscope objectives (O1, O2, and O3), band-

pass filters (F1, F2 and F3), BD (beam dump), PD (photodiode), and flow cell (FC).  

5.1.1 Illumination unit 

This unit is identical to that in the previous 2D fluorescence imaging flow cytometer. 

It generates the light sheet illumination with dimension of the thin light sheet plane 

optimized to fit for the sample stream and field of view of the image detection unit. 

5.1.2 Image detection unit 

The image detection unit is an inverted fluorescence microscope similar to that in the 

previous 2D imaging flow cytometer, except that fluorescence images are recorded 

with a less sensitive but much faster frame rate camera (1200 hs, PCO, 1280 × 1024 

pixels, pixel size 12 × 12 µm) instead of the sensitive but slow EMCCD. The high-
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speed camera has a readout speed of 636 fps at full frame resolution; the frame rate 

can be boosted up to 1000 fps with an ROI of 600 × 600 pixels used. 

5.1.3 Auxiliary unit 

This unit is a simple microscope that assists the optical and flow alignment. It is 

identical to that in previous 2D fluorescence imaging flow cytometer.  

5.1.4 Flow unit 

In previous 2D fluorescence imaging flow cytometer, because the axial dimension is 

sacrificed as all axial sections are integrated together to generate all-in-focus 2D 

images, the heterogeneous velocity of the particles in the flow channel is acceptable 

as long as the image detection unit is able to sense the fast moving particles. 

Therefore, in the flow unit, samples are simply pumped through the flow channel 

with a syringe pump. 

      In the 3D fluorescence imaging flow cytometer, however, as particles are 

sectioned in a flow, it is critical for the particles to have a uniform and stable velocity; 

otherwise, the uneven flow velocity makes challenges to interrogate the information 

in axial dimension. Therefore, a subtle and workable flow unit is required. 

 

Fig. 5.2. Schematic diagram of the flow cell.  

      To obtain a uniform and stable sample stream, a flow cell is made with the 

similar principle as that in conventional flow cytometers. The sample is 

hydrodynamically focused into the central part of the flow channel, where particles 
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velocity is uniform and stable because of the lowest shear rate stresses. However, 

unlike flow cells in conventional flow cytometers, in which particles should flow in a 

single file to preclude cross-talk events, the 3D fluorescence imaging flow cytometer 

developed can simultaneously detect multi cells and hence a large sample core is 

possible to benefit the throughput.  

      Figure 5.2 shows the sketch of the flow cell designed and used; it contains 3 

inlets. Samples are injected into the flow cell though the central channel, a ~ 50 mm 

long capillary (diameter: 500 µm). Near the outlet, the capillary is tapered over a 

length of ~ 10 mm to minimize the flow disturbance. The orifice has a diameter of ~ 

150 µm and locates at ~ 15 mm away from the outlet of the main flow channel. With 

such configurations, the sample flow is found to be stable at the detection area. The 

sheath flow is introduced from the side inlet and an extra inlet is used to remove 

bubbles, if any, in the flow cell. The main flow channel is a square tube with a cross-

section of 1 × 1 mm, and the Reynolds number is ~ 1 in the flow channel at a typical 

flow velocity used of 1 mm/s, indicating a laminar flow in the main channel.  

      Both samples and sheath fluids (distilled water) are pumped into the flow cell 

with motorized syringe pumps (NE-300, Pump Systems Inc.), and the syringes are 

connected to the inlets through silicone tubes (diameter: 0.8 mm). The position of the 

flow cell is finely controlled by XYZ translation stages to align with the beam waist 

of the light sheet. The diameter and velocity of the sample stream are controlled by 

tuning the volume flow rate of both the sample and sheath flow.  

5.1.5 Synchronization unit 

The synchronization unit uses a photodiode (10530DAL, IPL) to detect the 

chlorophyll fluorescence that serves as triggers for the high-speed camera. The 

advantage of using this unit is twofold: First, it permits phytoplankton cells 

identification from untreated water samples that containing detritus and other 

inorganic particles. Second, and most importantly, it improves image data collection 
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efficiency because the high-speed camera is paused when no targets flow through the 

light sheet plane. 

      Figure 5.3 (a) shows the general diagram of this unit. Using two singlet lens (L1 

and L2) and a band pass filter, the chlorophyll fluorescence is collected from the side, 

perpendicular to the flow direction, coupled into a multi-mode fiber (diameter: 600 

µm), and detected by the photodiode. When a phytoplankton cell passes through the 

light sheet plane, the photodiode generates a voltage pulse, which is further 

converted into a TTL signal using a voltage comparator if the fluorescence signal 

exceeds the preset threshold level. Then the TTL pulse triggers the high-speed 

camera, which is set to work at high voltage level, to begin images acquisition. The 

exposure time for a frame is software controlled; data is temporarily stored on 

camera’s RAM (2G) during image acquisition and is transferred to the host computer 

once the 2G RAM is fully occupied or camera is stopped.  

 

Fig. 5.3. Schematic diagram of the sychronization unit. (a) Optical and electronic layout, singlet lens 

(L1, L2, focal lenth: ~ 25 mm); (b) timing chart of the trigger and camera control, photodiode (PD).  

      Figure 5.3 (b) shows the trigger timing and camera control waveforms. The axial 

thickness that single frame covered is a product of the particles’ flow velocity and 

exposure time of the single frame. Under a constant flow velocity and light-sheet 

thickness, the transition times of the interrogated particles are determined by their 

sizes along the flow direction, and the number of frames obtained for the particles are 

given by the division between their transition time and the frame exposure time used.  

PD output 

Comparator TTL 

Camera status 

Cell 

Laser sheet 

Single frame 

(a) 

 
(b) 
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5.2 Instrument calibration 

5.2.1 Sample flow calibration 

The sample and sheath volume flow rate are optimized to be 0.5 and 27.5 µl/min in 

the flow unit; the resulted sample stream has a diameter of 100 µm and flow speed 

close to 1 mm/s. It is a compromise among axial resolution, throughput, frame rates, 

and sensitivity of the image detection unit, which is further discussed in this chapter.  

      In the 3D fluorescence imaging flow cytometer, because field of view of the 

image detection unit is aligned to the sample stream and light sheet plane and is fixed, 

maintaining a stable sample stream is critical; otherwise, the camera would miss 

some events. Moreover, because 3D sectioning is realized by the active flow, 

particles need to move at a constant velocity when they cross through the light sheet 

plane; an unstable flow would lead to errors in interpreting the information in the 

axial dimension. 

      A stack of 200 laser scattering images of the sample stream is captured and used 

to ascertain the stability of position and velocity of the sample stream when sub-

diffraction fluorescent beads flow through the light sheet plane. Exposure time for 

each frame is 500 ms and one frame is acquired at each second. Figure 5.4 (a) 

presents a typical scattering image of beads; it indicates the sample confinement 

ability of the flow unit.  

      For each images obtained, the central positions (in pixels) of the sample stream 

are determined by calculating the center of mass of the images intensity. To ascertain 

the stability of sample stream’s position, temporal variations of central positions (x, y) 

of the sample stream is plotted as shown in Fig. 5.4 (c). The center of sample stream 

is located at the (291.13, 284.14) in the images, with standard deviations of 1.34 and 

1.32 for x and y dimensions during the 200 s test. It suggests that center of the 

sample stream slightly shifts within 2 pixels, ~ 0.5 µm. It is much smaller than the 
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diameter of the sample stream, ~ 100 µm, and hence all particles can be imaged when 

the sample stream is aligned to the field of view of the image detection unit (i.e. no 

missing events).  

 

Fig. 5.4 Stability of the position and velocity of the sample stream. (a) Laser scattering image of the 

sample stream flowing with the sub-diffraction fluorescent beads. (b) Maxium intensity projection of 

the image stack obtained, red circle indicates the efftive sample stream area. (c) Central postion of the 

sample stram vs. time. (d) The number of beads in the blue circle enclosed area vs. time. Exposrue 

time is 500 ms; a stack of 200 frames is caputured; 580 * 580 pixels; scale bar : 20 µm.  

      At a constant volume flow rate, the stability of the sample stream diameter can be 

used to ascertain the stability of sample stream velocity. However, because of 

Brownian motion, a small part of the sub-diffraction beads diffused from the sample 

stream into sheath stream. Consequently, boundaries of the sample stream are 

smeared as shown in Fig. 5.4 (a), which presents a degree of uncertainty in 

determining the sample stream diameter.  

(b) 

 

(d) 

 

(a) 

 

(c) 
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      To circumvent this problem, the number of beads in the blue circle area (83222 

pixels), where is several tens of pixels away from the boundary region, are compared 

among the stack of images. On the assumption that beads are homogeneously 

distributed in the sample solution, the variation of the number of beads at the selected 

and fixed area among images obtained during the test infers the stability of sample 

stream velocity. 

      Figure 5.4 (d) plots the resulted counts against the time (frame number). It has a 

mean count of 628.15 and standard deviation of 41.10. The standard deviation 

derives from two sources, including counting statistics and instability of the sample 

stream velocity. Supposing the standard deviation from the two sources is additive, 

then the total standard deviation �� can be expressed as: 

�� 	 ��  �� (5.1)

where �� and �� are standard deviations caused by counting statistics and instability 

of the sample stream velocity. As the counting statistics follows the Poisson 

distribution, for an average count of 628.15, �� is√628.15 � 25.06. With a total 

standard deviation �� of 41.10, the calculated �� then is 16.04, which suggests a 

variability of 16.04 628.15 	 2.55%⁄  in the sample stream velocity. 

      At a known and constant volume flow rate, the knowledge of the effective sample 

stream diameter (to calculate the sample stream size) is required to determine the 

mean velocity of beads in the flow cell. Because the sample stream is focused into 

the central part of the flow channel, which takes up a small portion of the main 

channel (100 µm to 1000 µm), it is rational to suppose that the velocity is uniform 

across the sample stream as in conventional flow cytometer. Then the effective 

sample stream size could be determined using the ratio between the mean number of 

beads in the whole frame, including the smear region, and the density of beads in the 

selected blue circle area, excluding the smear region. The former is measured to be 
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1008.41 and the latter equals 628.15 / 83222. Thus, the effective sample stream size 

can be calculated by: 

9W��WP?��W 	  1008.41 * 83222628.15 *  0.25# ZT# � 8350 ZT# (5.2)

The factor 0.252 µm2 denotes the pixel size in object space (magnification 48×; 

camera pixel size: 12 × 12 µm). With a constant volume flow rate of 0.5 µl/min and 

effective sample stream size of 8350 µm2, the beads flow at a speed of ~ 0.998 mm/s 

in the flow channel. 

      Figure 5.4 (b) shows the maximum intensity projection of the stack of 200 

images obtained. The stripes presented in the image can be caused by the 

contamination of the channel walls. With the known effective sample stream size, the 

sample stream diameter calculated is ~ 100 µm as shown in red circle. The diffusion 

region due to Brownian motion is clearly visible, but it should be noted that for large 

particles, as Brownian motion is insignificant and diffusion becomes weaker, the 

sample stream can be further confined.  

5.2.2 Light sheet characterization 

To ascertain the thickness of the light sheet plane, chlorophylls chemical solution 

flowing in the inner sheath with a diameter about 35 µm is used as an indicator, and 

the sample stream is imaged by the auxiliary unit from the side. Because the sample 

stream diameter is confined and comparable with the depth-of-field (~ 30 µm) of the 

auxiliary imaging unit, out-of-focus blur, as presented in subsection 3.2.1, where the 

thickness of the light sheet plane is calibrated in the 200 × 200 µm flow channel, is 

minimized.  

      Figure 5.5 (a) shows a fluorescence image of the sample stream illuminated by 

the light sheet. The narrow sample stream is focused into the center by the sheath 

stream; the laser passes through the sample stream horizontally and the sample flows 
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vertically. Figure 3(b) gives the intensity profile of the light sheet at beam waist. The 

intensity profile has a FWHM of 5.39 ± 0.13 µm. It is thicker than that measured in 

air (subsection 3.2.1), 3.22 ± 0.11 µm, due to the refractive index mismatch induced 

aberrations in the illumination unit. Nevertheless, it is much thinner than that 

measured in subsection 3.2.1, 11.58 ± 0.34 µm, in which out-of-focus blurs make the 

measured thickness of the light sheet thicker.  

 

Fig. 5.5. Characteristics of the light sheet generated. (a) Fluorescence image of the sample stream 

obtained from the auxiliary with the flowing of chlorophylls solution; (b) intensity profile of the light 

sheet, FWHM is 5.39 ± 0.13 µm. Scale bar: 20 µm.  

      Unlike the previous 2D fluorescence imaging flow cytometer, in which the field 

of view of the image detection unit is mainly determined by the dimension of the 

flow channel (200 × 200 µm), in the 3D fluorescence imaging flow cytometer, the 

field of view of the image detection unit can be simply and flexibly adjusted by 

varying the sample stream diameter.  

      As a tradeoff between the illumination uniformity and light sheet thickness, field 

of view of the image detection unit is optimized to be within twice the Rayleigh 

range of the light sheet. The light sheet thickness is 5.39 µm at beam waist; the 

corresponded Rayleigh range is slightly larger than 50 µm, and hence the field of 

view of the image detection unit should cover such size. Meanwhile, the sample 

stream diameter should be aligned within 100 µm to guarantee all particles passing 

Sheath Sheath Sample

Laser 

(b) (a) 
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through the light sheet plane at the uniformly illuminated central area as well as field 

of view of the image detection unit.  

5.2.3 Optical resolution determination 

Both the lateral and axial PSF of the 3D fluorescence imaging flow cytometer are 

calibrated by using the solution of sub-diffraction fluorescent beads.  

      Fluorescence images of individual beads are obtained at a sample volume rate of 

0.5 µl/min and are used to determine the lateral PSF of the system. A ROI of 580 × 

580 pixels on the camera chip is selected to efficiently cover the sample core as 

shown in Fig. 5.4 (a) and (b) and to increase the data collection efficiency. The 

sample stream diameter and velocity are 100 µm and 1 mm/s. Therefore, each bead 

takes only a few milliseconds to cross the 5.39 µm-thick light sheet plane. The 

exposure time for each frame is set to 100 ms so that it can integrate the fluorescence 

as the beads pass through the light sheet plane.  

 

Fig. 5.6. Exprimentally measured lateral PSF of the image detecion unit. (a) Airy disk determined by 

using the sub-diffracion fluorescent beads, 31 × 31 pixels; (b) intensity profile of the lateral PSF, 

FWHM is 0.81 ± 0.07 µm. 

      Approximately 50 bead images are collected and stacked to generate the lateral 

PSF, showing as an airy disk (Fig. 5.6 (a)). The intensity profile of the airy disk has a 

FWHM of 0.81 ± 0.07 µm (Fig. 5.6 (b)), which is larger than that measured in the 

(b) 

 
(a) 
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previous 2D fluorescence imaging flow cytometer, 0.75 ± 0.06 µm (i.e. lateral 

resolution decreases).  

      In the 2D and 3D fluorescence imaging flow cytometers, image detection units 

share the same objective and optics, but have two different detectors, a high sensitive 

EMCCD and high-speed camera. The images of the fluorescent beads obtained from 

previous 2D system have higher SNR than that in the current 3D system due to the 

high sensitive EMCCD, instead of the high-speed camera used. As can be seen, in 

Fig. 5.6 (b), the background of the lateral PSF intensity profile is noisy in contrast 

with that in the previous 2D imaging flow cytometer (Fig. 3.9 (b) in subsection 3.2.2). 

Thus, decreasing in SNR of the images could be the possible reason for the loss of 

lateral resolution in the 3D fluorescence imaging flow cytometer. 

      The working axial PSF of the 3D system should be measured with fluorescence 

images of the beads at different axial positions as they cross the light sheet plane, 

which suggests beads need to be immobilized with a short exposure time, such as ~ 

200 µs. Unfortunately, the high-speed camera cannot get good SNR fluorescence 

images of the beads at such short exposure time. Therefore, as a matter of expedience, 

scattering images of the sub-diffraction beads are obtained and used to ascertain the 

axial PSF. Flow conditions used to measure the axial PSF are same to that in the 

lateral PSF measurement. The exposure time for a frame is set to 200 µs such that 

images of the beads at different axial position could be captured as they flow through 

the light sheet plane, and a ROI of 130 × 130 pixels is selected and used to further 

increase the frame rate.  

      Figure 5.7 (a) shows a stack of 9 images of a selected bead recorded; each image 

covers an axial distance of 0.2 µm. The positions of the peak intensity show small 

shift, which should be caused by the Brownian motion of the bead, but the shift 

observed is always within one pixel leading no artifacts. The peak intensities at each 

frame of the stack of individual beads images are used to plot the axial scattering 
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intensity profile; 15 such intensity profiles are then averaged to generate the axial 

scattering PSF as shown in Fig. 5.6 (b), which has a FWHM of 1.42 ± 0.15 µm. This 

measured result agrees well with the data published by others.134
 

 

Fig. 5.7. Exprimentally measured axial PSF of the image detecion unit. (a) Shows a typical stack of 

scattering images of a bead obtained as it crosses through the light sheet plane; (b) gives the intensity 

profile of the axial PSF; FWHM: 1.42 ± 0.15 µm. Exposure time: 200 µm; flow velocity: 1 mm/s.  

      The axial PSF of the 3D fluorescence imaging flow cytometer is determined by 

both the light sheet thickness and axial PSF of the image detection unit. The 

measured axial resolution is slightly better than the calculated axial resolution (Eq. 

2.4 in subsection 2.2.2) of the image detection unit, ~ 2.13 µm. Even though the light 

sheet thickness is substantially larger than the theoretical depth-of-field of the image 

detection unit (5.4 µm vs. 1.5 µm), using thin light sheet illumination is essential for 

such slight improvement in resolution because of its ability in eliminating out-of-

focus light and improving the image contrast.  

5.3 Instrument artifacts evaluation 

5.3.1 Motion artifacts  

In the 3D system, the Reynolds number in the flow cell is smaller than that in the 2D 

system (1 vs. 84), suggesting a more smooth and stable flow in the channel.  

      As observed in subsection 5.2.3, when the fluorescent beads flow through the 

light sheet plane, they suffer small random lateral shift that should be caused by the 
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Brownian motion. The observed lateral shifts, however, are within one pixel on the 

camera leading no lateral motion artifacts. This can be further supported by the fact 

that the measured lateral PSF covers less than 9 pixels (Fig. 5.6 (a)). As for larger 

particles, Brownian motions are less significant and the resulted lateral shift should 

be negligible.  

      To ascertain whether the other two motions, oblique flow and rotational motion, 

are present in the flow, the track of particles passing through the light sheet plane is 

investigated by high-speed photography from the auxiliary unit as in subsection 3.3.1.  

      Figure 5.8 (a) shows an image obtained with exposure time of 2 ms when 

chlorella samples flow through the channel at a velocity of 1 mm/s. The sample 

stream is confined by sheath flow and has a diameter of ~ 100 µm. The blue line 

indicates the position of the light sheet plane, ~ 500 µm away from the outlet of the 

flow channel.  

 

Fig. 5.8. Particle tracking by high-speed photography. (a) single frame obtained; green arrow shows 

the sample stream; bule dashed line indicates the light sheet plane; 500 * 500 pixels (b) minimum 

intensity projection of a stack 100 images. Sample: cultured chlorella; expsoure time: 2 ms; sample 

stream velocity: 1 mm/s; scale bars: 50 µm.  

      A stack of images (640 × 740 pixels, ~ 2000 frames) is obtained; Figure 5.8 (b) 

shows the trajectories of chlorella cells in the flow presented by the minimum 

intensity projection of a sub-stack of 100 images selected. The short vertical lines in 
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the center show tracks of the particles in the channel. Using Particle Tracker (ImageJ 

plugin), about 40 particles are tracked from the site ~ 750 µm above to the site ~ 250 

µm below the light sheet plane. It has been found that positions of the particles 

randomly shift within 1 pixel (± 0.28 pixels), which indicates that particles flow in 

streamlines parallel to channel walls without obliquation and hence no such motion 

artifacts are detected.  

 

Fig. 5.9. Orientations of a structured colony at different position along the flow direction. Positive and 

minus values denote positions above and below light sheet plane. Image size: ~50 × 50 µm. 

      Because sample stream is confined in the center of the flow channel, where it has 

the lowest shear rate gradients, any rotational motion then should be small. To 

ascertain this effect, orientations of structured colonies as they cross the light sheet 

plane are studied. Figure 5.9 lists 5 images of such colonies at different position in its 

passage. As expected, the particle keeps its orientation as it moves forward and no 

observable rotation presents.  

      As can be seen, because of the laminar flow in the channel, motion artifacts are 

minimized. Furthermore, due to the short interrogation time, for example, ~ 50 ms 

for 50 microns particles, even some lateral motion or rotation presents, it should not 

lead to artifacts to the final images. 

5.3.2 Vignetting artifacts from the flow channel walls 

Channel walls of the flow cell in the 3D fluorescence imaging flow cytometer have 

potentials to vignette the light emitted from the object plane (i.e. light sheet plane) as 

in the flow channel in the 2D fluorescence imaging flow cytometer. However, as 

sample stream is confined in the center of the flow channel, such vignetting effect is 

750 µm 500 µm 250 µm 0 µm -250 µm 
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further suppressed.  

 

Fig. 5.10. Vignetting artifact from channel walls modeled by ray tracing. (a) Shows ray traces from the 

object plan to the image detection unit; (b) gives the plots of the fraction of unvignetted rays against 

the distance to the center at different object planes (500, 750, and 1000 µm away from the outlet).  

      Ray tracing is used to investigate the vignetting effect as in subsection 3.3.2. The 

objective used is modeled as a perfect lens with an NA of 0.75 and focal length of 4 

mm. The simulated objective lens is situated at the right side of the channel outlet 

(not drawn); the object plane is located at its focal plane, as in a real infinity-

corrected microscope. 

      Figure 5.10 (a) shows ray traces near the outlet of the flow cell. The object plane 

is located at 500 µm away from the channel outlet, and the object space is filled with 

water. It could be seen that at the center of the channel, such as the sampling stream 

(blue and red rays), no vignetting presented; however, when the object becomes close 

to the wall, as the rays shown in green, some rays are vignetted (black cross).  

      The black curve in Fig. 5.10 (b) quantitatively plots the fraction of unvignetted 

rays against distance of the simulated point light sources to channel center. The 

channel walls begin to vignette rays at ~ 200 µm; the fraction of unvignetted rays 

gradually decreases as the object is closing to the wall. In the 3D fluorescence 

imaging flow cytometer, as the sample stream diameter is optimized to be ~ 100 µm, 

vignetting from channel walls cannot deteriorate the final images obtained.  
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      For the sample stream used, vignetting effect begins to take effect when object 

plane is ~ 750 µm away from the channel outlet (red curve), and becomes more 

serious as object plane moves further away. More than 30% of the rays are vignetted 

when object plane is 1000 µm away from the channel outlet (blue curve).  

5.4 Test of the 3D fluorescence imaging flow cytometer 

5.4.1 Test of the 3D fluorescence imaging flow cytometer on cultured samples 

As the sample stream diameter is optimized and fixed to 100 µm, the 3D 

fluorescence imaging flow cytometer can cover a range of sizes from microns to tens 

of microns, which comprise many dinoflagellates, diatoms, and potentially harmful 

algal blooms species that are commonly found in coastal waters.  

 

Fig. 5.11. Bright-field images of Procentrum sp. (a) and Gambierdiscus sp. (b). Scale bars: 10µm. 

      Two lab cultured toxic dinoflagellate species, Procentrum sp. and Gambierdiscus 

sp. (Fig. 5.11(a) and (b)) are used to test the application feasibility of the 3D 

fluorescence imaging flow cytometer in phytoplankton measurements. The ROI is set 

to 580 × 580 pixels (145 × 145 µm in object space) to sufficiently cover the sample 

stream. To get high contrast fluorescence images, the frame exposure time is 

optimized at 750 µs. With a flow velocity of 1 mm/s, each frame then scans an axial 

thickness of 0.75 µm. Under these conditions, the axial resolution for the system is 

about 2 µm. The number of the images obtained for a single particle is determined by 

(b) (a) 



110 

 

a number of factors including the flow speed, particle size, orientation of the cell, and 

the preset trigger level. 

      Figure 5.12 shows 8 of the 35 optical sections of a Procentrum sp. cell captured 

with the 3D fluorescence imaging flow cytometer. It takes 26.5 ms to acquire the 35 

optical sections. The selected images shown (220 × 185 pixels) are cropped from the 

raw data and subjected to background subtraction.        

 

Fig. 5.12. A selection of 8 optical sections of a Procentrum sp. cell captured with the 3D imaging flow 

cytometer. The optical sections are shown from left to right and up to down; separation between 

sections is between 2 to 3 frames. The last panel at bottom right shows the maximum intensity 

projection along the axial dimension of all 35 optical sections. Flow velocity: 1 mm/s; exposure time: 

750 µs per frame; scale bar: 10 µm.  

      When cells actively scan through the thin light sheet plane, structures near the 

cell surface are first sectioned. For Procentrum sp., the optical sections obtained 

show chlorophylls distributed in pore patterns near the cell walls (top row). Because 

of the non-florescent central pyrenoid and large nucleus presented in the cell 
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(common in dinoflagellate species), the obtained optical sections show a hollow 

structure when optical sectioning goes inside the cell (middle row). As the optical 

sectioning goes further inside the cell, the images obtained become dimmer and 

blurred (left and middle panels at bottom). Such effects are derived from photon 

scattering from sections above the section being interrogated; it limits the penetration 

depth of 3D microscopic imaging. Nonetheless, structures near the edge are still 

clearly visible. 

      The 3D chlorophylls structures are impossible to observe in conventional 2D 

microscopy. In Fig. 5.12, the last panel at bottom right gives a 3D visualization of the 

cell using maximum intensity projection of all 35 optical sections, which is similar 

(but not same) to images obtained from the 2D fluorescence imaging flow cytometer. 

The bright and complex structures are enclosed by a much dimmer annulus that 

shows the cell shell; scattering from shell walls makes the non-fluorescent cellulose 

shell visible. As can be seen, information such as the pore patterns and hollow 

structure of chlorophylls is hard to retrieve from the stacked 2D image. In 

conventional wide-field fluorescence microscopy, the scenario is even worse as the 

out-of-focus light blurs the images further.  

      Figures 5.13 shows 3D visualization of two different Gambierdiscus sp. cells 

using maximum intensity projections of the stack of optical sections obtained. The 

two cells show similar overall disk shape, but the chlorophylls structures are slightly 

different between the two particles with protruding rod-like structures. Such small 

variations between the two cells can be interpreted to be at different stages of cell 

development, which is common in cultured samples.  

      Comparing the 3D chlorophyll fluorescence images of Procentrum sp. and 

Gambierdiscus sp. obtained, it can be clearly seen that their chlorophylls structures 

are very distinct and this information can be used for taxonomy applications. 
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      The shadowing artifacts, one of the side effects of single beam light sheet 

illumination, could be easily observed in Fig. 5.13 (y axis). This could be overcome 

by illuminating the sample from opposite sides. As in Procentrum sp. measurements, 

the penetration depth problem that limits most 3D fluorescence microscopy is 

presented in Fig. 5.13 (z axis) as well. 152 , 153  One efficient way to extend the 

penetration depth is to use multi-photon excitation protocols because infrared light 

that used for multi-photon excitation can penetrate deeper inside the cell. 

 

Fig. 5.13. Images of two different Gambierdiscus sp. cells captured with the 3D imaging flow 

cytometer. (a) Cell has a stack of 38 optical sections; (b) cell has a stack of 32 optical sections; up and 

right rectangular panel in (a) and (b) show projections along lateral directions. Images are 

deconvoluted with the ICTM algorithm (λ��  = 0.0001; 15 iterations). Scale bars: 10 µm. y axis: 

propagation of laser; z axis: axial dimension.  

5.4.2 Discussions 

The 3D fluorescence imaging flow cytometer shares the merits of flow cytometry 

and light sheet microscopy. It is suitable for fast 3D screening a large number of cells, 

in contrast to existing 3D imaging technologies, in which cells need to be 

immobilized.  

      For large species, such as those diatoms and dinoflagellates, they are usually 

highly structured 3D objects; it is obvious that the 3D fluorescence images obtained 
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can realize more morphological details than that in the 2D fluorescence images. 

However, from 2D to 3D imaging, information in the third dimension is extracted at 

the expense of throughput (from 1 ml/min to 0.5 µl/min).  

      The volumetric throughput of 0.5 µl/min is still unrealistic for field applications, 

especially when species with low cell abundance are targeted. For example, 

Alexandrium spp. a known HAB species can render the water toxic at an extremely 

low count of some 200 cells/l. It would take one week to get one event with such 

volumetric throughput. Furthermore, the data amount in 3D imaging is enormous, 

and the situation becomes even more serious for the 3D fluorescence imaging flow 

cytometer as the data acquisition, processing, visualization, and analysis need to be 

done “on-the-fly” for practical applications. 

      For these reasons, therefore, a possible and compromise approach for field 

applications could be using the 3D fluorescence imaging flow cytometer to build a 

database using cultured or enriched field samples; the 2D images from the fast 2D 

florescence imaging flow cytometer then can correlate with the 3D images for 

morphology based species identification and classification.  

5.5 Summary 

In summary, a light sheet based 3D fluorescence imaging flow cytometer is 

constructed and tested. The instrument demonstrated can screen a large number of 

phytoplankton cells with high spatial resolution in a short time.  

      The lateral and axial resolutions of the instrument in terms of FWHM of the PSF 

are determined to be 0.81 ± 0.07 µm and 1.42 ± 0.15 µm. The throughput of the 

instrument is quantified by the sample volume flow rate of 0.5 µl/min, benefitting 

from the improvement that 3D sectioning can be achieved in a laminar flow without 

sample immobilization.  
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      The intra-cellular 3D chlorophylls structure images obtained from lab cultured 

Gambierdiscus sp. and Procentrum sp. samples by the method suggest its high 

potential for phytoplankton identifications.  
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Chapter 6 Conclusions and Future work 

Imaging flow cytometry is a promising approach for phytoplankton analysis. It 

allows fast analysis of a large number of cells based on detailed morphological 

information from images acquired. However, because of the two blur sources, out-of-

focus blur and motion blur, existing imaging flow cytometers always have a 

compromise between throughput and resolution. In this work, a simple light sheet 

illumination and unique flow configuration are employed to address the two blur 

problems such that the throughput of the 2D fluorescence imaging flow cytometer 

developed has been successfully demonstrated without compromising the image 

content. Moreover, such strategies push fluorescence imaging flow cytometry into 

the 3D stage and increase the throughput of 3D microscopic imaging.  

6.1 Conclusions 

6.1.1 2D fluorescence imaging flow cytometer 

In Chapter 3, the 2D imaging mode of the light sheet based fluorescence imaging 

flow cytometer was described. Test results shown that the 2D fluorescence imaging 

flow cytometer can measure untreated coastal water samples at a volume rate up to 1 

ml/min with all-in-focus images captured at a lateral resolution of 0.75 ± 0.06 µm for 

a broad range of sizes from ~ 1 µm to ~ 200 µm. This is achieved by suppressing the 

two blur agents in imaging flow cytometry.  

      The thin light sheet plane generated by the illumination unit has a thickness of 

3.22 ± 0.11 µm in air at the beam waist; it has the intrinsic optical sectioning ability 

and has proved to be effective in rejecting the out-of-focus light. As theoretical 

depth-of-field of the image detection unit is ~ 2 µm, relatively thinner than the light 

sheet plane generated (the thickness of the light sheet plane is optimized to cover the 

large field of view 200 × 200 µm), some residual out-of-focus light is presented in 

the raw images. For this reason, the lateral resolution of the 2D fluorescence imaging 
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flow cytometer is measured to be 0.75 ± 0.06 µm, which is larger than the theoretical 

resolution ~ 0.56 µm.  

      However, the residual out-of-focus light can be further suppressed using image 

deconvolution. In Chapter 4, two deconvolution algorithms, RLTV and ICTM, have 

been tested in restoring the simulated data and real images. Using the measured PSF, 

it has been found that both algorithms could efficiently restore the out-of-focus light, 

enhance images contrast, and slightly improve lateral resolution with suitable 

selected iterations and regularization parameters. This could be benefited from the 

fact that most of the out-of-focus light is rejected at the image capturing stage. The 

ICTM algorithm is considered to be better than the RLTV algorithm for its fast 

convergence speed (50 vs. 400 iterations), which is important for real-time 

applications. 

      Furthermore, results from particle tracking by high-speed photography shown 

that the instrument is free from motion artifacts because fluorescence images are 

obtained from the particles’ propaganda direction and the sample flow is laminar.  

      In the 2D fluorescence imaging flow cytometer, the flow channel size (200 × 200 

µm) determines the largest cell that can be analyzed; the sensitivity of the image 

detection unit determines the smallest cell that can be detected. Because the 

sensitivity is proportional to the cell size and inversely proportional to the flow 

velocity (i.e. volume flow rate), the throughput could be further boosted up if only 

large species were targeted. On the other side, decreasing the throughput can favor 

the detection of small species.  

      The 2D fluorescence imaging flow cytometer is a high efficiency parallel 

detection system. It can simultaneously detect multi particles, and the number of 

particles captured in a frame is determined by the flow velocity, exposure time, and 

cell abundance. Because all particles passed through the light sheet plane during the 
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exposure are integrated in the same image, cells have chances to overlap together (for 

those cells passing through the light sheet plane at same position but at different time 

during the exposure). In reality, however, the exposure time and flow velocity can be 

optimized to minimize such occurrences.  

      To measure the untreated costal water samples collected in Hong Kong coast, the 

exposure time is set to 1 second at a volume flow rate of 1 ml/min such that the 

camera captures on average some tens of particles in a frame with low occurrences of 

overlapping. Moreover, small picophytoplankton with size below the diffraction limit 

can be detected as well as the much bigger species. The cell abundance, therefore, 

can be determined with higher confidence than those done by conventional 

microscope counting technique that has difficulties in observing small 

picophytoplankton. This is proved by the fact that the cell abundance in the coastal 

waters determined by the instrument is considerably denser than that measured by 

conventional microscope counting technique (4700 vs. 1500 ~ 4500 cells/ml). 

      For large particles (> 5 µm), fluorescence images obtained from the coastal water 

samples showed detailed morphological information of different phytoplankton 

species, which could serve as a signature for species classification.  

6.1.2 3D fluorescence imaging flow cytometer 

In Chapter 5, the 3D imaging mode of the light sheet based fluorescence imaging 

flow cytometer was described. Test results shown that the 3D fluorescence imaging 

flow cytometer has a throughput in terms of volume flow rate of 0.5 µl/min with 

lateral resolution of 0.81 ± 0.07 µm and axial resolution of 1.42 ± 0.15 µm. 

      The thickness of the light sheet plane in the flow cell calibrated using 

chlorophylls solution is 5.39 ± 0.13 µm at the beam waist, which is thicker than that 

measured in air because of aberrations caused by the refractive index mismatch in the 

illumination unit. The sample stream diameter is then optimized to be 100 µm, within 
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the twice Rayleigh range of the light sheet plane. 

      Because the flow is laminar in the flow cell, and sample stream is 

hydrodynamically confined in the center of the flow channel where has lowest shear 

rate gradients, unwanted motions, including lateral motion, rotational motion, and 

oblique flow are found to be minimal.  

      Using sub-diffraction fluorescent beads, stability of the sample stream, lateral 

resolution, and axial resolution of the instrument developed are ascertained. During a 

200 s test, the sample stream center is shifted within ~ 0.5 µm, much smaller than 

sample stream diameter; the velocity is found to be 1 ± 0.025 mm/s. The lateral 

resolution determined is 0.81 ± 0.07 µm, which is larger than that in the 2D system, 

0.75 ± 0.06 µm. It could be derived from the relative lower SNR of the images 

obtained from the 3D system because of the fast but much less sensitive camera used. 

Due to poor sensitivity of the high-speed camera, scattering images are used to 

determine the axial resolution. It is determined to be 1.42 ± 0.15 µm and is better 

than the theoretical axial resolution ~ 2.13 µm. This suggests that using thin light 

sheet illumination can slightly improve the axial resolution.  

      Test results from the measurements of two cultured toxic species, Procentrum sp. 

and Gambierdiscus sp., shown that the 3D fluorescence imaging flow cytometer can 

realize the 3D chlorophylls structures of species that challenges the 2D fluorescence 

imaging flow cytometer. Furthermore, the 3D chlorophylls structures of the two 

species are very distinct, and this information could be very likely to use for 

taxonomy applications. 

6.2 Future Work 

A lot of work can be done to improve and perfect the current 2D and 3D fluorescence 

imaging flow cytometers as practical instruments for phytoplankton analysis. For the 

2D system, the future work mainly includes:  
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• Further develop the lab based instrument into a field instrument. Currently, the 

instrument is still a lab-based system, which is not suitable for field applications. 

On the other hand, once the instrument is well aligned, all the optics and 

mechanics can be permanently fixed. This makes it suitable for being a field 

instrument.  

• Further increase the throughput to make the instrument more subtle for the 

detection of species that has low cell abundance. This can be possible by 

increasing the laser power and flow channel size. 

• Incorporate one or more fluorescence channels into current system to make it 

possible to extract other chemical components information, such as phycoerythrin, 

which is important for species identification.  

For the 3D system, the future work mainly includes: 

• Try to illuminate the sample from opposite sides using two light sheet beams to 

improve current system to be immune to the shadowing artifacts.  

• Try to incorporate particles enrichment techniques into current system to improve 

its ability in sampling natural water samples.  

• Establish a 3D image database by measuring cultured or enriched field samples 

and develop artificial intelligence software for rapid automatic species 

identification.  
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