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ABSTRACT 

The present thesis includes a series of studies on microfluidic technology from novel 

microfabrication methods in polymers to diverse microfluidic applications. 

Specifically, this study focuses on some key issues in microfluidics, regarding the 

development of microfluidic fabrication strategy, material selection for 

microfabrication, and applications, in particularly controllable reactions of novel 

polymer-based microfluidic devices. We have developed novel methods, which hold 

completely different idea/ concept with conventional approaches’, for fabrication of 

microfluidic chips with polymer materials. While for the microfluidic applications, the 

thesis exhibits cell perfusion experiments with freestanding 3D microchannels made of 

alginate hydrogel, convenient and sensitive lead(Ⅱ) ions detection on a plastic 

membrane microfluidic chip which was fabricated by the proposed novel one-step 

strategy, as well as and microfluidic controllable synthesis of enzyme-embedded 

metal-organic frameworks in a laminar flow. 

In the first part, we proposed an "inside-out" fabrication strategy using a copper 

scaffold as the sacrificial template to create freestanding 3D microvascular structures 

containing branched tubular networks with alginate hydrogel. The microvascular 

structures produced with this method are strong enough to allow handling, 

biocompatible for cell culture, appropriately porous to allow diffusion of small 

molecules, while sufficiently dense to prevent blocking of channels when embedded in 

various types of gels. In addition, other materials and biomolecules could be pre-loaded 

in our hydrogel tubular networks by mixing them with alginate solution, and the 

thickness of tubule wall is tunable. Compared to other potential strategies of fabricating 

free-standing gel channel networks, our method is parallel processing using an 

industrially mass-producible template, making our method rapid, low-cost and scalable. 

We demonstrated cell culture in a nutrition gradient based on a microfluidic diffusion 

device made of agar, a hydrogel traditionally hard to microfabricate, by embedding the 

synthesized tubules into the agar gel. In this way, the freestanding hydrogel vascular 

network we produced is a universal functional unit that can be integrated with other 



iii 

 

gel-based devices to build up the supporting matrix for 3D cell culture outside the 

hydrogel vascular structure; allowing great convenience and flexibility 3D culture. The 

method is readily implementable to have broad applications in biomedicine and 

biology, such as vascular tissue regeneration, drug discovery, and delivery system in 

3D culture. 

The second part, we developed a one-step method to mass produce microfluidic chip 

with thermal plastic membranes. We used a perfluoropolymer perfluoroalkoxy (often 

called Teflon PFA) negative mold, which is very nonsticky and has ultrahigh melting 

point, as solid stamp to thermal-bond two pieces of plastic membranes, low density 

polyethylene (LDPE) and polyethylene terephthalate (PET) coated with ethylene–vinyl 

acetate copolymer (EVA), which have different coefficients of thermal expansion. 

During the short period of contact with the heated Teflon stamp, the pressed area of the 

membranes permanently bonded, while the LDPE membrane spontaneously rose up at 

the area not pressed, forming microchannels automatically. These two regions were 

clearly distinguishable even at micrometer scale so that we were able to fabricate 

microchannels with width down to 50 microns. By using thermal-bonding, the pattern 

of Teflon mold will be transferred to the plastic membrane forming channels while two 

membranes will be bonded at the same time. The method enables generation of 

microchannels and bonding process to accomplish in a single step without 

sophisticated instruments. One Teflon mold can be used to mass replicate many plastic 

membrane chips in a short time because each round needs only a few seconds. Our 

method can fabricate a plastic microfluidic chip rapidly (within 12 seconds per piece) 

at an extremely low price (less than 0.02$ per piece). We also showed some identical 

microfluidic manipulations with the flexible plastic membrane chips including droplet 

formation, microfluidic capillary electrophoresis and squeezing-pump for quantitative 

injection. In addition, we demonstrated convenient on-chip detection of lead ion by a 

peristaltic-pumping design, as an example of the applications of the plastic membrane 

chips in resource-limited environment. Due to the fast production method and low-cost 

of plastic materials, this one-step method will hopefully lead to new opportunities for 

the commercial implementations of microfluidic technologies. 
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Finally, on the basis of preliminary study of microfluidic laminar flow synthesis of 

MOFs in aqueous system in Chapter 4, we successfully synthesized and investigated 

formation of enzyme-embedded metal-organic frameworks (MOFs) in a continuous 

laminar flow on a microfluidic chip. Resultant enzyme-MOF composites displayed 

higher enzymatic activity than enzyme-MOF composites from bulk solution synthesis. 

A possible reason was that the precisely controlled and yet changeable reaction 

conditions such as reaction time and diffusive mixing of reagents allowed the fast 

reaction to be isolated into controllable processes and studied with predesigned yet 

changing conditions. This, in return, led to distinct morphological characteristics and 

activities of the enzyme-MOF composites compared to those from bulk synthesis. The 

results indicated that the highest activity of enzyme-MOF composites was obtained 

when metal ions and organic ligands were first gradually mixed within a few seconds 

before enzyme molecules joined the gradual mixing process. We found that the 

crystallinity degree of as-produced enzyme-MOF composites was reduced via the 

microfluidic flow synthesis, containing more structural defects compared to those with 

high degree of crystallinity from bulk synthesis. The reduced crystallinity allowed 

more effective approaching of substrates with enzyme embedded in composites and 

therefore an increased enzyme activity compared to enzyme-MOF composites from 

bulk synthesis. We further demonstrated that enzyme-MOF composites showed 

enhanced stability against elevated temperature and protease digestion compared with 

free enzymes, allowing their wider utility in biotechnology. 
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CHAPTER 1 INTRODUCTION 

1.1 General background of microfluidics 

Microfluidics, originated in 1980s as the form of micromachined gas chromatography 

systems, is the science and technology that can precisely control and manipulate fluids 

in microchannels with dimensions of micro/nanometers.1-3 And it is because of such 

small-scale dimension that leads to distinctive characteristics of microfluidics, 

compared with bulk solution chemistry at macroscale. For example, smaller sample 

volume is needed in microfluidic channels, which can save the amount of reagent or 

sample consumption in practical analysis. Also, interactions such as mass and heat 

transfer can be completed in an extremely short period of time inside the microfluidic 

channels because of short distance for diffusion and miniature channel. Take a small 

molecule as an example, it only needs less than 10 s to diffuse 100 μm in water solution 

at room temperature, whereas it would require at least 1000 s to cover 1-mm long 

distance.4 More importantly, the flows in microfluidic channel are laminar owing to 

low Reynolds numbers at such small scale,5 which enables researchers to establish 

well-defined and stable interfaces between liquids in microchannels. One famous 

application of this property is to form controllable and large-scale (and even linear) 

concentration gradients in microfluidic chips. Another significant application of 

laminar flow is to precisely manipulate flows/molecules in the microchannels, even at 

subcellular scale. For example, the movement of small molecules can be tracked in a 

single cell by partially staining with multiple laminar flows in a microfluidic channel 

(Figure 1.1).6 However, this subcellular staining technique is impossible in macro 

world by conventional approaches. Owing to the character of laminar flow in 

microchannels, the mixing process in microchannels is primarily diffusion-dependent 

and can be finished very rapidly thanks to the tiny dimension of the channels. That is 

the fundamental that we can control and manipulate the fluids in microfluidic chips.  
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Figure 1.1 (a, b) Schematic illustration of laminar flow-based partial manipulation of 

a single bovine capillary endothelial cell in a microfluidic channel. (c, d) Fluorescence 

images of a cell after treatment of fluorescent dyes over 2.5 hours. (e, f) Migration of 

mitochondria and the nucleus after labelled with latrunculin A and Phalloidin–Alexa 

594 respectively. (scale bars are 25 µm)6 

In addition, by changing flowrate of flows and integrating with valves and other 

functional units, the manipulation of fluids can be freely and precisely achieved, which 

is impossible in traditional bulk solution reaction system. Moreover, to realize the 

purpose of “sample-in-result-out”, the microfluidic devices can be combined with 

some other techniques, such as sample preparation steps and post-treatment operations. 

As an illustration, Figure 1.2 shows a fully-integrated microfluidic device which 

contains over 3000 microvalves and hundreds of microchannels, as well as many 

microchambers in a tiny silicon-based chip.7 The microvalves and channels were used 

for manipulation of flows in the device.  
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Figure 1.2 Bright field image of silicone-based microfluidic comparator chip, in which 

channels were loaded with food dyes for visualization. The tiny chip contains 1000 

independent compartments and 3574 microvalves.7 

Another prominent feature of microfluidics is the high surface-to-volume ratio also 

attributing to micro/nanometer scale dimension of the channels, which makes some 

surface phenomena (e.g., capillary forces) increasingly dominant in microfluidics. This 

feature also facilitates improving reaction efficiency inside the channels. To sum up, 

all those unique properties of microfluidics discussed above, with combination of 

various types of materials used for device fabrication, result in a variety of important 

and unique microfluidic functions and thereby a broad range of applications. 
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1.2 Polymer materials for fabrication of microchannels 

Diverse types of materials have been introduced into microfluidic devices fabrication 

since the emergence of the microfluidics. Initially, silicon and glass were widely used 

for fabricating microchannels with the development of microelectromechanical 

systems (MEMS) technology. Microfluidic devices made of silicon or glass were 

generally fabricated by dry or wet etching methods, which involved complicated 

procedures and large amounts of organic solvent with specialized facilities.8 Thus, 

these methods are expensive and time-consuming, as well as not capable of mass 

production by researchers who are not skilled in manufacturing. With continuous 

progress of microfluidics, especially the advance of fabrication technique and material, 

polymeric materials and paper have been applied in fabrication of microchannels in 

recent decades. Owing to its reasonable cost and flexible selection of fabrication 

methods (e.g., molding, hot embossing, etc.), more and more researchers moved to 

polymer-based materials and paper in the past 20 years. Particularly, paper, a type of 

highly porous and cellulose-based material such as filter paper and chromatography 

paper, is becoming a promising microfluidic material recently because of its low cost, 

simplicity, and flexibility. The new class of microfluidic devices, called paper-based 

microfluidic devices, have found extensive applications in point-of-care diagnosis and 

portable device fabrication. In this section, nevertheless, we will focus on polymeric 

materials for fabrication of microchannels. Generally, polymer-based materials that 

have been used in microfabrication can be categorized into four groups: elastomers, 

thermoplastics, thermosets and hydrogels, summarized in Table 1.1. 

1.2.1 Elastomers 

In contrast to the first-generation materials (silicon and glass), which are rigid and 

mechanically stable and lead to a brittle microfluidic device, elastomers are composed 

of cross-linked long chain polymers. They are soft and can return their original shape 

after being stretched by external force to great extents. Poly(dimethylsiloxane) (PDMS) 

elastomer is one dominant and the most popular choice of polymeric materials and 

become the most common elastomer used for fabrication of microfluidic devices owing 

to its intrinsic chemical and physical properties. Fabrication of microfluidic devices in 
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PDMS is very easy and convenient by simply casting liquid PDMS prepolymer against 

a featured mold with minimal resolution of nanometer. The liquid PDMS base can be 

cured mixing with curing agent by different mixtures at mild temperature (70 °C) for 

hours or even at room temperature for longer time. PDMS has a low elastic modulus 

(300-500 kPa) and low surface free energy (∼ 20 erg cm-2). Cured PDMS slabs can be 

easily peeled off from the mold firstly prepared by photolithography with high 

replication fidelity and without damaging the mold or itself because of its elasticity. In 

casting molding method, for a given mold which can be generated by a range of 

techniques (including direct 3D printing), many PDMS replicas can be produced 

efficiently in a short time. Also, PDMS has good optical properties. It is transparent 

from 240 nm to 1100 nm including almost the whole UV-visible regions, benefiting 

optical analysis in the practical applications. In addition, to form a sealed microfluidic 

chip, PDMS can reversibly or irreversibly bond with itself, silicon, glass or other blank 

substrates. Generally, reversible sealing of PDMS is achieved by van der Waals contact, 

this seal is weak and cannot hold higher pressure larger than ∼5 psi.9 While 

nonreversible seal is performed by contacting two surfaces after treating with oxygen 

plasma, which it is believed to result from the oxidation of PDMS, generating silanol 

groups (Si−OH) on the surface of the PDMS. Consequently, a spontaneous dehydration 

of Si−OH groups (≡Si−OH + HO−Si≡ → ≡Si−O−Si≡) leads to the irreversible 

adhesion of the two surfaces.10 The silanol groups make PDMS from being 

hydrophobic (water contact angle > 100°) to hydrophilic (< 30°). The process, 

nevertheless, is reproducible and needs to be finished quickly (within 1 min), because 

long-time exposure to air may lead to reconstruction of PDMS surface, silanol groups 

will disappeared and making PDMS hydrophobic again. Hence, simply staking 

multiple layers of PDMS and connecting its holes can generate complex microfluidic 

structures, e.g., three dimensional (3D) microchannels. Besides, PDMS is porous and 

thus gas permeable especially for nonpolar gases including O2, CO2, which is 

advantageous for cellular studies as it is compatible for long-term mammalian cell 

culture. However, this characteristic leads to some drawbacks at the same time. One of 

the major problems is that the concentration of solution in the channel may be changed 

and different from those in the connecting tube because of water evaporation inside the 
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channel owing to the porosity of PDMS, which is crucial in exact quantitative analysis. 

Another issue of PDMS is nonspecific absorption of biomolecules and permeation of 

small hydrophobic molecules. A solution to this problem is surface modification, 

including chemical modification and physical blocking of channel walls using proteins. 

Whilst, PDMS will swell in the presence of most of organic solvents, normally 

restricting to aqueous-based applications. Therefore, PDMS is still commonly used in 

academic laboratories and generally limited commercially, although it contains a 

variety of superiorities and advantages over silicone and glass discussed above with 

ease and flexibility in fabrication. 

1.2.2 Thermoplastics 

Thermoplastics are a class of densely crosslinked polymers that can be melted and 

reshaped by reheating. Since the curing process of thermoplastics is reversible and no 

chemical reactions involved in it. These materials, in general, are stiff and not 

permeable for small molecules compared to elastomers. They become soft at their glass 

transition temperature (Tg) but keep their shape when cooled, and are even liquid at or 

above their melting point, which leads to several features in both manufacturing and 

characteristics of the thermoplastic-based microfluidic devices. The first one is that 

fabrication of microfluidic devices in thermoplastic materials normally involves 

thermomolding techniques, i.e. hot embossing, thermoforming. Besides, the materials 

are highly recyclable as they can be reshaped/remolded by heating, after use. 

Meanwhile, it means that the device is unstable at high temperature, thus it may not be 

suitable for temperature-sensitive applications, such as polymerase chain reaction 

(PCR). Typical thermoplastics applied in fabricating microfluidic devices include poly 

(methyl methacrylate) (PMMA),11 polycarbonate (PC),12 polyethylene (PE),13 

polyethylene terephthalate (PET),14 polystyrene (PS),15 polyvinyl chloride (PVC),16 

polyimide (PI),17 and cyclic olefin-derived polymers (COPs).18 

PMMA, produced from the polymerization of methyl methacrylate (MMA) 

monomers, is one of the most popular thermoplastic materials for microfluidic device 

fabrication. It has a high elastic modulus of 3.3 GPa and good optical transparency in 

the regions of visible-UV, as well as strong mechanical strength.19 And PMMA can be 
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microfabricated at a relatively low temperature by hot embossing because the Tg of 

PMMA is around 100 °C with a melting point of 130 °C ~ 140 °C, which is affordable 

and convenient for most of research laboratories. Initially, PMMA was utilized as a 

photoresist to generate nanometer-sized patterns by electron beam lithography 

(EBL).20 Subsequently, imprint lithography and photoablation were also introduced to 

construct whole-PMMA microfluidic devices owing to the properties of PMMA.21 

Besides the common thermoplastics with relatively low Tg discussed above, recently 

fluorinated-based polymers (fluorinated elastomers, Fluoropolymers) have been 

introduced in microfabrication as alternatives for typical thermoplastic materials, such 

as Teflon (registered by company) materials including perfluoroalkoxy (PFA) and 

fluorinated ethylenepropylene (FEP). Being famous as super inert to most of chemicals 

and solvents, as well as enlarged resistance to absorption of small molecules and 

leading from polymer to solution, Teflon materials have been broadly applied in exact 

quantitative analysis and reactions that involve extreme environments. Another unique 

feature of Teflon materials is that they have extreme high melting temperature (over 

260 °C), which makes them difficult to mass manufacture in academic laboratory and 

industrial factories. Combined high-temperature thermomolding technique with 

choosing of appropriate masters and bonding approach, microfluidic chips made of 

entire Teflon can be fabricated, showing superior properties including anti-fouling, 

excellent compatibility with organic solvents compared to PDMS-based microfluidic 

chips.22 The Teflon materials also display good biocompatibility and their gas 

permeability is enough to support long-term cell culture on Teflon-based microfluidic 

chip. Moreover, because of their a number of unique properties over common 

thermoplastics, Teflon materials are also widely used in industrial applications such as 

cookware coating, Teflon cables, etc.  

1.2.3 Thermosets 

Different from thermoplastics, thermoset materials (or thermosetting plastics) cannot 

be reshaped/remolded by reheating once cured, which is the major physical difference 

between them. Thermosets are those materials that are highly crosslinked polymers 

formed by irreversible strong chemical bonds, mainly including resins such as epoxy 
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resins, phenolic resins, and unsaturated polyester resins. Hence, thermosets are 

amorphorous and non-melting. Unlike thermoplastics, the curing process of thermosets 

involves chemical reactions. Normally it is a thermally activated process of increasing 

viscosity, and finally become a network-forming set. The cured thermosets are rigid 

and stable, and cannot be reversed in any ways because of their polymerization 

mechanism. They are in a liquid state at room temperature, which is convenient to work 

with.  

Two typical examples of thermosets in microfabrication are PDMS and SU-8 

photoresist, which are the most common materials used in soft lithography technique. 

Normally, The PDMS elastomer is elastic and has good thermal stability (up to ~186 

ºC in air). Thermal decomposition of PDMS occurs at about 300 ºC in air.23,24 The 

mechanical strength and elastic modulus of PDMS are dependent on mixing ratio of 

elastomer (part A) and curing agent (part B), and curing temperature. Generally, higher 

amount of curing agents in PDMS makes stiffer cured PDMS. And high temperature 

treatment also can be applied to improve its stiffness, possibly because volatile polymer 

chains with lower molecular weight were displaced to the surface of PDMS when 

heating at higher temperature (> 200 ºC). It is of great importance to maintain its fine 

structures after heating since less thermal expansion happed with a stiffer PDMS mold. 

Therefore, besides being famous as microfluidic substrate, PDMS also can be utilized 

as mold to replicate patterns with other polymers like SU-8, PMMA, in particularly by 

hot embossing technique. And for SU-8 resin, which was firstly introduced in MEMS 

by IBM in 1989, was initially applied as master in standard soft lithography, after 

exposure by masked irradiation with a UV light.25 The SU-8 is mainly composed of 

Bisphenol A Novolak epoxy oligomer with 8 epoxy groups, deriving its name. These 

epoxy groups enable highly cross-linked SU-8 which has a relatively high glass-

transition temperature around ∼200 ºC, degradation temperature ∼380 ºC and a low 

Young’s modulus of 4 ~ 5 GPa.24,25 As a negative photoresist in soft lithograph, it can 

be utilized to form microstructures with sub micrometer resolution by choosing 

appropriate SU-8 products which are commercially available such as from Microchem 

company (USA). The cured SU-8 polymer has good mechanical strength and excellent 

chemical resistance, and is transparent at near UV and visible wavelengths with very 
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high negative surface charge (-70 mV) at around pH 7.25 Later on, the SU-8 was 

accepted as an alternative of structural material to fabricate microfluidic systems 

containing both multilayered and three-dimensional microstructures especially high-

aspect-ratio for electrophoretic applications, attributing to its unique characters. In 

contrast to glass or silicone, however, SU-8 possesses a relatively high coefficient of 

thermal expansion (52 ppm ºC-1), this property can lead to high stress to the structures 

under temperature-sensitive conditions. In addition to the stiffness of thermosets, high 

cost also hinders their wider applications in microfabrication. 

Considering the cost of raw materials for fabricating microfluidic devices and 

manufacturing complexity, other thermosets such as thermoset polyester (TPE) and 

polyurethane-methacrylate (PUMA) were explored to produce disposable microfluidic 

chips using rapid molding technique. These resins polymerized by UV or heat can 

generate microfluidic devices with complex structures and high-aspect-ratio owing to 

their high mechanical strength. Since they are UV-curable, these resins are transparent 

in the range of visible wavelengths. And compared to PDMS, TPE is more resistant to 

organic solvents but the chlorinated solvents as it can be dissolved in chloroform or 

dichloromethane.26 

1.2.4 Hydrogels 

One of most prominent features of hydrogel materials is their inherent biocompatibility, 

compared with other microfluidic materials, which makes them introduced into 

microfabrication for cell-involved studies. Hydrogels, also called biopolymers, are 

composed of hydrophilic polymer chains within a water-rich environment, exhibiting 

a molecular architecture and properties similar to extracellular matrix. The cross-linked 

hydrophilic polymer networks, hydrogels, are highly porous and can absorb a large 

quantity of water to retain its architecture and functions such as free diffusion of small 

molecules. The pore size is also tunable by varying the concentration of hydrogel 

solution and adjusting the amount ratio of cross linker to hydrogel. Owing to their 

special properties including great biocompatibility, tunable degradability and 

controllable permeability, hydrogels are more and more applied in microfluidic device 

fabrication, particularly for biological and biomedical applications. The transition 
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process from liquid state to gel state is macroscopically visible and is called gelation, 

which is easily controlled on the basis of the polymerization mechanism of different 

types of hydrogels, mainly including additional chemical chelators, ultraviolet 

irradiation, pH, temperature and so on. Natural hydrogels are normally limited in their 

low mechanical strength and elasticity, resulting in leakage of solution, fragility of the 

device, confined complexity of shapes, as well as lower resolution of features. 

Comparatively, engineered hydrogels hold significantly enhanced strength along with 

great elasticity, such that various complex structures can be made and thereby different 

functions can be realized, largely expanding their applications. For instance, a silk 

protein hydrogel-based microfluidic system containing interconnected 3D 

microchannel networks with minimum resolution of 100 µm was fabricated by 

extracting silk from Bombyx mori cocoons to fabricate the hydrogels.27 The silk protein 

hydrogel has tunable mechanical properties and can be degraded in vitro and in vivo 

from hours to years. Another engineering method of hydrogels is to hybridize 

hydrogels with elastomers, which can significantly increase the elasticity and 

interfacial toughness. Yuk, H. et al.28 reported a versatile approach for generation of 

stretchable hydrogel–elastomer hybrids by assembling physically crosslinked hydrogel 

with elastomers. The resulted hybrids displayed greatly robust interfaces and high 

stretchability due to the interpenetration of covalently cross-linked hydrogel network 

with elastomers. And this method is suitable for a variety of tough hydrogels and 

diverse common elastomers such as PDMS. 

Currently, as a growing number of researchers are devoting to expanding 

microfluidic technology to the field of biology/biomedicine, various hydrogels 

including natural and synthetic gels such as collagen and its derivative gelatin, silk 

fibroin, chitosan, calcium alginate, and agarose have been explored to fabricate 

microfluidic devices or hydrogel-based microfluidic components, e.g., valves.27,28 

Generally, the application of hydrogel-based devices can be categorized into two 

groups. One is to mimic plant system mainly including construction of biomimetic 

catalytic hydrogel-based devices mimicking function of plant leaves. The structures 

and functions are realized by encapsulating catalyst nanoparticles (NPs) such as TiO2 

NPs into gels during fabrication of microfluidic networks with dimension similar to 
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vein of leaves.29 The other is to mimic animal system, which contains cell-level (2D) 

and tissue-level (3D) researches. The former one is based on 2D cell culture, which 

was usually utilized to study cell-level behaviors under the concentration gradient of 

stimulus formed steadily between hydrogel channels because of its controllable 

porosity. It is of importance for the study of co-culture, cell-cell interactions and drug 

screening, etc. Further, because cells may behave differently compare with in 2D 

environment, and to mimic real situations in vivo 3D cell culture is necessary to bridge 

the gap between cell models to live animal models. An important step of 3D culture is 

the encapsulation of cell into hydrogels which are normally used as ECM to support 

cells, and the microfluidic networks mimic microvascular system for delivery of 

nutrients and removal of metabolic wastes. And the key challenge is to effectively 

generate the mimetic vascular system like living organisms with microfluidics. 

In a word, each of polymer materials has its inherent merits which relate to the 

choices of fabrication methods and appropriate applications of the prepared devices. 

The following table briefly summarizes the polymer materials in microfluidics 

discussed in the thesis. 

Table 1.1 A summary of polymers for fabrication of microfluidic devices. 

Polymers Elastomers Thermoplastics Thermosets Hydrogels 

Properties 

excellent 

optical property 

and elasticity 

good optical 

property, poor 

elasticity 

good optical 

property, fair 

elasticity 

fair optical 

property and 

elasticity 

Common 

fabrication 

methods 

replica casting, 

template 

molding 

laser 

photoablation, 

hot-embossing, 

thermoforming 

replica 

casting, 

template 

molding 

replica casting, 

template 

molding 

Common 

application 

fields 

analytical and 

bioanalysis 

analytical and 

bioanalysis 

analytical and 

bioanalysis 

cell-based 

research, tissue 

engineering, 

biomedicine, 

etc. 
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1.3 Conventional polymer-based microfabrication methods 

Similar with the development of material science, the manufacturing technique of 

microfluidic devices also undergoes a process of change and advance. As the first 

material introduced into microfluidics, silicon was usually manufactured by etching or 

deposition-based methods to fabricate microfluidic devices using organic solvents 

because of its low elasticity and inorganic components. Skilled operations and 

sophisticated equipment were normally required in the methods which was also non-

friendly to environment owing to the use of large amount of organic solvents. With 

employment of polymer materials, a variety of simply and rapid methods were 

developed accordingly to manufacture microfluidic devices in polymer materials. 

Various types of polymer materials can meet different demands of applications. 

Similarly, properties of the selected material should also be considered carefully when 

choosing suitable fabrication method. Proper selection of materials and fabrication 

approach may significantly improve production efficiency and simplify fabrication 

processes. Herein, we will focus on the methods of manufacturing polymer materials 

to fabricate microfluidic devices. Traditional polymer-based microfabrication methods 

can be generally grouped into five categories, as discussed in detail in the following 

section.  

1.3.1 Laser photoablation 

Since the employment of laser ablation technique to machine polymer materials in the 

1990s, more and more scientists have devoted to laser ablation of polymers in 

microfabrication field. Meanwhile, different ablation mechanisms have been proposed 

with adoption of a variety of polymers.30-32 However, the discussion about the general 

ablation mechanisms is still ongoing, for example, which process is dominant in the 

ablation method, photothermal or photochemical reaction. On the basis of previous 

researchers’ endeavor, in 1997 Girault et al. firstly introduced photoablation as a 

method to fabricate microfluidic channel with polymer substrates including 

polystyrene, polycarbonate, cellulose acetate, and poly(ethylene terephthalate), PET.33 

In the study, UV excimer laser pulse was used to ablate polymer materials and form 

geometric microchannels using a featured mask as showed in Figure 1.3. During the 
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process, the ablated region of the materials was decomposed due to the laser pulse 

which was used to break bonds formed during polymerization of monomers. After 

generation of microchannels with UV laser ablation, the channel was sealed with a 

PET/PE film by thermal lamination to form a complete polymer microfluidic chip 

which displayed well-controlled electroosmotic flow. Here an alternative of the mask 

is movable stage which was used to move laser beams or the substrate materials 

generating the designed structure of channels. Hence, photo mask is not essential in the 

direct-write laser ablation technique. In laser ablation, there are some important 

parameters that influence dimension and resolution of generated structures. It is 

understandable that two-dimensional geometry of structures is defined by the 

photomask or programmed moveable stage. The depth of ablated structure, for instance, 

microchannels, is majorly influenced by several other factors, including polymer 

absorption index depending on type of polymer, and laser power along with pulse rate 

determined by the source of laser. Normally, the cross-section microchannels produced 

by laser ablation is rectangular or square, in the case of very deep channels it may be 

fastigiated because of laser defocusing effects. And the resolution is mainly determined 

by the size of aperture and the focusing optics, as well as the mask in other cases. 

Except for the polymers aforementioned, poly (methyl methacrylate) (PMMA), 

nitrocellulose, polyimide (PI, KAPTON), photoresist and poly(tetrafluoroethylene) 

(Teflon) are also photoablatable and have been widely used for manufacturing of 

microfluidic devices.16,33-35 And commonly used excimer laser wavelengths and 

sources for ablating polymers include 157 nm (F2), 193 nm (ArF), 222 nm (KrCl), 248 

nm (KrF), 308 nm (XeCl), and 351 nm (XeF).31,33 In general, polymers showing a 

photochemical ablation behavior are preferable to choose for manufacturing at the 

range of irradiation wavelengths, as the damage of the surrounding material and 

carbonization during the ablation process can be minimized. An important property of 

ablation is that the surface chemistry such as charge of the polymer materials will be 

changed after laser ablation owing to the interactions between laser beams and the 

polymer materials. This process, on one hand, is difficult to precisely control and may 

lead to variations in some surface-sensitive applications like electrokinetic study, on 

the other hand, it could be used as a method for surface modification of polymers. 
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Another problem should be noted is that normally the surface of microchannels 

fabricated by laser ablation method is not so neat as that of prepared by other molding 

methods such as hot-embossing and casting, primarily attributing to the absorption 

coefficient of the polymer at the excimer wavelength and the pulse frequency of the 

laser source. It was reported that for PMMA ablation, structures with smooth surface 

were manufactured by femtosecond laser pulses at 308 nm instead of nanosecond 

pulses.35 The same effect was also observed with PTFE ablation.34  

 

Figure 1.3 Typical laser ablation method for fabrication of microchannels with 

polymers.33 

1.3.2 Replica casting 

Casting of elastomeric polymers is one of the most popular molding techniques in 

microfabrication since the introduction of soft lithograph, mostly owing to its simple 

operation, good replication accuracy and low cost.36,37 For years, casting technique has 

been evolved to different variants, such as micromolding, replica molding, 

microcontact printing and so on. In fact, they share a same mechanism, replicating 

exact complementary patterns from a textured mold/stamp using curable polymer 

materials. The most commonly used material is PDMS elastomer because of its unique 

properties which were discussed in the previous section. Briefly, liquid polymers were 

firstly poured onto the mold (master) normally with positive features, after curing of 

polymers, the cured polymer substrate with negative patterns was peeled off from the 

master (Figure 1.4). During the process, the complementary pattern was transferred 
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from the mold to the cured polymer substrate. After cutting into regular shapes and 

punching the reservoirs holes, the obtained substrate can be reversibly or irreversibly 

bonded with a blank substrate to form a sealed microfluidic chip. For irreversible 

bonding, the microchannels can be reused for many times depending the types of 

polymers. Surface modification of the patterned substrate may lead to permanent bond 

with the blank substrate. Take PDMS as an example, after treated with oxygen plasma 

for a few seconds, the PDMS microchannels can be bonded irreversibly with silicon-

based materials, such as glass slides or blank PDMS slabs.  

 

Figure 1.4 Classical PDMS casting processes for production of microchannels.31 

In contrast to other molding techniques, casting is the most convenient method since 

it requires little extra equipment in the straightforward process, and fabrication cost, 

which largely depends on the expense of mold preparation, is relatively low. Moreover, 

the replicating resolution of casting is also very high, channels with nanometer size can 

be generated when choosing appropriate mold, which refers to nanofluidics. Therefore, 

till now casting molding is the most broadly used method for rapid prototyping of 

elastomer-based microfluidic devices, as frequently demonstrated by GM Whiteside’s 

research group mostly using PDMS.23,36 

The molds used in casting also have many choices, theoretically, containing most 

of the polymers. In soft lithography, photoresist, structed by designed mask under UV 

exposure, is employed as mold for casting of PDMS prepolymers. Hydrophobic 

modification, for example, salinization treatment of mold will benefit release of the 

mold and cured polymers. Further, besides elastomers, liquid resins and hydrogels have 

also been reported extensively for casting micro/nano structures or microfluidic 
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devices because they are in liquid phase before polymerization and can be cured in 

solid or gel state.26 

1.3.3 Injection molding 

Injection molding was employed as a choice of microfabrication, which was 

demonstrated for the first time by McCormick et al.38 in 1997, to generate 

microchannels with an acrylic copolymer resin using nickel mold (stamp) for 

electrophoretic separations of DNA. In fact, injection molding had been extensively 

applied in the macroworld for manufacturing of various thermoplastics of any desired 

geometries with large size, such as plastic packs. It is suitable for large-scale production 

because of low-cost of raw materials and fast fabrication process, hence it meets some 

key requirements of market success of microsystems. Afterwards, numerous attempts 

have been made to introduce the technique into microfluidics for fabrication of 

microfluidic devices with the improvement of machining resolution.31,39 

 

Figure 1.5 Illustration of traditional injection molding instrument.31  

For injection molding, raw thermoplastic materials, usually in the form of 

granule/pellet, were poured into the mold cavity of an injection molding machine to 

cast the desired microstructures (Figure 1.5). During the process, the plastics were 

melted in a cylinder and transported into the mold cavity with a heated screw equipped 

with an injection port under pressure. The structured substrates in plastics were 

generated after cooling and releasing from the mold cavity. The heating temperature 

and pressure are depending on the polymers used for fabrication, which may relate to 
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the two key issues in injection molding, including fitting of mold and polymers, and 

formation of air bubbles inside the melted polymer. The two problems should be 

investigated preliminarily to achieve well-defined microfabrication. In the process of 

injection molding, the thermoplastics are heated to liquid state with relatively low 

viscosity during transportation in the cylinder, which would lead to good fidelity of 

replication. A typical cycle of the process only takes tens of seconds to a few minutes. 

Therefore, this fast fabrication methods are mass-producible and may find commercial 

applications, especially in the macroworld where the temperature of the cavity only 

needs to be set below the Tg of the polymer. It allows faster fabrication, and the process 

also named cold-cavity process. However, for microfabrication, since the size of the 

structure is smaller, the raw plastics should be melted completely so that it can easily 

insert to all tiny structures of the mold due to the higher surface-to-volume ratio of the 

molds. And this would remarkably increase cycle time due to heating to and cooling 

from a higher temperature, as well as sufficient contacting of the mold cavity with 

polymers. Nevertheless, it is still time-saving compared with other methods, casting of 

elastomers, for instance. So far, a large variety of plastic polymers have been utilized 

with injection molding technique for fabrication of microfluidic devices.32 Other 

advantages of injection molding include the ability to produce 3D microfluidic 

components, for example, long microchannels with fluidic interconnects. Despite these 

advantages of injection molding, there are some problems exist meanwhile. One 

drawback is the complexity of process for preparation of a robust mold which should 

be mechanically strong enough to withstand high pressure and temperature, and should 

have good thermal conductivity to avoid generation of thermal gradient between mold 

cavity and the polymer materials. Moreover, the stresses and shrinkage also need to be 

considered carefully in the experiment, since there is phase change of plastic materials 

form solid state to liquid state. Certainly, the best mechanic precision can be obtained 

by adjusting proper temperature and pressure, as well as pressing duration. 

1.3.4 Hot-embossing and thermoforming 

These two methods are widely employed to manufacture microfluidic devices in 

thermoplastic materials as low-cost and mass producible methods. A common feature 
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between hot-embossing (Figure 1.6A) and thermoforming (Figure 1.6B) method is 

that they are both involving essential heating step during generation of microstructures. 

While, the major difference between them is whether using pressurized gas to help 

generate microstructures. In general, hot-embossing technique is using a preheated 

positive mold as a stamp to press against a blank thermoplastic substrate which is 

heated to around its Tg temperature. A negative featured substrate was obtained after 

cooling down and parting the mold with the substrate. During the process, the patterns 

on the positive mold was transferred to the substrates. The method is quite convenient 

and cost-effective, and the whole replicating process is rapid, normally only needs a 

few minutes. Comparatively, in thermoforming method pressurized gas is required to 

help deform the heated polymer membrane for replicating patterns of the heated mold. 

Thermoforming is a well-known technology in industrial world for mass production of 

common plastic devices like drinking cups. It also refers to microthermoforming owing 

to the generation of microstructures. In both approaches, a specialized instrument 

called thermal-compressor is utilized to provide pressure and heating for the machining 

microfluidic channels. Such two parameters are significant for the fabrication process 

and are dependent on the properties of polymer substrate and mold. For a given mold, 

a serial of same microfluidic channels can be generated by replicating the stamp within 

a short period. Therefore, the key step in hot-embossing and thermoforming technique 

is fabricating stamp which can be manufactured in various methods based on 

dimension of microchannel and types of materials such as silicon, metal and thermosets. 

A robust mold can be replicated several hundred times without damage. An important 

step during hot-embossing and thermoforming is the release of mold from the substrate 

after thermal pressing, adhesion between them may lead to breakage of the mold. And 

such adhesion is directly determined by inherent properties of the used polymer 

materials. Generally, low surface energy and low surface roughness will facilitate 

demolding process and thereby increase life span of the mold. 

Currently, hot-embossing technique is not only used in production of microfluidic 

devices, but also employed in surface engineering, for instance, generation of 

micro/nano structures on the surface of thermoplastics forming a layer of hydrophobic 

coatings. Recent studies on roll-to-roll (R2R) hot-embossing showed that it is a 
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promising method for mass production of microstructures.32 In R2R hot-embossing, a 

sheet of polymer was continuously conveyed in between of a pair of rollers, one is 

patterned and preheated to the appropriate temperature depending on the Tg of the 

polymer, and the other is counter roller. Consequently, featured polymer sheet was 

produced under specified pressure. The process is very similar with plastic texturing 

with structured metal mold, however, in academic world, to meet the demand of 

research purposes the requirements such as resolution, dimension of the feature, fidelity, 

repeatability, etc. maybe different from industrial production. Several important 

parameters including roller speed, pressure, as well as preheated temperature should be 

investigated prior to practical operation. 

According to the principles of these two methods, we may note that hot-embossing 

can achieve a better fidelity when replicating microstructures compared to 

thermoforming technique, even though both the methods were initially applied in the 

macroworld for manufacturing of large-size features with thermoplastics. Because in 

thermoforming, usually a piece of plastic membrane was used as substrate to form thin-

walled devices. During the process, the plastic membrane was kept in solid phase but 

heated to be soft, so that it can be shaped. In addition, the performance of generating 

structures with high aspect ratio and rectangular cross-section, hot-embossing is over 

thermoforming in terms of multiple choices of polymer materials and molds, and 

controllable fabrication process. Specifically, studies have indicated that hot-

embossing is a primary method for rapid fabrication of high aspect ratio microfluidic 

channels.11,14,31 Though both hot-embossing and thermoforming are rapid and cost-

effective approaches for fabrication of microfluidic channels, the two methods are still 

not widely distributed in academic laboratories due to the demand of professional 

equipment, as well as complicated preparation process of a robust mold/stamp. 

Traditionally, molds were commonly made of silicon or metals, which involve time-

consuming and expensive techniques, e.g., chemical etching process.11,32,40 However, 

the two methods still meet the demand of large-scale of production and may gain 

commercial success in the market for microstructure fabrication because of low-cost 

and ability of mass production, as well as advancing technique of mold fabrication in 

the future. 
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Figure 1.6 Schematics of hot-embossing (A) and thermoforming (B) methods to 

fabricate microfluidic devices.31,40 

1.3.5 Template molding 

In terms of fabrication steps of microfluidic devices, template molding is a one-step 

method, different from conventional two-step methods which generally contain two 

steps, generating microchannels and binding them with a substrate to form a complete 

device. Template molding method simply refers to using sacrificial or non-sacrificial 

templates as the mold of channels to generate microfluidic devices directly after 

removal of the templates in curable polymer blocks such as hydrogels, elastomers and 

resins. 

With this scheme, for example, Chen et al. developed a method for rapid casting 

vascular network by using printed carbohydrate glass as a sacrificial template.41 The 

carbohydrate can be dissolved directly in aqueous cell culture medium, and perusable 

vascular network can be formed in various natural and synthetic extracellular matrix 

A B 
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(ECM) materials as demonstrated by the authors, including agarose, alginate, poly 

(ethylene glycol) (PEG)-based hydrogels, etc. Based on the principle of template 

molding, it is understandable that the structure and dimension of microchannel is 

mainly determined by the used templates which can be prepared with a large variety of 

materials by 3D printing (see Figure 1.7) or other microfabrication methods. 

 

Figure 1.7 One-step method for fabrication of microfluidic devices with sacrificial 

template.42 

Usually, the size of channel prepared with the method is larger than 100 µm owing 

to the limited dimension of the template. To improve resolution of prepared 

microvascular and generate smaller vessel networks, Lee et al. recently reported an 

approach for formation of microfluidic channels with thermo-responsive sacrificial 

microfibers.43 The resultant microfluidic device had capillary-like 3D vascular 

networks with channels of average diameter of 35 µm. It is worth mentioning that the 

above-mentioned studies share a key common feature, cells are involved in the 

fabrication process of microfluidic channels, which may lead potential harmful effects 

to the cells, specifically, the dissolving means of the sacrificial templates. In contrast 

to other methods, the fabrication process of template molding method is relatively 

unsophisticated and only one step involves cells, that is removal of templates. 

Nevertheless, it is still a big challenge to reduce the impacts of fabrication methods to 

the cells embedded into the hydrogels. A possible solution to it would be separating 

the steps of fabricating microchannels and cell-involved steps. Besides hydrogels 

discussed above, other curable polymer materials including PDMS elastomer, resins 

have also been broadly manufactured for fabrication of microfluidic devices with the 

template molding method, mainly for analytical applications (no cell involved). Also, 
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non-dissolvable templates such as steel microwires and nylon threads have been 

applied in fabricating microfluidic devices.44,45 In the fabrication, removal process of 

the non-sacrificial template is fast and normally solvent-free, which is based on direct 

mechanical withdrawing by hands. 

The key characteristic of the template molding method is that no bonding process is 

required, which is normally complicated and achieved by oxygen plasma treatment, a 

nanometer-thick glue layer, dissolving solvent, melt-bonding, etc. in the conventional 

fabrication methods.46-48 More importantly, template molding is more convenient for 

fabrication of 3D and intricate microfluidic devices, which is attributed to the 

manufacturing of corresponding structures of templates. Comparatively, for instance 

in casting methods, 3D structures are normally constructed by casting multilevel 

channels against the molds and bonding of them carefully via layer-by-layer.49 It is 

more complicated than template molding. Additionally, with template molding, it is 

free to generate microfluidic channels with different cross-section profiles, such as 

circular or semi-circular, as well as Y-shape profile channel.50 For other conventional 

fabrication methods, they are normally limited to generate diverse profiles of cross-

section channels, which mostly are square or rectangular shape. Another unique feature 

of the method is that it is totally free of masters, thereby free of related complicated 

process of prepared of masters, which further makes the method convenient, labor-

saving, as well as time-consuming. Despite those advantages, there still are some 

challenges in template molding. In general, it is not mass-producible when using 

sacrificial template for fabrication of microfluidic devices since a template is consumed 

for one device. Whilst, the dissolving process of the templates is normally not time-

saving and often involves organic solvents or extreme conditions such as high 

temperature. 

1.4 Applications of polymer-based microfluidic functions 

The ultimate development of microfluidic technology devotes to its applications. In 

terms of basic unit operations in microfluidic devices, microfluidic functions contain 

controllable liquid manipulation, continuous reagent injection and transportation, as 
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well as fixed target storage/immobilization.51 Microfluidic functions, normally defined 

by the design e.g., structure or architecture of the device, are primarily dependent on 

the material properties of microfluidic devices. While, the combination of microfluidic 

functions along with material properties consequently determines applications of 

microfluidic system. Originating from chromatography technology, the first 

application of microfluidics was separation of gas with a silicon-based 

chromatographic system. The main component of the microfluidic system was a 

miniaturized gas chromatography column which resulted in reduced amount of sample 

and improved performance of separation efficiency compared with conventional 

chromatograph. Initially, microfluidic applications were mostly limited in 

chromatographic and electrophoretic analysis, etc. in microfluidic devices with simple 

structures and basic functions. It is because the previous microfluidic devices only 

contained several microchannels and were mostly made of silicone or glass, which are 

rigid and not suitable for construction of complex microfluidic components, such as 

valves and 3D structures, as shown in Figure 1.8.  

 

 

Figure 1.8 The main unit operations on the multi-layer PDMS based large scale 

integration platform.52 

With the introduction of polymer materials into microfluidics, various microfluidic 

devices have been developed and different microfluidic functions have been realized, 

leading to a broad range of applications. Herein, we simply group applications of 
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microfluidics as two categories based on the discipline, analytical and biomedical 

applications. 

1.4.1 Analytical applications 

Since the first demonstration of microfluidic application was reported in the field of 

analytical chemistry, the analytical applications of microfluidics have gained extensive 

attention and development. Lab-on-a-chip, named after emergence of microfluidics, 

implies its primary applications. For analytical applications, namely, biosensing, 

bioanalysis, point-of-care diagnosis, etc., the design of microfluidic devices and 

microfluidic units play more important role than the material selection in fabrication.  

Since the surface phenomenon are becoming predominant in microfluidics because 

of decreasing size of microchannels, such as capillary force, surface charge of channel 

walls. In the early stage, micro total analysis systems were based on electrokinetic 

effects in microfluidic channels, containing electroosmotic flow and capillary 

electrophoresis (Figure 1.9).33,38 The microfluidic applications mainly focused on 

separation of molecules on the basis of chromatography, electrophoresis techniques, 

etc. In contrast to conventional laboratory electrophoresis and separation instrument, 

microfluidic devices offer several advantages besides smaller amount of reagent 

consumption. Firstly, a large number of microfluidic channels, as well as various 

microfluidic units can be manufactured and integrated in a small chip, which greatly 

promote throughput of analysis.7 Also, it is convenient for surface modification of 

channel walls, as various polymers can be employed and even this process can be 

conducted during the fabrication process when selecting proper methods, such as UV-

laser ablation or hot-embossing of PMMA chips.19,33 For example, in 1997 Roberts et 

al. reported a laser ablation method to fabricate microfluidic channels in different 

polymers including PS, PC, PET, etc. and demonstrated that the hydrophilicity and 

roughness of polymer surface increased after laser treatment. These surface properties 

facilitated electroosmotic flow in the microchannels. In the same year, McCormick et 

al.38 developed a method, injection molding of resin, for fabrication of plastic 

microchannels and conducted electrophoretic separations of double-stranded DNA 

fragments as a demonstration. The method enabled mass production of disposable 
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plastic microfluidic devices with a relatively low cost, and can significantly reduce 

autofluorescence of plastics when appropriate polymer materials was chosen for device 

fabrication.  

 

Figure 1.9 Schematic of miniaturized plastic device fabricated by injection molding 

methods for electrophoretic separation of DNA fragments.38  

Other than separation of small molecules based on electrokinetic effect, microfluidic 

devices made of polymers with good optical properties are also widely applied in 

analysis of macro-biomolecules and cells. Various external analyzers such as optical, 

electrochemical and mass-quantitative spectroscopy can be coupled as a 

comprehensive platform for analytical applications such as detection, concentration 

and separation of biomolecules or cells. For example, by using a 3D nonporous 

polydopamine coating induced by graphene oxide in microfluidic cannel, Zhang et al.53  

proposed an exosome detection method, shown in Figure 1.10A. The coating can 

greatly improve capture efficiency of exosome by increasing the chance of interaction 
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between capture antibody and exosomes. Thereafter, the ultrasensitive fluorescent 

detection of exosome was achieved combing conventional enzyme-linked 

immunosorbent assay (ELISA). As an alternative of antibody, Sheng et al.54 reported 

an aptamer-based method for separation of circulating tumor cells from whole blood 

directly on a microfluidic chip as shown in Figure 1.10B. In the microfluidic chip, the 

glass substrate was manufactured to be containing micropillars for the purpose of 

enhancing capture efficiency. Besides, it also had been proved that the microfluidic 

platform is an effective way to sort particles (Figure 1.10C) and cells on the basis of 

different schemes such as magnetic property and size.55 

 

Figure 1.10 Analytical applications of microfluidic functions. (A) Microfluidic 

detection of circulating exosomes.53 (B) Microfluidic separation of Circulating tumor 

cells (CTC) from whole blood.54 (C) Microfluidic sorting of droplets.55  

Another important filed of analytical applications is point-of-care (POC) diagnosis 

which is mostly based on immunoassays and nucleic acid hybridization assays. The 

key feature of POC diagnosis is that it can provide result of medical tests very quickly 

with a disposable device. Besides, POC devices are in general made of several limited 
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materials of low-cost with open channels. Admittedly, to achieve ultimate aim of 

microfluidic automation, the “sample-in-result-out” analysis process, single 

microfluidic device or unit is impossible. Multi-functional components and 

corresponding analytical techniques such as sample pretreatment, separation or 

concentration and data analysis should be integrated into one device to largely fulfill 

the potentials of microfluidic technique for analytical applications.  

1.4.2 Biomedical applications 

With advance of material engineering, specifically the development of biomaterials 

and microfabrication techniques, the application of microfluidic technology has been 

largely broadened, for instance, to the disciplines of biology and medicine. The term 

“organ-on-a-chip” represents it primary applications in the related fields. In biomedical 

applications, the properties and selection of materials used for fabrication are of great 

importance, since cells are normally involved. The basic premise of biomedical 

applications is that the devices should be biocompatible and able to support long-term 

cell culture. Hence, biomaterials were chiefly employed for fabrication of microfluidic 

devices. In general, biomedical applications of polymer-based microfluidics cover cell 

culture -based researches, single cell analysis, 3D culture and tissue engineering. 

Macroscale study process of cell-cell interaction and drug screening usually 

involves a large number of cells and needs days of work, as well as a large amount of 

expensive reagents such as antibody and fluorescent dyes, hence, it is time-consuming, 

labor-intensive and highly-priced. Microfluidic technology is a promising tool to 

address these problems, due to its unique advantages, including reduced reagent 

consumption and minimized cell usage, more importantly, it can achieve high 

throughput analysis inside a microfluidic channel. For instance, Lin et al.56 recently 

reported a highly-integrated microfluidic platform for investigation of interaction 

between cervical carcinoma cells (CaSki cells) and human umbilical vein endothelial 

cells (HUVECs), by co-culturing of CaSki cells and HUVECs on a microfluidic chip 

made of PDMS and glass, detecting of protein and analyzing of metabolites after drug 

treatment (Figure 1.11B). The platform contains multiple independent components 

which serviced as cell culture, protein detection, as well as analysis of drug metabolites 
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coupled with mass spectrometry, respectively. This highly-integrated microfluidic 

platform enabled real-time analyzing cell-cell interaction and efficiently improved cell-

involved assay time. In addition, they also developed a method based on the 

combination of microfluidic technique and mass spectrometry for fast drug screening.57 

As shown in Figure 1.11A, a PDMS-glass microfluidic chip was employed with 

combination of MS to on-line investigate the cell metabolism. The chip contains a line 

of microfluidic chambers for cell culture and multiple microchannels which were used 

for delivery of solution and generation of gradient concentration of drugs, therefore a 

fast drug evaluation platform was established by seeding one type of cell with a 

gradient concentration of drug solution, or multiple types of cells with a fixed 

concentration of drug. 

 

Figure 1.11 Biomedical applications of polymer-based microfluidic devices. (A) Drug 

screening, (B) cell-cell interaction, (C) mimicking organ on a chip (2D cell culture), 

and (D) tissue engineering (3D cell culture). 
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In vitro study and models play a significant role in both biological and medical 

researches prior to in vivo study and eventually animal testing experiment. Microfluidic 

technology, specifically named “organ-on-a-chip” has been proved to be an effective 

mean to mimic organs in vitro and rebuilt models for in vitro studies. As a 

demonstration, Huh et al.58 firstly constructed an artificial lung on a microfluidic chip, 

which has been intensively reported, as shown in Figure 1.11C. They rebuilt lung 

functions in vitro with a microfluidic device made of entire PDMS, in which a thin 

piece of PDMS membrane was applied to culture epithelial cells on both sides and 

divided two microchannels for mimicking two lungs in human because of the flexibility 

of the membrane. And a pair of side microchambers were also used to apply vacuum 

for mimicking pressure change caused by breathing. The resulted lung model showed 

similar response to external stimuli such as bacteria and inflammatory Cytokines with 

mouse lung. In addition to organs, vascular system is also important for 3D culture and 

tissue engineering. Most recently, Nashimoto et al.59 used a microfluidic device made 

of PDMS to construct vessels by co-culturing of human umbilical vein endothelial cells 

(HUVECs) and human lung fibroblasts (hLFs) spheroid. They claimed that soluble 

factors excreted from a fibroblast spheroid can facilitate formation of vascular, 

therefore a perfusable vascular network was generated in between two parallel channels 

which were seeded by HUVECs (Figure 1.11D). Other than elastomeric materials, 

hydrogels are the most popular choice for formation of vascular when applied in 3D 

culture and tissue engineering owing to their biocompatibility and biodegradability, 

which has been discussed in the section of Hydrogels. 

1.5 Research motivation 

On the basis of the introduction and literature review summarized above, even though 

a great number of polymer-based microfluidic devices have been developed and 

demonstrated in a wide range of applications in academic research so far, few of them 

are successfully distributed in the market owing to unsatisfactory fabrication strategy 

with special research objective, sophisticated fabrication procedures (including skilled 

operations and professional instruments) and expensive raw materials for fabrication 
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of microfluidic devices. These challenges, in a manner, hinder wider usage and 

commercialization of microfluidic system. Focusing on this issue, the research work 

on developing novel polymer-based microfluidic devices is presented in the doctoral 

thesis, which showed great potential in addressing the above-mentioned challenge. 

Specifically, the diffusion of molecules such as nutrition and oxygen through 

densely packed cells is impeded by the blockage and consumption by cells, resulting 

in a limited depth of penetration. While bulk (3D) culture has emerged in various 

applications of promising potential, great efforts have been made to generate branched 

microchannels inside hydrogel to support mass exchange through/in a bulk culture. 

Previous attempts faced a common obstacle: researchers usually try to fabricate 

microchannels with gels already loaded with cells, but the fabrication procedures are 

often harmful to the embedded cells. To avoid this obstacle, we proposed a novel 

"inside-out" fabrication strategy using a copper scaffold as the sacrificial template to 

create freestanding 3D microchannels inside any gel, which is parallel processing using 

an industrially mass-producible template, making our method rapid, low-cost and 

scalable. The microchannels produced with this novel method is strong enough to allow 

handling, biocompatible to allow cell culture, appropriately porous to allow diffusion 

of small molecules, while sufficiently dense to prevent blocking of channels when 

embedded in different types of gels. More importantly, the freestanding microvascular 

generated by the new method address a challenge in 3D culture, that is separating the 

steps of fabrication of channels with cell-involved operations, avoiding potential 

harmful effect to cells caused by fabrication. 

In addition, for microfluidic technology to find its way into mass production and 

successful commercialization, the fabrication methods should be unsophisticated, with 

materials inexpensive and easy-to-manufacture. Conventional fabrication 

methodologies, however, still need a serial of time-consuming processes, while 

materials used for fabrication are expensive, both of which make microfluidic system 

not mass productive, and thus hinder its widespread employment and 

commercialization in academic and industrial community. In the following chapter, we 

developed an ultra-fast and cost-effective method to fabricate microfluidic chips in 

thermal plastic membranes. The novel method enables generation of microchannels 
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and bonding process to accomplish in a single step without sophisticated instruments 

and fabrication process, as well as extremely low cost of plastic materials. Therefore, 

this novel method will facilitate massive production of microfluidic chips and 

commercialization of microfluidic technologies. 

Further, encapsulation of enzyme into metal-organic frameworks (MOFs) is an 

important way to retain or even enhance its activity in practical applications because 

of unique properties of MOFs. In particularly, as a class of highly porous materials, 

MOFs are served as a protective coating for enzyme molecules. However, the activity 

of enzymes incorporated in MOFs by the current reported methods is still far from 

satisfactory, possibly owing to poor understanding of embedding mechanism. It is still 

unclear how the three reactants form the composite particles in the reaction. And 

microfluidics provides a tool for us to study the challenge by controllable manipulation 

of fluidics at very small scales. We studied synthesis of enzyme-embedded MOFs in a 

continuous laminar flow by using microfluidic platform made of PDMS, via changing 

diffusive mixing scheme and flowrate which is difficult to realize in bulk solution 

synthesis. The highest activity of enzyme-MOF composites was obtained, and 

characterizations and possible reasons were analyzed and investigated. And to the best 

of our knowledge, it is the first time to study aqueous synthesis of enzyme-MOF 

composites in a laminar flow on chip. 
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CHAPTER 2 FABRICATION OF FREESTANDING 3D MICROVASCULAR 

NETWORK STRUCTURES IN ALGINATE HYDROGEL 

2.1 Introduction 

While showing their great potential in further benefiting human health, several major 

research fields of medicine and biology such as regenerative therapy and drug 

discovery are sharing a common demand of practical strategies for three-dimensional 

(3D) cell culture.60,61 For example, considerable efforts have been focused on 

producing artificial tissues, which could be used not only in tissue/organ level 

research,62-64 but also for producing implantable units to repair the defective region of 

an organ;65,66 on the other hand, even for the “cell-level” biological studies and drug 

developments which were traditionally based on 2D culture, an increasing number of 

researches revealed that the tested cells may behave differently in 3D culture 

environment as compared to conventional 2D culture environment,67-70 suggesting that 

3D culture may be demanded more often than people expected. 

3D culture of cells, on the other hand, is not easy to achieve. In general, there are 

two major needs to meet for establishing a 3D culture. The first is a scaffold that mimics 

the extracellular matrix (ECM) to immobilize cells and construct the 3D cell stacks.71 

For this need, many porous scaffolds have been developed, such as those in poly(d,l-

lactide-co-glycolide) (PLGA),72 hyaluronic acid,73 collagen,74,75 polyacrylic acid 

(PAA),76 poly(ethylene glycol),68 chitosan,77 alginate78,79 and so forth.80 These 

scaffolds can immobilize cells and support cell growth. 

The other requirement in 3D cell culture, however, is still unmet. This challenge is 

how to effectively deliver nutrients and remove metabolic wastes through the densely 

packed bulk of cells. Without this function, cells hundreds of microns deep inside the 

bulk culture will starve to death.49 Although there have been attempts on alternative 

strategies,81-83 maybe the most effective way to address this challenge is to construct 

branched semi-permeable capillary tubules inside the volume of 3D cell culture, just 

like the blood vessels. Bearing this in mind, some frontier studies in 3D cell culture 



33 

 

created microchannels inside the bulk cell-laden hydrogel matrix, mostly through a 

casting-peeling-bonding scheme commonly used in fabricating microfluidic 

devices.82,83 However, as such scheme was mainly designed for fabricating planar 

channel structures, it is not well suited for constructing the 3D vascular structures 

needed here, i.e., (1) to realize a certain thickness of the culture, multiple layers of 

channels and complicated connections have to be fabricated and stacked carefully; (2) 

due to the nature of the casting scheme, cells often have to be loaded uniformly in the 

hydrogel matrix, limiting the flexibility in 3D cell distribution; (3) also because of the 

casting scheme, the channels are formed inside the bulk bioactive hydrogel that has 

limited mechanical strength, and are therefore fragile to manipulate; and (4) the 

channels may leak if the bonding strength is not sufficient. Because of the above-

mentioned reasons, there is a significant demand of a method to generate artificial 

vascular structures to support transportation of nutrition and waste in 3D cell culture. 

Herein we propose a strategy to generate 3D microvascular structures, which we 

believe is promising to address the above-mentioned challenges. Inspired by the fact 

that blood vessels are formed by unique cell types different from the surrounding tissue, 

we created a method to fabricate 3D tubular structures in a porous material first, before 

loading cells to the system. It is worth noting that reported methods for generating 

fibers are incapable of producing branched tubular networks.84-86 To create such 

complicated 3D structures we employed an “inside-out” strategy, starting with a copper 

template that could be prepared by reported mass-production strategies87,88 or recent 

3D printing strategies.89 We immersed the copper template in alginate, a natural 

polysaccharide derived from brown sea algae, which has been widely used to fabricate 

scaffolds in biomedical and biological applications;90-92 and then we conducted 

electrolysis, during which the copper ions released from the template quickly cross-

linked alginate and formed a gel. The reaction was so quick that a uniform thin layer 

of hydrogel coating was conveniently formed. After completely dissolving the template 

with Fe3+, we replaced the Fe3+ ions inside the alginate gel by Ca2+, and obtained 3D 

tubular network made of calcium alginate hydrogel. The entire process took only a few 

hours; what is more appealing is that our method is a parallel process that is scalable at 

low cost. In contrast, even if 3D printing of hydrogel has the chance to reach similar 



34 

 

resolution in the future, it will still be restricted by the speed and cost owing to its 

serial-processing nature. Moreover, we showed that tubular structures formed by our 

method were strong enough to support themselves and could be used as a microfluidic 

system alone, and different types of hydrogels could be conveniently introduced to fill 

the space outside the alginate gel structures without affecting the channels inside, 

allowing ultimate freedom in using the most suitable hydrogel according to specific 

needs. Besides, other materials and biomolecules could be pre-loaded in our hydrogel 

tubular networks by mixing them with alginate solution, and the thickness of tubule 

wall could be easily controlled by tuning the time span of electrolysis. We also 

demonstrated the selective permeability of the vessel structures to molecules of 

different sizes, and illustrated the function of nutrition delivery and the use of well 

controlled diffusion gradient in cell culture study.  

2.2 Experimental sections 

2.2.1 Materials and equipment 

Alginate, agar, fluorescein powder, fluorescein isothiocyanate-labeled bovine serum 

albumin and other chemicals were purchased from Sigma-Aldrich. All reagents were 

of analytical grade and used without further purification. Green fluorescence protein 

(GFP)-expressing E. coli was obtained from Prof. Hongkai Wu’s group at HKUST. 

Copper wire was from Monster, US. DC power supply used in the experiment was 

from Shenzhen HongSheng Electronic Co., LTD. (DPS-305CF, China). Heating plate 

was from Xinruiqi Electronic, Inc. (LKTC-B1-T, China). The syringe pump was 

purchased from Cole-Parmer Instrument Company (74900 Cole Parmer, USA). The 

fluorescence microscope used in the experiment was from Micro-Shot Technology 

Limited (ML-30, China) which was equipped with Infinity 2 digital camera (Lumenera 

Corporation, Canada) to capture images. 

2.2.2 Fabrication of alginate hydrogel tubular networks 

Firstly, a piece of copper wire with diameter of 100 µm was electrolyzed under 3.5 V 

in 3% (w/v) alginate solution. Upon electrolysis, copper ions were generated from the 
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surface of the copper wire, which cross-linked the nearby alginate molecules and 

formed a thin layer of alginate hydrogel coating on the copper wire. After the 

electrolysis, the gel coated copper wire was immersed in 1 M CaCl2 solution for further 

electrolysis to dissolve most copper. Then, the remaining copper was further dissolved 

completely in 0.1 M FeCl3 solution at 50 ºC for 1 hour. Finally, the Fe3+ ions in the 

alginate tubules were replaced by Ca2+ ions (1 M CaCl2 and 0.02 M EDTA, pH 5) at 

50 ºC for 1 hour. 

2.2.3 Characterization of alginate hydrogel tubular networks 

Scanning electron microscope (LEO 1530 VP, Zeiss) and confocal fluorescence 

microscope (C1, Nikon) were used to characterize the microstructure and morphology 

of hydrogel tubules. 

2.2.4 Diffusion tests 

Fluorescein and fluorescein isothiocyanate-labeled bovine serum albumin (FITC-BSA) 

were used respectively for diffusion test in hydrogel tubular networks. 1.25 mg mL-1 

fluorescein solution and 2.5 mg mL-1 FITC-BSA were injected into the hydrogel tubule 

and observed under fluorescence microscope which was equipped with a digital camera 

(Infinity 2, Lumenera). ImageJ (V1.50) was used for analyzing fluorescence intensity. 

2.2.5 Gradient medium-based cell culture experiment 

Two hydrogel tubules were imbedded in parallel in 3% (w/v) agarose gel first. The 

agarose gel in this step is thin enough to ensure gradient generation in one dimension. 

Then LB medium solution and 10 mM phosphate-buffered saline (PBS, pH 7.2) buffer 

solution were introduced respectively into the two tubules at the same flowrate of 0.02 

mL h-1. A concentration gradient of LB medium was formed between the two tubules 

and was used for cell culture. GFP-expressing E. coli cells were cultured in Lysogeny 

broth (LB) medium to OD600 of 1.0, and then washed with PBS buffer at 2000 rpm for 

5 min. The cells were diluted 100-fold and seeded on the surface of agarose gel between 

the two alginate hydrogel tubules for culture experiments at 37 ºC. 
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2.2.6 Perfusion experiment of HepG2 

The HepG2 cell suspension (1 × 107 cells mL-1) was mixed with 3% (w/v) warm agar 

solution prepared by DMEM medium. After embedding the microvascular tubules in 

the cell-mixed agar gel, DMEM medium was introduced into the tubule by a syringe 

pump at a flow rate of 2 μL min-1 for 3 days in a 5.0% CO2 cell incubator. For cell 

viability assessments, the cell-embedded agar gel was sliced into 1-mm thick pieces, 

which were submerged in a live/dead staining solution (10 g mL-1 Fluorescein 

diacetate and 10 g mL-1 propidium iodide in DMEM), followed by 20 min of 

incubation at 37 ºC and 5.0% CO2. Finally, the slices were washed with DMEM 

medium three times for further observation. Images were taken with fluorescence 

microscope (Eclipse Ti with D-Eclipse C1, Nikon Instruments). ImageJ (V1.50) was 

used for merging green and red fluorescence images and counting the live and dead 

cells. 

2.3 Results and discussion 

In this work, we present a novel strategy for generating artificial microvascular 

structures to meet the need for effective delivery of nutrients and removal of metabolic 

wastes through the densely packed bulk of cells in 3D cell culture. A unique feature of 

our method is that it can generate self-supportive, branched and hollow 3D tubular 

microstructures of hydrogel with controlled thickness of the tubule wall. Such 

structures alone can serve as flow delivery channels and allow complete freedom in 

introducing another hydrogel (which, in our current demonstration, is agar) of interest 

to build up the supporting matrix for 3D cell culture outside the hydrogel vascular 

structure. One further advantage of current method is that in the long run of generating 

man-made blood vessel structures that can function as real ones, our method allows 

seeding of different cell types from both the inside and the outside of the tubule 

structures to form coaxial layered structures like real blood capillary, which is 

impossible for previously reported methods that generate channels in bulk 

hydrogel.43,93,94 To realize our principle, we employ an “inside-out” strategy to produce 
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the hydrogel microstructures, which is totally different from the commonly used 

casting strategy in previous reports on microfabrication of hydrogels.90,95  

 

Figure 2.1 The comparison of the operation process between other methods using 

sacrificial template and our method. The dissolution of sacrificial template may affect 

the cells in two possible ways, (1) the dissolving agent may hurt the cells, and (2) the 

substances released from the dissolved template may affect the cells. Our method is 

free of these problems because the cells are not present in the process of fabricating 

microchannels. 

Generally, conventional methods for creating microchannels in cell-laden hydrogel 

include casting-bonding, sacrificial templating, and 3D printing method. As shown in 

Figure 2.1, the major difference between our “inside-out” strategy and previous 

strategy is that the microvascular structures were fabricated independently before 

loading cell with hydrogel. While methods of fabricating microvascular structures 

based on previous strategy are generating microchannels inside the cell-laden hydrogel, 

which means that fabrication processes including molding, casting and dissolving of 

sacrificial template would involve cells, and most of the processes are harmful for the 

cells.43,81,96,97 Besides, all cell-involved steps should be conducted very carefully, 

which lead to complicated fabrication methods. One key difference is that our 
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sacrificial template is used not for the creation of channels directly in the bulk gel with 

cells loaded, but for generating the freestanding tubule structures with no cell involved. 

Another key difference is that previous methods used the sacrificial template mainly to 

define the internal space of the channel structure (passive), while our sacrificial 

template is used for in-situ generation of ions to crosslink hydrogel (active), resulting 

in the controlled production of the microtube structures.  

 

Figure 2.2 Schematic diagram of the fabrication process of 3D tubular networks in 

alginate hydrogel. (A) A thin layer of alginate hydrogel was formed on the surface of 

copper wire by the released Cu2+ through electrolysis; (B) further electrolysis in CaCl2 

solution was conducted to dissolve most of the copper scaffold; (C) the remaining 

copper was dissolved by Fe3+ ions; (D) the Fe3+ ions were then replaced by Ca2+ ions; 

(E) a capillary tube was inserted into the hydrogel tubule and; (F) the connected 

hydrogel tubule was imbedded in agarose gel for further experiment. 

A key component of our strategy for generation of hydrogel tubules is a copper 

scaffold, which was chosen with the following considerations. Firstly, the copper could 

be electrolyzed to generate copper ions, which could crosslink alginate gel to form the 

hydrogel structure, while the remaining copper could be fully dissolved afterwards to 

create hollow structure. Secondly, the copper structure serves as a template to precisely 
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define the shape and size of the channel inside the generated hydrogel tubular networks. 

Thirdly, the available techniques to mass-produce 3D microstructures in copper make 

our method scalable (and as there are abundant reports on producing 3D 

microstructures in copper, in current work we simply use hand-made copper template 

for demonstration).87,88 Finally, to eliminate the concern that the copper ions in 

hydrogel could have toxicity effect on cells, we successfully developed a convenient 

and cost-efficient method to completely replace the copper ions with calcium ions. 

Figure 2.2 provides an illustration of the fabrication process. The whole fabrication 

process could be completed within 3 hours (Figure 2.3). By adjusting the duration of 

electrolysis and designing different features of the copper scaffold in the first step of 

fabrication, the thickness of tubule wall is controllable and various shapes of hydrogel 

tubular networks with branches could be made (Figure 2.6). Also, other materials and 

biomolecules could be loaded in the alginate hydrogel tubular networks by mixing 

them with alginate solution (Figure 2.7). 

 

Figure 2.3 Results of each step in the fabrication of freestanding 3D tubular networks 

in alginate hydrogel. The four images represent the four steps of the fabrication process. 
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A thin, transparent layer of alginate gel coated the copper scaffold after electrolysis in 

alginate solution (A), the tubular networks turned to light blue (B) after further 

electrolysis in CaCl2. Then the tubular networks changed into yellow (owing to iron 

(III) ions) after the remaining Cu dissolved in FeCl3 (C). In the last step, the color of 

the tubules turned back to light white after the Fe3+ ions were replaced with Ca2+ ions 

in a mixture solution of CaCl2 and EDTA acidic solution (D). The scale bars represent 

10 mm. Inset shows freestanding 3D microvascular networks. The scale bars are 10 

mm long. 

A distinctive feature of our fabrication strategy is in-situ generation and exchange of 

metal ions. Figure 2.3 presents photos of the hydrogel tubular networks after each step 

of the fabrication process. First, we conducted electrolysis for 10 seconds under 3.5 V, 

resulting in a thin, transparent layer of alginate hydrogel coated the copper scaffold 

because of released copper ions (Figure 3A), based on the anode reaction, 

𝐶𝑢(𝑠) → 𝐶𝑢2+(𝑎𝑞) + 2𝑒− 

We carried out further electrolysis in 1 M CaCl2 solution to dissolve the copper 

scaffold as completely as possible, after which the color of the hydrogel tubules turned 

into light blue (Figure 3B) due to the Cu2+ ions. Then, we completely dissolved the 

remaining copper scaffold by Fe3+ ions (in 0.1 M FeCl3 solution as the reaction below) 

and the color changed into yellow brown owing to Fe3+ ions (Figure 3C).  

2𝐹𝑒3+(𝑎𝑞) + 𝐶𝑢(𝑠) = 2𝐹𝑒2+(𝑎𝑞) + 𝐶𝑢2+(𝑎𝑞) 

Compared with Cu2+ ions, Fe3+ ions are trivalent and thus have stronger force of 

crosslinking alginate monomers, resulting in largely increased rigidity of the hydrogel 

structure. Finally, we replaced the Fe3+ ions in the alginate hydrogel with Ca2+ ions in 

0.02 M ethylenediaminetetraacetic acidic (EDTA) solution (pH 5), and the hydrogel 

tubules turned back to be soft and semi-transparent white (Figure 3D). The produced 

hydrogel tubular network was mechanically strong enough to support itself when 

immersed in water or suspended in air; shaking at 80 rpm and 50 ºC in a water bath 

shaker for 2 hours would not damage its integrity. This allows great convenience in 

manipulation. Since copper and iron ions were involved in the fabrication process, it is 

worth making sure that these ions are completely removed to avoid any heavy metal-
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induced toxicity in further in vivo studies. We used classical colorimetric approach to 

determine/test residual copper with ammonia98 and iron with thiocyanate ions99 in the 

hydrogel tubules. No signal was detected based on the sensitivity of the 

spectrophotometer for either copper or iron ions, which indicated that the as-prepared 

hydrogel tubules do not contain significant amount of copper or iron. In addition, for 

the final step of replacing Fe3+ ions with Ca2+ in EDTA acidic solution, there are two 

completely biocompatible alternatives of EDTA, penicillamine (FDA approved drug 

additive) and Triethnolamine (Figure 2.4), which could be even safer for in vivo 

applications. 

 

Figure 2.4 Replacing the Fe3+ ions in alginate tubular networks using 0.2 wt.% 

penicillamine and 1 M Ca2+: (A) before extraction, and (B) during extraction (but 

before completion of the process). 

For cell-culture experiment, the prepared hydrogel tubular networks could be 

embedded in another gel. In our work, we utilized agar gel as the second gel for the 

diffusion tests and cell culture experiments, as shown in Figure 2.5. Picture (A) 

presents bright-field images of the hydrogel tubule inserted with a glass capillary tube, 

which was used to introduce solutions. Pictures (B) and (C) show a hydrogel tubular 

network imbedded in agar gel. 
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Figure 2.5 Imbedding the alginate hydrogel tubular networks in agar gel. (A) A 

capillary tube, connected to a syringe pump, inserted into the hydrogel tubule. (B) and 

(C) the alginate tubular network, connected to a glass capillary tube, was imbedded in 

agar gel. 

Besides, according to the properties and gelation mechanism of alginate,92 the 

gelation of hydrogel is also an important factor in our strategy. In the experiment, we 

observed that the mechanical strength of the produced hydrogel structures was 

enhanced with increased concentration of the alginate solution. Therefore, we chose to 

use a high concentration of 3% (w/v), close to the maximum concentration possible to 

prepare. According to the scheme of fabrication, it could be deduced that the first step, 

electrolysis of copper, determines the wall thickness of generated hydrogel tubules. To 

understand the dynamics of this process, we investigated the relationship between the 

thicknesses of hydrogel tubule wall and the time of electrolysis. We chose 3.5-V as the 

voltage for electrolysis, as voltages higher than this produced uneven thickness of the 

wall. The plot in Figure 2.6 shows the trend of increasing thickness of hydrogel tubule 

wall along with the increasing time of electrolysis and the inset shows the 

corresponding bright-field microscope images. Based on the results, the hydrogel 

tubule wall quickly reached 200-µm thick in 10 seconds and reached over 400 µm in 

60 seconds, indicating that our method is controllable and very rapid in generating the 

hydrogel tubular networks. 
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Figure 2.6 Plot of the thickness of the hydrogel coating versus the period of applied 

potential for electrolysis. The error bars represent standard deviations for N=3 (inset: 

corresponding bright-field images, scale bars are 200-µm long). 

Other microscopy methods were also employed to further characterize the flexibility 

of our method. Figure 2.7A shows fluorescent microparticles uniformly entrapped 

inside the wall of the tubule, demonstrating that composite hydrogel tubules could be 

conveniently prepared by preloading particles in the starting material. According to our 

diffusion-cutoff test (Figure 2.9), biomacromolecules (e.g., growth factors) could also 

be immobilized in the hydrogel tubule in the same way, which would be extremely 

useful for subsequent applications involving mammalian cell culture. We also used 

scanning electron microscopy (SEM) to characterize the morphology of hydrogel 

tubular networks. Figure 2.7B and C show the environmental-SEM images of partially 

dehydrated hydrogel tubular networks. The images clearly show that the thickness of 

the tubule wall could be effectively controlled by changing the time of electrolysis, and 

the tubule wall was uniform without pinhole even if the wall was thin (Figure 2.7D).  
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Figure 2.7 Microscopic images of hydrogel tubular networks. (A) Light image of a 

tubular network made of fluorescent particles-doped alginate gel; inset is confocal 

fluorescence image of cross section. (B) and (C) are SEM images of partially dry 

tubular networks. (D) Cross section of a tubule with thinner wall fabricated by reduced 

time of electrolysis in alginate solution; inset is the tubule imbedded in agar gel. 

We also imbedded the fabricated alginate tubular networks in calcium alginate, 

gelatin and agar gel, respectively, and confirmed that in neither case the channels inside 

the alginate tubular networks were blocked, as shown in Figure 2.8. These hydrogels 

were employed as models of three different gelation mechanisms, which demonstrated 

that different gels could be used to fill the space outside the tubule, allowing great 

convenience and flexibility in choosing the most suitable matrix for constructing the 

3D cell culture. In summary, our method can not only control the shape and size of the 

hydrogel networks, but also the thickness as well as the composite of the tubule wall 

to meet different demands in 3D cell culture; also, different types of hydrogels could 

be conveniently loaded to fill the space outside the tubular structures without blocking 

the channels inside. 



45 

 

 

Figure 2.8 (A) Scheme (side view) and (B) photo (top view) of embedding hydrogel 

tubular networks in different types of hydrogel including agar, gelatin and alginate gel 

in Figure B. Figures b1 and b2 are fluorescence images of the end of a hydrogel tubule 

before and after injecting 1 mg mL-1 fluorescein, respectively. (C) Images showing the 

cross-sections of the alginate tube embedded inside different types of hydrogels. The 

scale bars in (C) are 200 μm long. 

Then we examined the feasibility and functionality of our as-prepared alginate 

hydrogel tubular networks for cell culture. A specific aim of our design is to use the 

tubular networks to support effective transportation of nutrition to cells, which means 

while supporting the fluidic flow through the channel inside the tubules, the hydrogel 

network should also allow diffusion of the nutrient molecules out the tubule wall. As 

alginate is a copolymer composed of blocks of mannuronic and guluronic acids, the as-

prepared calcium alginate hydrogel is porous and allows molecules smaller than its 

pores to pass through.92 To investigate the permeability of the hydrogel tubular 

networks, we used fluorescein and fluorescein isothiocyanate-labeled bovine serum 

albumin (FITC-BSA) as models for small and big molecules, respectively, in a 
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diffusion test of the hydrogel tubule, and the results are presented in Figure 2.9. We 

observed that FITC-BSA was restricted inside the tubule while fluorescein can 

penetrate the tubule wall, which is consistent with the principle of sieve effect of 

hydrogel. The results indicate that our alginate hydrogel tubules can mimic the function 

of blood vessels in certain degree for mass exchange in 3D cell culture. 

 

Figure 2.9 Diffusion tests in hydrogel tubular networks which were imbedded in agar 

using fluorescein (A) and FITC-BSA (B) as samples. In series A, a1 represent bright-

field image before injection. And fluorescence images a2 and a3 were taken at 0 min 

and 5 min, after introducing 1.25 mg mL-1 fluorescein solution, respectively. In series 

B, b1 were bright-field images before injecting FITC-BSA into the tubule. Image b2 

and b3 were taken at 0 min and 5 min, respectively, after injection of 2.5 mg mL-1 

FITC-BSA. (C, D) Fluorescence intensity profiles across the channel, for fluorescein 

(C) and FITC-BSA (D). (Scale bars represent 200 µm.) 

To further demonstrate the application of as-prepared hydrogel tubular networks in 

biological culture system, we conducted an experiment of gradient medium-based cell 

culture. Figure 2.10A shows the scheme of the experiment: first, two alginate hydrogel 

tubules with glass capillary tube inserted were imbedded in parallel inside a thin layer 
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of agar gel with a distance of around 1 cm; buffer solution PBS and LB medium were 

then injected into the two tubules, respectively. As a result, a gradient concentration of 

LB medium formed between the two tubules. Green fluorescence protein (GFP)-

expressing E. coli cells were then seeded in the area between the two tubules. 

Fluorescence images were taken along the direction of the medium gradient formed in 

the hydrogel slab after culturing for 4 hours. Figure 2.10B presents the fluorescence 

images of the entire region of gradient medium-based cell culture experiment. As 

depicted in the scheme, we injected LB medium into the hydrogel tubule on the right, 

and PBS buffer into the one on the left. LB medium diffused from right to left and 

formed a gradient of medium concentration, thus the cells on the right side in Figure 

2.10B grew into large colonies under sufficient supply of nutrient. On the contrary, 

cells on the left side grew slowly due to insufficient nutrition supply, and formed 

colonies smaller than those on the right side. The four images below, a, b, c and d, are 

zoom-in pictures of representative parts of Figure 2.10B, which show the cell growth 

at single cell scale under the gradient concentration of LB medium. 
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Figure 2.10 (A) Schematic of cell culture with gradient of medium formed inside 

hydrogel. (B) Fluorescence micrograph of the entire area of cultured GFP-E. coli after 

4 hours of culturing in the gradient of medium formed in the hydrogel thin film. Below 

image a, b, c and d are representative zoom-in zones from figure B, while a’, b’ c’ and 

d’ are further zoom-in images of a, b, c and d respectively. 

The results of different cell-growth rates fit well with gradient medium formed by 

hydrogel tubules in the thin layer of agarose gel; larger colonies formed at the region 

with more sufficient supply of nutrient. One interesting observation is that the 

fluorescence intensity from some of the GFP-expressing E. coli cells was stronger than 

that of others (see the zoom-ins, especially d and d’), resulting in bands of different 

brightness in the images. Considering the mechanism of cell division, it could be 
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deduced that the cells of similar brightness were from a same mother cell, and the 

difference in brightness may be attributed to the slight difference in the mother cells 

that caused (1) difference of GFP expression, as well as (2) leakage of GFP producing 

plasmids. Another finding was that the average length of cells with insufficient 

nutrition supply was greater than that of cells with sufficient nutrition supply (see a’, 

b’ and c’, d’). A possible explanation is that under deficient supply of medium, cells 

will slow down their division process and thus become longer.100 These results 

demonstrated the combination of diffusive gradient and single-cell level time-lapse 

tracking in cell culture. 

On the other hand, the hydrodynamic character of our vessel-assisted culture system 

is different from either static culture systems or conventional microfluidic cell culture 

systems. Whilst the use of channels allows microfluidic systems realizing flexible 

control/change of concentrations, overcoming the limitation of traditional static culture 

systems, the fluidic flow in the channels may hurt or even flush away the cells.101 In 

contrast, while our vessel system allows well controlled delivery of fluid through the 

bulk volume, the skin of the tubules eliminates flow around the cultured cells. Based 

on this character, we have a trustable flow-free environment to conveniently track the 

change of each specific cell during the culture process. As displayed in Figure 2.11, 

the growth of single cells was tracked clearly over time. Cells began to form colonies 

after 60 min, and after cultured for 4 hours, a single cell grew into a large colony. It is 

also shown in this series of images that some parts of E. coli colonies showed brighter 

fluorescence than others, and the daughter cells showed similar brightness to their 

mother cells according to the tracking over time. Moreover, since the cells are growing 

on top of the hydrogel, our system allows us to collect any cell at any time point 

throughout the experiment, which could be useful for certain applications, e.g., single 

cell analysis, drug resistance test. This demonstration illustrated that possible 

applications of this method are even broader than supporting 3D cell culture. Moreover, 

after completion of the culture, our system allows us to collect the cells by cutting the 

gel. 
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Figure 2.11 GFP-expressing E. coli growth process with time. Fluorescence pictures 

were recorded every 60 min. Most cells grew into large colonies (one example is traced 

by the red arrows), while circles track the cell stopped growing over time. The scale 

bars represent 50 µm. 

Subsequently, to present the new functions realized by creating channels inside 

commonly used hydrogels, we conducted an experiment using cell-growth medium 

with a gradient of nutrient concentrations to support the cell culture. We embedded the 

tubule networks in HepG2 cell-seeded agar gel to deliver nutrient-rich medium to 

support cell culture. As our hydrogel tubules are permeable to small molecules, culture 

medium will diffuse out when flowing through the tubules. Cells near a tubule will 

grow under sufficient medium supply, while cells far away from the tubule will lack 

these nutrients. A control experiment was also performed by loading the same density 

of cells in agar gel without culture medium supplied, although the moisture was still 

maintained. After culturing for 3 days, the agar gel was sliced into sections to determine 

cell viability. Based on the results of the live/dead assay shown in Figure 2.12, the 

viability of cells seeded near the tubule was higher than that of the cells far away from 

the tubule, while most of the cells died in the control group. The results indicated that 

our hydrogel microvascular networks are biocompatible and can be used for effective 

delivery of nutrient-rich medium to support a 3-D cell culture. The alginate tubule we 
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prepared was sufficiently dense, and therefore we did not observe any penetration of 

the tubule walls by cells, avoiding blockage of the channel by chemotaxis.  

 

Figure 2.12 Perfusion experiment of HepG2. (A) Schematic illustration of the setup 

for the test. Dashed line boxes indicate the positions for taking image B (near the 

tubule), C (about 300-µm from the tubule), and D (at the edge of the slice, about 3-mm 

away from the tubule). (B, C, D) live/dead fluorescence images of the sliced agar 

(Green: live, Red: Dead). (E) Live/dead fluorescence image of a control experiment 

taken with a cell-laden agar incubated without supplying culture medium (kept wet in 

PBS). (F) The statistics of cell viability versus distance away from the tubule. Scale 

bars are 200 µm long (error bar = ± SD; n=3). 
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2.4 Conclusions 

In this work, we have successfully fabricated alginate hydrogel tubular networks using 

a scalable “inside-out” strategy. Using simple electrolysis, dissolving and replacing 

processes, 3D hydrogel tubular networks with good mechanical strength can be 

generated quickly and conveniently. Also, this method is flexible, e.g., particles and 

biomacromolecules could also be loaded in the wall of the hydrogel tubules during 

preparation, and the thickness of hydrogel tubule wall can be controlled by the time of 

electrolysis. An important feature of our method is that cells and/or additional hydrogel 

could be introduced subsequently after the tubular structure is generated, allowing great 

flexibility in constructing the 3D culture system. Diffusion test confirmed that the 

alginate hydrogel tubular networks are permeable to small molecules but not to large 

molecules, which can mimic the essential function of blood vessels in delivering 

medium nutrition during 3D culture. Besides, the prepared hydrogel networks are 

biocompatible. We also demonstrated the generation of gradient concentration of LB 

medium using the prepared hydrogel tubules, and culturing E. coli cells and HepG2 

cells with this system. While this work already accomplished a facile, low-cost and 

scalable method to generate 3D branched tubular hydrogel structures that support mass 

transportation through bulk volume of cell culture, and yet the self-supporting character 

of the tubular network allows further extension of the technique, e.g., to seed cells in 

coaxial layers to produce structures that are more identical to blood vessels in both 

structure and functionality. Our next plan is to introduce mammalian cells into the 3D 

culture study and gradually develop the strategy to seed cells in a sequence from both 

inside and outside the tubule wall, to construct coaxial 3D cell structures like real blood 

vessels.  
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CHAPTER 3 A ONE-STEP STRATEGY FOR MASS PRODUCTION OF 

PLASTIC MEMBRANE MICROFLUIDIC CHIPS 

3.1 Introduction 

With the advances in microfluidic chip materials and corresponding fabrication 

technologies, microfluidics has realized many important new functions and become 

enabling tools in various fields in research.102 The conventional strategy for fabricating 

microfluidic chips involves two steps, generating channel structures in a flat substrate, 

and sealing of the channels with a roof. This strategy was first employed to fabricate 

silicon and glass microfluidic chips with photolithographic technologies used in 

semiconductor industry;25,30,103 the produced devices are costly (tens to hundreds of 

dollars per chip), but resistant to heat and solvents, and could realize very small 

channels when silicon is used.8,46,104 Subsequently, the development of polymer-based 

microfluidic chips, using polydimethylsiloxane (PDMS),9,23,36 poly (methyl 

methacrylate) (PMMA),11 polycarbonate (PC),12 polyethylene (PE),13 polystyrene,15 

poly(vinyl chloride),16 polyimide,17 cyclic olefin copolymer,18 and hydrogels,83 

simplified the fabrication process, reduced the cost of production, and extended the 

functions of devices, e.g., on-chip valve control and cell culture. Accordingly, different 

microfabrication techniques are used, such as replica molding,32,36 injection 

molding,38,48 thermoforming,105,106 and hot-embossing.11,17 These devices have become 

important new tools in various research fields.24,107,108 However, the two-step 

fabrication strategy inherently raised the cost and limited the throughput of production, 

e.g., the bonding of polymer chips is normally accomplished with oxygen plasma 

treatment, nanometer-thick glue layer, dissolving solvent, or melt-bonding, et 

al.47,109,110 Besides the two-step fabrication strategy, there are also single-step strategies 

reported, which make it possible to fabricate 3D microchannel structures. For example, 

one way is to use sacrificial templates to determine the internal shape of the 

channels.42,44,45,111 But the removal of the template is normally time-consuming and 

often involves organic solvents or extreme conditions such as high temperature, and 

dissolving the sacrificial templates could take long.42,44 3D printing has been employed 
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as another single-step fabrication strategy, but it is still costly and unsuitable for large 

scale production because of the relatively slow printing speed.112-114 Moreover, 

Fabrication cost is one of most considerable issues in production and practical 

applications. For instance, it is estimated that fabrication of semiconductor chips 

consumes approximately 45 g of chemicals (e.g., solvents, photolithographic chemicals) 

per cm2 chip area,115,116 which is still unaffordable for most of researchers and mass 

production. 

While the aforementioned methods have found numerous applications in research 

laboratories, few commercial products have been launched, mainly obstructed by the 

cost in fabrication, reliability of devices for use and storage, and apps needed. Towards 

the demand of cost-effective devices for commercial applications, some smart designs 

of paper based microfluidic devices have been reported.117,118 Because paper can hold 

water in it, after simply printing hydrophobic materials onto certain area of a paper the 

remaining area on the paper can serve as microfluidic channels without the need of 

sealing the channel roof. This strategy is very useful for bioassays where passive 

pumping is desired; nevertheless, it is less suitable for certain applications involving 

heating, volatile solvents, or particles/droplets/beads, etc., and is not easy to realize on-

demand valving and pumping on chip. For such applications, a solution to produce 

affordable microfluidic devices is still in high demand.  

When considering the possibility of any new strategy to fabricate microfluidic 

devices in a truly fast and cost-efficient manner, we were attracted by the methods of 

commercial production of plastic bags for packaging foods, and that for sealing 

documents using plastic covers. The former uses flexible plastic films, e.g., PE, and 

the latter uses rigid plastic films, e.g., EVA coated PET; but both employ a hot press 

to bond the two membranes at the boundary, which only takes a few seconds. Interested 

by the extremely high speed and low cost of such processes, we did some preliminary 

attempts to see if similar strategy could be introduced for the fabrication of microfluidic 

devices. Unfortunately, the adoption of neither strategy was successful; however, the 

attempts inspired us to create a new strategy. Interestingly, we found that the 

combination of a soft film and a rigid film, with the help of a special stamp for heat 

bonding, automatically generated microchannels as the soft film rose up when heated, 
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allowing the fabrication of microchannels in a single hot-pressing step, with the speed 

and cost just like those to seal a plastic bag. 

Herein we describe this method for manufacturing microfluidic chips, which is 

super-fast (within 12 seconds per piece) and extremely cost-effective (less than $0.02 

per piece). Different from the conventional two-step strategy for fabricating sealed 

microchannels, our method generates microchannels in a single step. In this method, 

we use a perfluoropolymer perfluoroalkoxy (PFA) (often called Teflon PFA; Teflon is 

the brand name of the product of DuPont) negative mold as a stamp to thermal-bond 

two pieces of plastic membranes, low density polyethylene (LDPE) membrane, and 

polyethylene terephthalate (PET) membrane coated with ethylene–vinyl acetate 

copolymer (EVA). During the fabrication process, the pre-heated PFA mold pressed 

the piled membranes; because of its relatively large thermal expansion coefficient, the 

LDPE layer spontaneously rose up at the area not pressed, forming microfluidic 

channels; at the meantime, the channels were sealed as the area pressed were bonded 

by the molten EVA layer. With this mechanism, strong bonding of chips with clear 

channel feature was successfully achieved within seconds, and the non-stick PFA mold 

automatically separated from the produced chip afterwards, making the operation very 

convenient and easy to scale up. Also, involving no reagent or waste, this method is 

extremely energy efficient and environmental friendly. We demonstrated typical 

microfluidic manipulations with the as-prepared flexible membrane chips, including 

valve operation, formation of droplets, capillary electrophoresis separation; we also 

showed some unique functions of the chip, such as on-chip pumping operation for 

quantitative delivery of volatile solvents. In addition, we demonstrated portable, 

disposable, pump-free detection of lead ions in water samples as an example of real 

applications of the membrane chip prepared using this method. We believe this ultra-

fast, ultra-low cost, mass producible, environmental friendly method for microfluidic 

chip fabrication could bring new opportunities for the commercial implementations of 

microfluidic technologies. 
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3.2 Experimental sections 

3.2.1 Preparation of Teflon PFA mold 

Recently, we developed a method to conveniently fabricate whole-Teflon microfluidic 

chip with similar ease as the standard soft lithography.22 We used this method to 

prepare the PFA mold in this work. Briefly, we printed the designed microchannel 

patterns onto transparencies, and used them as masks in photolithography to create 

negative photoresist (SU8-2050, Microchem, USA) templates on silicon wafers. Other 

templates with dimension larger than 100 micrometers were printed directly by a 3D 

printer (Miicraft, Hsinchu, Taiwan). Then the patterns on silicon wafers or 3D 

templates were transferred using a PDMS intermediate mold into a piece of Teflon 

perfluoroalkoxy (Teflon PFA, Yuyisong, China). We cast a thin layer of PDMS 

precursor (about 500 µm thick) by spin-coating at 400 rpm using a formula of 5:1 of 

part A: B (Momentive RTV 615, USA) against the negative template, followed by 

heating in an 80 ºC oven for 1h to cure the PDMS. After the PDMS was cured, we 

peeled off the PDMS positive master and tiled it on a glass slide and placed the stack 

in a 250 ºC oven for 1 h. After this baking process, the PDMS stuck to the glass slide 

irreversibly. Finally, we molded Teflon PFA sheet by the PDMS masters on a thermal-

compressor (TM101, Xintaiming, China) for 3 minutes at 270 ºC. 

3.2.2 One-step thermal-bonding of plastic microfluidic chip 

First, a PFA mold was fixed on the top substrate of the hot embosser which was then 

preheated to 130 °C. Two pieces of thin plastic membranes, a 40-µm thick low-density 

polyethylene (LDPE) membrane (Lings, China) as the top layer and a 15-µm thick 

ethylene vinyl acetate (EVA) coated 100-µm thick polyethylene terephthalate (PET) 

layer (Deli, China) as the substrate, were placed on the bottom stage (Figure 3.1). A 

500-µm thick PDMS membrane was sandwiched between the two embossers, which 

helps to distribute the pressure evenly to the plastic membranes. During the thermal-

bonding process, the upper stage moved down and pressed the membranes for 10 

seconds. The pattern on the PFA negative mold was transferred to the membrane and 
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at the same time microchannels were formed. Finally, the embosser moved up and 

separated from the membrane chip after pressure. 

3.2.3 Investigation of bonding temperature and time of pressing, as well as 

the section profile of the plastic membrane chips 

A PFA mold with 800-µm wide microchannels was used as stamp to replicate a series 

of plastic microchips under different conditions and the heights of channels were 

measured afterwards. Firstly, we fixed the temperature of upper embosser at 131 °C 

and adjusted pressing duration every 2 seconds from 8 to 16 seconds. Then, we changed 

the temperature of upper embosser from 123 to 131 °C at a step of 2 °C under a fixed 

pressing time of 10 seconds to thermal-bond the plastic membrane. The pressure used 

for all the above experiments was 0.6 MPa.  

To further understand the dependence of the channel profile on the width of the 

channel and the thickness of the channel roof, we used a series of molds with different 

widths (1500 μm, 1000 μm, 600 μm, and 300 μm) and PE membranes with different 

thicknesses (75 μm, 40 μm, and 20 μm) to fabricate plastic membrane chips, and 

measured the ratios of height-to-width of the channels. The bonding conditions were 

0.6 MPa, 126 °C, and 10 seconds of pressing. 

3.2.4 Channel fouling test 

We filled our plastic membrane channel and PDMS channel with 0.1 mg mL-1 

Rhodamine 6G (R6G, obtained from Sigma-Aldrich, Hong Kong, China), 10 μM 

Cyanine dye 3 labelled single-stranded oligonucleotide (5’-Cy3-

T3GTATA4G4T2G3TG3T3ATACA3T2-A2T2A2TAT2GTATG2TATAT3AT2A2-3’, 

purchased from Techdragon Inc. Hong Kong, China), and 0.1 mg mL-1 Green 

fluorescence protein (GFP) aqueous solution, respectively, and then incubated at room 

temperature for 10 min. Fluorescence images were taken by microscope (Eclipse Ts2R, 

Nikon) before and after rising channels with more than 100 times of the volume of the 

microchannel water (0.5 mL). Fluorescence intensity was quantified by ImageJ 

software (V1.50, National Institutes of Health, Bethesda, Maryland). 
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3.2.5 Peristaltic pump operation 

To demonstrate that the channel roof (made of LDPE) could automatically restore to 

its original shape after squeezed, a “Christmas tree” channel network was filled with 

aqueous solution of crystal violet dye (purchased from Tianjin Bodi Co., LTD, China), 

leaving a few air bubbles trapped at the corners of the channel structure, and then the 

channels were wiped using a PDMS slice to remove the bubbles from the corners of 

the channels (Figure 3.8A and B). Another test was conducted to demonstrate precise 

delivery of volatile solvent using the as-prepared flexible plastic chip based on 

peristaltic pumping (Figure 3.8C and D). For this test, a series of channels with volume-

determining chambers of different designed volumes were used. 75% ethanol in water 

was injected into the inlet of each channel to fill the reservoir chamber and the 

downstream volume-determining chamber. The liquid was then squeezed out of the 

volume-determining chamber and collected by a small vial on an analytical balance 

(Fisher Scientific, US, with sensitivity of 0.1 mg). The vial was filled with water to 

reduce evaporation of the collected solvent. The squeezing was repeated 5 times before 

a reading from the balance was taken, and the weight of delivered solvent was 

calculated by the increment of reading of the balance. After each time of squeezing, 

the volume-determining chamber was automatically refilled by the connected reservoir 

chamber.  

3.2.6 Valving operation 

Red ink (purchased from Tianjin Bodi Co., LTD, China) was injected into the 500-µm 

wide cross-design micro channel from one inlet, and other outlets were blocked or 

unblocked by metal clips to valve the ink flow to different channels (Figure 3.9). 

3.2.7 Droplet formation  

Droplets generation test was conducted on a plastic membrane chip containing a cross-

shape microchannel, 500-µm in width (Figure 3.10). Silicone oil (purchased from 

Sigma-Aldrich) and crystal violet dye in 0.5 wt.% sodium dodecyl sulfate (SDS, 

purchased from Sigma-Aldrich) aqueous solution were introduced to the short arm and 

the long arm of the cross channel at flow rates of 50 µL min-1 and 25 µL min-1, 
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respectively. Droplets were formed in the long channel. Images were captured by a 

microscope (ML-30, China) equipped with Infinity 2 digital camera (Lumenera 

Corporation, Canada). 

3.2.8 Capillary electrophoresis separation 

Capillary electrophoresis (CE) was performed on a membrane chip with cross-shape 

channel design (Figure 3.10). Two shorter arms of the channel, each 5-mm in length, 

were used for injection. The separation was conducted in a 20-mm arm of the 

microchannel. The buffer used was 10 mM borax in 0.2 wt.% SDS solution; the sample 

was a mixture of 0.1 mM fluorescein and 0.1 mM Rhodamine 6G. The sample was 

electrokinetically (pinch mode) injected into the sample loading channel, and separated 

in the separation channel under voltage of 150 V cm-1 controlled by a custom made 

programmable high-voltage power supply. The separation process was inspected under 

fluorescence microscope. 

3.2.9 Lead(II) ions detection 

A solution of 1.5-µL single-stranded oligonucleotide (obtained from Techdragon Inc. 

Hong Kong, China)119 (PS2.M: 5’-GTG3TAG3CG3T2G2-3’, 10 μM) and 2.5-µL Pb2+ 

ions (purchased from Sigma-Aldrich) with different concentrations in Tris buffer 

(purchased from Sigma-Aldrich) (10 mM Tris–HAc, pH 7.2) were introduced into the 

chambers 1 and 2 respectively via squeezing the two parallel chambers at the same 

time and then mixed on-chip in the next chamber 3 with the assist of microchannel 

structure. The chip was then heated to 95 °C for 5 min, and cooled to 0 °C subsequently 

on a custom thermal stage to ensure the formation of G-quadruplex. (Scheme of the 

reaction available in Figure 3.11) In the detection measurement, a solution of 1.5-µL 

complex 1 (prepared using literature methods120) (5 μM) was added into the chamber 

4 and mixed with the annealed G-quadruplex/Pb2+ solutions by squeeze-pumping. The 

luminescence emission intensity at 580-730 nm was recorded at 25 °C under 

microscope (ML-30, China) with excitation light of 365-nm wavelength. The images 

taken under fluorescence microscope were analyzed using Image J software to extract 

the information of luminescence intensity. 
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3.3 Results and discussion 

In this work, we developed a novel approach capable of mass producing microfluidic 

chips at very high speed and low cost. A microfluidic chip made of flexible plastic 

membrane can be fabricated in a single step within a few seconds with our method. 

Figure 3.1 illustrates the mechanism of our method. First, a PFA negative mold, 

fabricated using a method we developed previously,22 was fixed on the top moving 

stage (labeled as top substrate in the figure) of the embosser and preheated to 130 °C; 

two pieces of plastic membranes, LDPE and EVA-coated PET, were placed on the 

bottom stage of the embosser which was set at room temperature. During the 

fabrication, the top stage moved downward and the heated PFA mold pressed the 

plastic membranes. The area of the membranes pressed by the PFA mold sealed into 

one piece; the area not pressed rose up and formed microchannels owing to the thermal 

expansion of the LDPE membrane. After pressing, the top stage quickly retracted, 

removing the Teflon PFA mold from the membrane immediately. Note that the 

membranes were not fixed on the bottom stage, but it spontaneously separated from 

the Teflon mold when the top stage retracted, attributed to the anti-stick property of 

Teflon. 



61 

 

 

Figure 3.1 Schematic of the one-step fabrication of plastic membrane microfluidic 

chips. (A) Preheating the Teflon mold. The Teflon negative mold, which is fixed on 

the upper heater of the hot embosser, is firstly preheated to 130 °C; a PE membrane 

(on top) and a hybrid of EVA/PET membrane (at the bottom) are stacked coaxially and 

placed on the PDMS-coated lower stage of the embosser, which is set to room 

temperature (RT). (B) Thermal-bonding the membrane chip. In the thermal-bonding 

process, the upper heater moves down and presses the membranes, and channels (arrow 

tacked) were formed in the area that have not been pressed. (C) Removing the Teflon 

mold. After pressing, the top heater and Teflon mold are lifted and separated from the 

prepared plastic membrane chip. 
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Table 3.1 Tested materials as the mold for fabricating of microfluidic chips in plastic 

membranes by our one-step hot pressing method. 

Materials 

Performances Suitable for 

forming 

microchannel 

Melting 

temperature 

Thermal 

conductivity 

Nonstick to 

LDPE film 

Teflon 

PFA 
240-260 °C Good Good Yes 

PS/PMMA 130-140 °C Fair Poor No 

PDMS N/A Poor Poor No 

Glass N/A Good Poor No 

Metal (Al) 660 °C Good Poor No 

 
In the method, the first key step is the preparation of the negative mold used as a 

stamp to thermal-bond the two pieces of plastic membranes. The mold needed here 

should fulfill several requirements. First, the mold should distribute uniform/even 

pressure to the area designed to be sealed, and quickly transfer heat to the pressed area 

to ensure localized heating. Second, it should not stick to the plastic membrane so that 

after the short pressing period it could be easily released from the chip. Third, the mold 

should have a melting point much higher than the plastic membranes used for 

fabricating the chip, and sufficient mechanical strength to keep/maintain the structure 

of the micropatterns when heated up. We found that the Teflon structures produced 

with our previously published method22 could be a perfect choice. Being famous as a 

nonstick material, perfluoropolymers have been broadly used to assist mold releasing; 

also, it has excellent thermostability and acceptable thermoconductivity, and thus has 

been widely used for cookware coating. In contrast, we found molds prepared with 

other materials (Table 3.1), e.g., PDMS, PMMA, glass and metal, either has 

insufficient thermoconductivity or could not easily separate from the bonded plastic 

chip after hot pressing.  
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The second key point of current method is the choosing of proper membranes for 

fabricating the device. We chose LDPE membrane to form microchannels owing to its low 

rigidity and high thermal expansion coefficient which allows it to expand and rise up 

spontaneously when heated to form channels. Whilst, the PET membrane was used as 

substrate because of its high melting point and low thermal expansion coefficient, as 

well as good mechanical strength.110 Another important design of the method was to 

use the EVA layer as glue to adhere the LDPE membrane and the PET layer. From our 

tests, removing anyone from the combination caused failure of the method. In our pre-

experiment, we tried to simply use two pieces of LDPE membranes, just like what are 

used for producing bubble films, to fabricate the chips. However, we never obtained 

acceptable result despite of adjusting the temperature, pressure, and time length for 

bonding; the chips were either easy to split, or completely merged and lost the channel 

structure. In this case, we believe simply using LDPE to fabricate the entire chip would 

not work.  

To solve this problem, we introduced another type of transparent film, EVA coated 

PET, which is commercially available at very low price, and widely used for sealing 

documents as protective cover/shield. In this hybrid film, the PET layer, which is rigid 

and has a high melting point between 250 °C and 260 °C, is used to provide mechanical 

support that keeps the shape of the channel pattern as it would not shrink when heated; 

the EVA layer, which has a low melting point of around 100 °C, is used as a melt 

adhesive to bond the upper LDPE layer to the PET layer at the area pressed during the 

hot-pressing process. Owing to its high thermal expansion coefficient, LDPE film can 

spontaneously rise up at the designed channel region to form semi-rounded channel, 

while the PET layer would keep flat. With this combination, strong bonding of the chip 

with clear channel feature was achieved after the hot pressing. Figure 3.2 shows a 

bright-field image of the cross-section of the prepared plastic membrane chip. 
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Figure 3.2 Bright-field microscopic image of the cross section of a bonded plastic 

membrane chip.  The bottom layer of the plastic membrane is a hybrid of EVA and 

PET, and the top layer is PE. The dashed lines indicate the boundary of the three layers 

after thermal bonding.  

Another practical issue to be addressed in our method is the alignment of the 

working surfaces (the Teflon mold and the supporting surface for the plastic 

membranes) to ensure even/uniform pressure distribution to the area designed to be 

bonded. Because the membranes are only ~200-µm thick in total, we found that even 

tiny misalignment of the two stages of the hot embosser could lead to failed sealing of 

the microfluidic chip due to the uneven pressure to the membranes, which normally 

appeared as part of the chip unsealed. To address this challenge, we introduced a PDMS 

membrane as a compressible layer (Figure 3.1), which helps balance the pressure of 

the Teflon master to the plastic films. This design effectively solved the problem of 

misalignment. We adopted a non-standard formulation to cure the PDMS, as 20:1 cured 

PDMS is softer than normal PDMS and thus works better as an automatic pressure 

regulator. The PDMS layer also served as a thermal isolate to ensure the resolution of 

the channel fabrication through the following mechanism. The thermal isolation at the 

bottom of the fabricated membrane is needed because the formation of high-resolution 

channel pattern relies on highly localized distribution of both pressure and heat. When 

we put the plastic membranes directly on the metal bottom stage of the embosser, which 

is a good thermal conductor, the non-pressed area of the membranes tended to partially 

bond as well, presumably because the heat was transferred to the non-pressed area 

through the thermal conducting substrate.  
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To achieve the best performance of the method, we investigated the effects of 

several key factors including pressure, temperature and duration of pressing. All the 

three parameters affected the cross-section profile of the formed channels. High 

bonding pressure is helpful to seal the plastic films firmly with high resolution of 

patterns; normally we sealed the microfluidic system under 0.6 MPa (it should be noted 

that to keep the pressure constant, the force applied depends on the size of the Teflon 

mold). While a sufficient bonding pressure would simply help, comparatively, the 

bonding result was more sensitive to the bonding temperature and the pressing time. 

The bonding temperature needs to be high enough to melt the EVA layer, but not too 

high as otherwise the designed channel will merge. The pressing duration showed 

similar impact. Too short a time of pressing could not achieve sufficient bonding 

strength, while too long a time caused desired channels to merge. 

 

Figure 3.3 (A) SEM characterization of the Teflon negative mold and (B) cross-section 

of the prepared plastic membrane chip. (C) The plot of equivalent heights (height to 

width) for an 800-μm wide microchannel versus time of pressure at a fixed temperature 

of 131 °C and (D) versus temperature with fixed duration of pressure for 10 seconds. 

The pressure used for all the above experiments was 0.6 MPa. 

As shown in Figure 3.3, we sealed 800-µm wide channels under a series of 

conditions, and inspected the cross-sections of the generated channels. The plots in 
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Figure 3.3C and 3.3D show that the equivalent heights of channels decrease as the 

temperature and/or the pressing time increases. In this way, the cross-sectional profile 

of the channels could be tuned with the selection of bonding conditions. By testing the 

bonding performance using crystal violent dye, we found that the minimal channel 

width that was around 50 µm, when 20-µm thick PE membrane was used as the top 

layer (Figure 3.4a); when thicker PE membranes (e.g., 40-µm thick) were used, the 

minimum channel width was slightly larger, while even thinner PE membranes (e.g., 

10-µm thick) were easy to adhere to the bottom layer at wide channel area (Figure 3.4b). 

 

Figure 3.4 Test of thin membranes for fabrication of chips. (a) The channel (filled with 

crystal violet dye) was fabricated using 20-µm thick LDPE membrane. Channels were 

merged (oval) with bottom EVA coated PET layer using 10-µm thick cling wrap (b). 

(Scale bars are 500 µm long.) 

Meanwhile, when we gradually increased the width of the channel, the height of the 

channel first increased and then roughly stabilized, resulting in height-to-width ratios 

that first increased and then slowly decreased (Figure 3.5).  When the channel width 

reached about 50 times of the thickness of the PE membrane (the roof of the channel), 

the formed channels started to collapse (Figure 3.5A).  When a thicker PE membrane 

was used to fabricate the device, the maximum channel width could be further extended. 

On the other hand, when a thinner PE membrane was used, the minimum channel width 

was further reduced (Figure 3.5B). 
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Figure 3.5 Dependence of channel profile on the width of channel (A), and on the 

thickness of the channel roof made of a PE membrane (B). (C) Peak height to width 

ratio of fabricated channels shown in A. Scale bars are 200 μm.  

 

Figure 3.6 Test of the bonding strength of as-prepared chips. The connection interfaces 

at channel inlet and outlet were fixed by epoxy glue (a). The 100-µm wide 

microchannel and the connection interfaces were well sealed when the air pressure was 

up to 290 KPa (b). The connecting interface broke (arrow) when the air pressure was 

300 KPa, but the microchannel still did not leak (c). (Scale bars are 2 mm.) 
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Then we examined the bonding strength of as-prepared plastic film-based 

microfluidic chip using water driven by compressed air. We fabricated 100-µm wide 

straight channels and connected tubes to introduce water (dyed in red) into the channels; 

then sealed one end of the channel after the infusion. We increased the air pressure to 

300 KPa and found no leakage. Once the pressure went above 300 KPa, it was always 

the connection interface between the tube and the channel, made with epoxy glue, 

finally broke down while the channels were still well sealed (see Figure 3.6). Therefore, 

the 100-µm wide channels can withstand at least 300 KPa pressure, which is sufficient 

for most microfluidic applications.121  

 

Figure 3.7 Comparison between plastic membrane chip and PDMS chip on the 

absorption of biomolecules. (A) and (C) are fluorescence images of the channels after 

injection of 0.1 mg mL-1 Rhodamine 6G (R6G), 10 μM Cy3-labelled single-stranded 

oligonucleotide, and 0.1 mg mL-1 GFP into plastic membrane chip and PDMS chip, 

respectively, while (B) and (D) are fluorescence images of channels in (A) and (C) 
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after washed with water. (E) The normalized fluorescence intensity in the channels 

corresponding to the images in B and D. (Scale bars represent 200 µm.) 

Besides, we studied the resistance of our membrane chip against the adsorption of 

small molecules. We injected 0.1 mg mL-1 Rhodamine 6G into our membrane chip and 

PDMS chip, respectively, and then incubated at room temperature for 10 min. As 

shown in Figure 3.7, a significant fluorescence signal was recorded on the wall of 

PDMS chip after rinsing; in contrast, no fluorescence signal was observed in the plastic 

film chip under the same condition. The result suggests that our plastic film chip has 

good resistance against absorption of small molecules, which is useful in quantitative 

analytical applications. 

 

Figure 3.8 Peristaltic-pumping operations. (A) and (B) are bright field images of the 

squeezing operation on a membrane chip. At the beginning of introducing crystal 

violent dye solution into the microfluidic system, some air bubbles were trapped inside 

the channels (arrows), especially in the corner of the sinuate channels. After squeezing 

the bubbles using a PDMS cylinder, the channels were fully filled with the solution (B). 

(C) Design of three microfluidic channels used for peristaltic-pumping operation tests 
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with different volume-determining chambers. (D) The plot of total volume of delivered 

ethanol solution versus number of cycles of squeezing operation. Scale bars in A and 

B are 2 mm. 

Subsequently, we evaluated the functions of the membrane chip in typical 

microfluidic operations, such as valving, droplets generation, mixing and capillary 

electrophoresis (CE). As the plastic membrane microfluidic chip fabricated with our 

method is flexible with out-of-plane channels, it is convenient to squeeze the liquid in 

the channel or block the channel by simply applying force from outside. An example 

is shown in Figure 3.8A, when filling a “Christmas tree” channel with aqueous solution, 

some bubbles were trapped in the channel corners; however, they were easily removed 

by simply squeezing with a PDMS slice or increasing the flow rate (Figure 3.8B). In 

addition, we extended the peristaltic-pumping spirit to delivering fluid, including 

volatile solvents, using our plastic chip. Pipetting accurate amount of liquids is 

important in analytical procedures but it has been difficult to accurately deliver volatile 

solvents using commercial pipettes due to the expansion of solvent vapor in the void 

space of the pipette chamber. In our system, the squeeze-pump chambers could be fully 

filled without any void space, which could be more capable of delivering volatile 

solvents than auto pipettes. To test the accuracy of liquid delivery, we designed a series 

of chambers with fixed length and different widths as volume-determining chambers, 

and connect each of the chambers to a larger chamber, which serves as a supply 

reservoir, as shown in Figure 3.8C. We used a PDMS slab to squeeze the liquid in the 

volume determining chambers into the channels, and weighed the liquid extruded from 

the channel outlet after a certain number of squeezing cycles. As shown in Figure 3.8D, 

we were able to accurately deliver very small amounts of volatile solvents using the 

plastic membrane chip. Apparently, the device could precisely pump non-volatile 

liquids as well. Statistical analysis revealed that the amplitude of inter-device error was 

similar to that of repeated operation on a same device, indicating the devices could be 

used as disposable products for single-time use (Table 3.2 and 3.3).  
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Table 3.2 Analysis of inter-chip reproducibility of fluid delivery.a 

chips chip1 chip2 chip3 chip4 

1st measurement 0.0020 0.0019 0.0018 0.0018 

2nd measurement 0.0022 0.0022 0.0020 0.0021 

3rd measurement 0.0023 0.0019 0.0023 0.0018 

a Weight of delivered liquid (g) for three repeated measurements by the as-prepared 

plastic membrane microfluidic chips fabricated with a same stamp. 

Table 3.3 Result of Analysis of Variance (ANOVA). 

ANOVA       

Source of 

Variation 
SS df MS F P-value F crit 

Between Groups 1.33E-07 3 4.44E-08 0.9588 0.4576 4.066 

Within Groups 3.71E-07 8 4.63E-08    

Total 5.04E-07 11     

Meanwhile, it is also convenient to realize valve function on the membrane chips. 

As shown in Figure 3.9, we fabricated 500-µm wide cross channels and pumped red 

ink into the channel; the channels can be easily blocked and unblocked with metal clips 

due to the flexibility of plastic films. The results indicate that the plastic film chips 

offer great convenience in fluid manipulation. 
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Figure 3.9 Images of valving operation tests. (A) Red ink was pumped into the channel 

from inlet 1; channel 2 and channel 3 were blocked by two metal clips. (B) Channel 2 

was unobstructed by removing the metal clip, while channel 3 was still blocked by a 

metal clip. (C) Channel 3 was unobstructed by removing the clip. (D) Channel 2 was 

blocked again while Channel 3 was left unobstructed. (Scale bars denote 5 mm) 

To further demonstrate the applicability of the membrane chips in typical 

microfluidic operations, we formed droplets and carried out CE separation on the chips. 

As shown in Figure 3.10B, we pumped silicone oil into channels 1 and 3, and dyed 

water into channel 4, respectively, and droplets were formed in channel 2. Figure 

3.10C presents the on-chip CE separation of fluorescein and Rhodamine 6G we 

performed on the chip. We found that the electroosmotic flow in our plastic channel 

was insufficient for CE separation; in this case, we used sodium dodecyl sulfate (SDS) 

solution to assist the electrophoresis, and realized satisfactory speed of migration of 

the CE bands. 
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Figure 3.10 Bright field images of laminar flow formation (A) and droplet formation 

(B), and fluorescence images of on-chip electrophoresis (C). In test B of droplet 

formation, crystal violet solution and water were infused from the channels 1 and 2, 

respectively. Droplets were formed in the channel 2 as indicated by an arrow (b). In 

test C of CE, fluorescent solution was introduced to the channel 1 (a), and CE was 

conducted in channel 2. Two samples were eluted in channel 2 (b). Scale bars are 500 

µm; yellow arrows show the direction of electroosmotic flow. 

Finally, we developed a simple, convenient, and cost-efficient method for detecting 

lead ions in water using a disposable membrane chip without any external pump, which 

demonstrated the implementation of the technology developed in current work in real 

world applications. The detection used a luminescent iridium(III) probe we reported 

previously.120 The principle of detection is that lead ions can assist the designed single-

stranded DNAs to form G-quadruplex conformation, which can greatly enhance the 

luminescence emission of the iridium(III) probe, as presented in Figure 3.11.  
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Figure 3.11 Schematic illustration of formation of G-quadruplex in the presence of Pb2+ 

ions and structure of luminescent switch-on probe complex 1.  

The membrane chip in this design fulfills several functions, including (1) inject 

predetermined amount of sample for testing; (2) effectively mix the sample with 

reagents; (3) prevent water evaporating during incubation; (4) save reagent by reducing 

the consumption. As no auto-pipette or external pump is required, and the chip is 

inexpensive, the platform would be friendly to none-expert consumers and resource-

limited situations. As shown in Figure 3.12A, the chip includes chambers for loading 

solutions and infusing samples, as well as channels for mixing solutions. First, the 

water sample (for detecting lead ion) and the DNA solution were loaded into the 

corresponding reservoirs, and then injected into the two parallel chambers 1 and 2 at 

the same time by squeezing; the solutions were mixed when passing through the mixing 

region and then introduced into an incubation chamber 3. While the liquid was in 

chamber 3, the chip was heated to 95 °C for 5 min to form G-quadruplex/Pb2+ complex. 

Subsequently, another squeezing step was applied to chambers 3 and 4, driving the G-

quadruplex/Pb2+ solution and the luminescent probe solution through a mixing unit; the 

resulted mixture was delivered to the detection zone, and its luminescence signal was 

recorded under microscope. As the measurement requires only the reading of 

luminescence intensity, the microscope used in current demonstration could be 

replaced with a less expensive optical sensor in real implementations. The detection 

limit was calculated to be ~30 nM under current setup (Figure 3.12B), and the whole 

detection process only takes less than 10 min with two simple squeezing operations. 
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This example showed that our membrane microfluidic chip is well suitable for portable 

and disposable uses without the need of laboratory tools such as auto pipette and 

syringe pump. We believe that the plastic membrane chips will find broad applications 

in the field of point-of-care analysis. 

 

Figure 3.12 (A) Design of the chip for lead ion detection. Inset: as-prepared plastic 

membrane chip with a thickness of around 150 µm. (B) The plot of relationship 

between the luminescence intensity and Pb2+ ion concentration. Inset: fluorescence 

images of corresponding concentrations of lead ions after reaction. Scale bar is 10 mm 

long in Figure A. 
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3.4 Conclusions 

We developed a one-step method for rapid fabrication of plastic membrane-based 

microfluidic chip with very low cost (less than $0.02 per chip). In this method, a heated 

Teflon negative mold was used as a stamp to mass-produce plastic membrane 

microfluidic chips at a rate of 12 s per chip. A three-layer hybrid membrane 

configuration was employed to realize the on-step formation of channels, including a 

thermal expanding layer, a thermal glue layer and a thermal resistant layer. The 

channels are formed by spontaneous rising of the thermal expanding layer at where not 

pressed by the heated Teflon mold and tight bonding of the layers at where pressed by 

the mold. Current method demonstrated an alternative to the conventional strategy of 

microchannel fabrication that includes two steps, generation of channels on a substrate 

and then sealing them. The produced chips could realize normal microfluidic functions 

such as valving, droplets generation, electrophoretic separation; they also offer 

additional functions such as on-chip pumping and controlled delivery of desired 

volume of liquid. The anti-fouling property of these devices is better than those made 

of PDMS. The system demonstrated in this work using the membrane chip to detect 

lead ions in water samples serves as an example of the practical application of current 

method, which realized low-cost, rapid and user-friendly on-site analysis in resource-

limited environment. The convenient and rapid method presented in this work holds 

great promise for benefiting the commercialization and wider usage of microfluidic 

technologies owing to the ability of mass production of our method, attributing to the 

simple fabrication process and low-cost of materials. 
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CHAPTER 4 STUDY OF MICROFLUIDIC SYNTHESIS OF MOFS IN AN 

AQUEOUS SYSTEM 

4.1 Introduction  

Zeolitic imidazolate framework (ZIF-8), an important sub-class of metal organic 

framework (MOF), has found broad applications in chemistry and biology due to its 

unique characters such as both high thermal and chemical stability with large cages and 

small apertures.122 ZIF-8 is composed of zinc ions coordinated by four imidazolate 

rings in the same way as Si and Al atoms are covalently joined by bridging oxygens in 

zeolites.123,124 Conventional strategies for synthesis of MOFs normally involve in 

organic systems such as methanol, dimethylformamide (DMF), etc. such as 

hydrothermal or solvothermal methods.123,125 The organic systems hindered broader 

applications especially in the fields of biology and biomedicine because organic 

solvents were employed in the synthetic process of MOFs. Organic solvents can not 

only increase cost of synthesis of MOFs and cause potential pollutions to the 

environment, but also decrease activity of biomolecules such as enzymes and DNA. 

More recently, few attempts have been successfully applied in aqueous solution to 

synthesize MOFs, which overcome the obstacle above-mentioned and largely extend 

the application of MOFs owing to its friendly synthesis process. Consequently, a 

number of molecules have been reported to be encapsulated into MOFs, which greatly 

expand function and application of MOFs.126,127 Besides, aqueous-based synthesis 

process provides more alternatives for synthesis of MOFs. For instance, the utilization 

of microfluidic droplet and segmented flow has been reported that it not only led to 

ultrafast synthesis process but also to controllable particle size distribution of MOFs.128 

Thereafter, a two-solvent interfacial microfluidic processing has been explored for 

rapid and mass production of MOF membranes in Torlon hollow fibers at microfluidic 

conditions.129 Nevertheless, the continuous aqueous synthesis of enzyme-embedded 

MOFs in microfluidic chips has not yet been reported so far. 

In this Chapter, we preliminarily studied the flow synthesis of MOF and enzyme 

embedded MOF composites in aqueous system on a microfluidic chip by tuning mixing 
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scheme and flowrate, which are generally impossible by traditional bulk synthesis 

methods. We also investigated the impact of synthesis conditions on enzyme activity 

of composites using microfluidic platform. The microfluidic flow synthesis was carried 

out by using zeolitic imidazolate framework-8 (ZIF-8) as the model MOF material, and 

Cytochrome c (Cyt c) as model enzyme. ZIF-8 MOFs and Cyt c-MOF composites were 

successfully synthesized continuously in aqueous system on a microfluidic chip. The 

deposition at the bottom of the channel showing laminar flow formation process of 

synthesis of MOFs on chip. We also tested a superhydrophobic (SH) substrate to 

construct chips for the purpose of reducing deposition in the channel. Scanning 

Electron Microscope (SEM) and Transmission Electron Microscope (TEM) were used 

to characterize morphology of MOFs and precipitates sticking to the bottom of channel. 

Additionally, by collecting the product from the three separate outlets, we obtained 

composites with different activities without further separation and purification steps. 

The resulted enzyme-MOF composites by microfluidic flow synthesis exhibited much 

improved activity than native enzyme due to the unique inherent properties of MOFs 

and distinctive structure of MOFs prepared in microfluidic chips. 

4.2 Experimental methods 

4.2.1 Fabrication of microfluidic chips 

The 3-dimensional (3D) structures of the microfluidic chips were first designed by 

computer-aided design software (AutoCAD2015, Autodesk Inc.) and printed out as a 

mold by a 3D printer (Miicraft, Hsinchu, Taiwan). The dimension of the main channels 

(150 µm in depth by 300 µm in width) was presented in Figure 4.1. The printed molds 

were firstly heated in an oven at 130 °C for overnight to fully cure the resin (printing 

material). After treating with oxygen plasma at high power (Plasma cleaner, PDC-32 

G, Harrick, USA) for 2 min, the molds were modified with fluorinated silane molecules 

trichloro(1H,1H,2H,2H-perfluoro-octyl) silane (Sigma-Aldrich) in a desiccator under 

vacuum for 1 hour. Then, the liquid PDMS mixture (with mixing ratio of 10:1 in curing 

agent A: cross-linker, Momentive RTV 615, USA) was added into the mold and placed 

into the oven at 45 °C for 10 hours to cure it. To fabricate a complete microfluidic chip, 
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the prepared channel was bonded with a clean blank glass after treating with oxygen 

plasma for 2 min. 

4.2.2 Microfluidic synthesis of MOFs in an aqueous solution 

Zinc nitrate (9.3 mg mL-1) and 2-methylimidazole (2-MeIM, 102.5 mg mL-1) water 

solutions were introduced into the inlets of the microfluidic chip respectively with a 

flowrate of 1 µL min-1 by a syringe pump (74900 Cole Parmer, USA) at room 

temperature. The product was collected from the outlet continuously by centrifuging at 

6000 rpm for 10 min (Neofuge 13/R, Heal Force, Life Science Instruments, Shanghai, 

China), and washed with deionized (DI) water for 3 times. Lastly, to obtain powder of 

MOF composites, the as-prepared product was lyophilized overnight. 

4.2.3 Investigating the effect of flow rate on microfluidic formation of 

MOFs 

The effect of flowrate on formation of MOF composites was investigated by changing 

the injection flowrate of reactants which were introduced into the inlets as the sequence 

in Scheme 1: metal ions and organic ligands were added from the two side channels, 

while deionized water was injected from the central channel. A syringe pump was used 

to introduce zinc nitrate (9.3 mg mL-1), 2-MeIM (102.5 mg mL-1) and DI water 

solutions into the three inlets of the microfluidic chip respectively at room temperature. 

The flowrate of Zn2+ and 2-MeIM solutions was fixed as 1 µL min-1, while the injection 

flowrate of deionized water was changed as 1, 2, and 5 µL min-1 respectively by the 

syringe pump. 

4.2.4 Study the effect of pH and molar ratio of organic ligands to metal 

ions on formation of MOFs 

Since the formation of MOFs involves zinc ions, pH value of 2-MeIM solution is 

10.5~11.5 at 20 °C and in the preliminary tests we found a precipitate formed once 

mixing zinc ions and 2-MeIM in the channel. Thus, effect of pH on formation of MOFs 

was studied first both in microfluidic channels and bulk solution. For microfluidic flow 

synthesis, a solution of pH 4 HCl or pH 10 NaOH was injected into an inlet of a Y-

shaped channel and zinc nitrate solution was introduced form the other inlet with a 
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same flowrate of 1 µL min-1 by the syringe pump at room temperature. For bulk 

solution synthesis, a solution of DI water (as control), pH 4 HCl, pH 10 NaOH and 

102.5 mg mL-1 MeIM was mixed with equal volume of zinc nitrate (9.3 mg mL-1), 

respectively. 

In addition, as the mixing process inside the channels is diffusion-dependent, 

forming gradient concentration of reagents perpendicularly along the direction of flows. 

Therefore, following the study of pH effect on formation of MOFs in bulk solution 

synthesis, the effect of molar ratio of organic ligands to metal ions on formation of 

MOFs was investigated. Two molar ratios of 52:1 and 105:1 of 2-MeIM to zinc ions 

were used to study the formation of MOFs in bulk solution. 

4.2.5 Laminar flow synthesis of MOFs on a hybrid microfluidic chip with 

superhydrophobic (SH) substrate 

A double Y-shaped microfluidic chip made of PDMS channel and superhydrophobic 

Teflon substrate was used for synthesis of enzyme-embedded MOF composites. A 

solution of 1 mg mL-1 Cytochrome c (Cyt c) was added into the main channel from the 

side channel after Zinc nitrate (9.3 mg mL-1) and 2-MeIM (102.5 mg mL-1) mixed. The 

product was collected from the outlet continuously, followed by centrifuging at 6000 

rpm for 10 min, and washed with DI water for 3 times. Lastly, to obtain powder of 

enzyme-MOF composites for further use, the as-prepared product was lyophilized 

overnight. 

4.2.6 SEM characterization of MOF composites 

LEO 1530 field emission scanning electron microscope (SEM) was used for capturing 

images with an accelerating voltage of 15 kV. Samples were prepared by first 

suspending the composites in methanol and then dropped 1-5 µL of the sample solution 

onto a small piece of clean silica wafer (around 10 mm × 10 mm). After all methanol 

was evaporated, the silica wafer was then putted to a carbon paste and sputter-coated it 

with a thin layer of conductive gold for 50 s to improve the electrical conductivity. 

For in situ SEM characterization of MOFs deposited at the bottom of the channel, DI 

water was introduced into the channel to remove unreacted reagents at a flow rate of 1 
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µL min-1 for at least 30 min, after reaction. Then, the microchannel was separated with 

the substrate carefully after dried it. 

4.2.7 Measurements of the loading amount of enzymes in MOFs 

The loading amount of enzyme in the enzyme-MOF composites was determined by 

thermogravimetric analysis (TGA). In TGA experiment, 3~5 mg of samples was heated 

from room temperature to 600 °C at a rate of 20 °C min-1 under air atmosphere. 

Compared with pure ZIF-8, there was a weight loss occurring during the second-stage 

attributing to the decomposition of enzyme. The loading amount of enzyme can be 

calculated using the weight loss before 400 °C.  

The concentration of un-incorporated enzyme in the supernatant after synthesis of 

enzyme-MOF composites was measured by the size exclusion chromatography (SEC). 

For the SEC experiment, 20 μL of sample solution was injected and eluted using 0.1 

M phosphate buffer solution (PBS) containing 0.1 M Na2SO4, 0.1% NaN3 at an elution 

speed of 1 mL min-1. The detection of protein was carried out by UV/VIS absorbance 

at 280 nm on a SHIMADZU HPLC system which was equipped with a TSK-GEL 

G2000SWxL column. The loading amount of enzyme in the composites was calculated 

by comparing the amount of un-encapsulated enzyme with the total amount of free 

enzyme added into the reaction system in synthesis. 

4.2.8 Determination of catalytic activity of enzyme-MOF composites 

The activity of enzyme-MOF composites was measured by detecting the increase of 

absorbance at 415 nm for 2 min immediately after adding 50 μL Cyt c-MOF composites 

(2 mg mL-1) to the mixture solutions of 50 μL 2,2''-azino-di-3-ethylbenzothiazoline 

sulfonic acid-6-diammonium salt (ABTS, 0.5 mM), 50 μL H2O2 (0.3 %, v/v) and 350 

μL PBS (50 mM, pH 7.2), according to the reaction below, 

𝐴𝐵𝑇𝑆(𝑐𝑜𝑙𝑜𝑟𝑙𝑒𝑠𝑠) + 𝐻2𝑂2
𝑃𝑒𝑟𝑜𝑥𝑖𝑑𝑎𝑠𝑒
→        𝐴𝐵𝑇𝑆●

+(𝐺𝑟𝑒𝑒𝑛) 

UV analysis was performed on a UV-VIS Spectrophotometer (Cary 100, Agilent, USA). 

The relative activity of enzyme-MOF composites was calculated by comparing the 

slope with that of free native enzyme. All the enzymatic assays were carried out at the 
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same protein concentration, with the activity of native enzyme in solution as 100%. 

The relative activity was calculated by the equation below, 

𝑅𝑒𝑙𝑎𝑡𝑖𝑣𝑒 𝑎𝑐𝑡𝑖𝑣𝑖𝑡𝑦 𝑜𝑓 𝑡ℎ𝑒 𝑝𝑟𝑜𝑑𝑢𝑐𝑡𝑠 =
𝑆𝑙𝑜𝑝𝑒 𝑜𝑓 𝑒𝑛𝑧𝑦𝑚𝑒 −𝑀𝑂𝐹𝑠

𝑆𝑙𝑜𝑝𝑒 𝑜𝑓 𝑛𝑎𝑡𝑖𝑣𝑒 𝑒𝑛𝑧𝑦𝑚𝑒
 ×  100% 

4.3 Results and discussion 

Following the publication of previous works on synthesis of MOFs, the formation 

mechanism of MOFs in organic system has already been studied systematically, which 

contains two phases: the fast nucleation stage and the growth of MOF 

nanocrystals.130,131 Meanwhile, there are some emerging methods reported recently, 

which are based on microfluidic techniques, such as microdroplet and micromixer 

reactor for continuous and large-scale synthesis of MOFs.132,133 Nevertheless, to our 

best knowledge, there has not been any report on the continuous and in-situ aqueous 

synthesis of MOFs and enzyme-MOF composites on microfluidic chips. Different from 

the turbulent nature of bulk solution in a conventional bulk solution synthesis, 

microfluidic technology provides a possible and even convenient platform to better 

control the mixing process using the unique character of laminar flow inside 

microchannels. In current work, this advantage was utilized to study the effect of 

mixing conditions on the formation and performance of MOFs and enzyme embedded 

MOF composites.  

Fabrication of microfluidic chips In the experiment, three designs of 

microchannels were employed to fabricate chips for studying synthesis of MOFs in 

aqueous system by controlling the mixing schemes of the reactants, as shown in Figure 

4.1. As our objective is to incorporate enzyme molecules into MOFs by microfluidic 

continuous flow synthesis method, three inlets were designed in all chips for infusing 

metal ions, organic ligands and molecule solution, respectively. Compared with design 

A, design B has a longer and S-shaped main channel for increasing reaction time on 

chip and enhance mixing in the channel. Besides, to further study the effect of mixing 

scheme on formation of molecule embedded MOFs, a double-Y shaped chip containing 

a side channel for introducing one of the three reagents a few seconds later (the time is 
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controlled by flow rate) after the other two reagents mixed was also designed (Figure 

4.1C).  

 

Figure 4.1 Various patterns of microfluidic chips used for studying laminar flow 

synthesis of MOFs in an aqueous system. 

Microfluidic flow synthesis of MOFs in an aqueous system As a class of metal-

organic frameworks, ZIF-8 is composed of zinc ions and 2-methlymodazole 

(MeIM).125 For microfluidic flow synthesis of ZIF-8 MOFs, we firstly utilized a 

microfluidic chip with the first pattern (Figure 4.1A) and designed two mixing schemes 

for studying microfluidic flow synthesis of MOFs (Figure 4.2A), in Scheme 1, zinc 

ions and MeIM were injected from the two side inlets separated by the central inlet 

which was used for introduction of DI water. While in Scheme 2, zinc ions and MeIM 

were injected from the inlets at the same side and DI water was added via the inlet on 

the other side. Three flows of reactant solutions were introduced into the channel 

simultaneously, and MOFs were generated in the channel via diffusive mixing across 

the flows. Based on the results in Figure 4.2, one observation is precipitate deposited 

successively at the bottom of the channel, which indicates laminar flow-based 

formation process of MOFs. Another is that we noted two black lines at the expected 

interfaces between the two liquid streams in the channel. The third finding from the 

comparison of Figure 4.2B and C is that the deposition was mainly accumulated on 
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the side of MeIM flow, which may because the diffusion speed of zinc ions is faster 

than MeIM. 

 

Figure 4.2 Effect of mixing schemes on formation of MOFs in laminar flows on a 

microfluidic chip. Two mixing schemes were studied on microfluidic synthesis of 

MOFs (A). In scheme 1, metal ions and organic ligands were introduced from the two 

side channels and DI water was injected into the channel from the central channel. In 

scheme 2, the metal ions and organic ligands were added from the same side of channel, 

while the flow of water was injected from the other side of the channel. (B) and (C) 

White light images of microfluidic channels during synthesis of MOFs recorded 20 

min after injection of reagents with scheme 1 and 2, respectively. 

Since we noted that the deposition was accumulated continuously at the bottom of 

channel with both mixing schemes in the microfluidic chip, to better understand the 

effect of flowrate on formation of MOFs on a chip, we fixed injection flowrate of zinc 

ions and MeIM, and varied flowrate of DI water to synthesize MOFs (Figure 4.3A). 

As the pictures B, C and D in Figure 4.3 show, the amount of deposition increases with 

time. Besides, the same observation as in Figure 4.2 was found that the deposition was 

located successively on the side of MeIM flow.  
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Figure 4.3 Effect of flow rate on formation of MOFs on a microfluidic chip in aqueous 

solution. (A) Illustration of mixing schemes and a summary of conditions of tuned flow 

rates for each reactant. (B), (C) and (D) Bright-field images of microfluidic synthesis 

of MOFs with time. The width of main channel is 300 µm. 

On the other hand, deposition rate decreases with increasing the flow rate of DI 

water. Considering the laminar flows in the channel, since the volume of stream in the 

channel is proportional to the flowrate of the injected flow, the diffusion distance across 

the fluids increases when increasing the flowrate of DI water in the central flow. It 
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hence will take more time to mix zinc ions and MeIM and thus deposition rate is lower 

when the flowrate of DI water is higher. Another possible explanation for this is that 

higher flowrate will generate greater shear force which will flush away some as-

synthesized deposition, resulting in uniform and less deposition left in the channel (see 

the Figure 4.3C and D). 

To further demonstrate the laminar flow formation of MOFs in microchannels, a S-

shaped chip with longer main channel was utilized to synthesize MOFs. The longer and 

S-shaped channel was to enhance mixing in the channel by increasing reaction time 

(Figure 4.4). We also noted the same phenomenon during the reaction that two black 

lines at the predicted interfaces between the fluids, one is darker along the direction of 

flow on the side of fluid stream of MeIM solution (see the Figure 4.4B and C), the 

other one is lighter which located at the fluid stream of Zn2+ solution. The darker line 

indicates part of product successively deposited at the bottom of the chip. The results 

in Figure 4.4 further support the result that microfluidic laminar flow synthesis of 

MOFs. 

 

Figure 4.4 Microfluidic synthesis of MOFs in an S-shaped chip with 20 mm long main 

channel. (A) Illustration of mixing scheme. (B, C) Zoom-in pictures of representative 

parts of Figure D, which shows the entire channel during synthesis of MOFs. 

Subsequently, we characterized MOFs collected from the outlet with SEM. The 

SEM images of pure MOFs prepared by microfluidic flow synthesis, as shown in 
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Figure 4.5, exhibited some amorphous particles in the products (Figure 4.5A) 

compared to that the pure MOFs from bulk solution synthesis presented regular 

dodecahedron morphology (Figure 4.5B). 

 

Figure 4.5 SEM images of pure MOFs prepared by microfluidic laminar flow synthesis 

(A) and bulk solution synthesis (B), respectively. Scale bars are 500-nm long. 

Additionally, since the MOFs are composed of zinc ions and MeIM, the metal 

cations may induce precipitation under alkaline condition. Besides, high local 

concentration of metal cations can promote crystallization of protein and MOFs. And 

we found there were two black lines at the expected interfaces between the two fluid 

streams based on our preliminary results, therefore we investigated the effect of pH on 

formation of MOFs both in microfluidics and in bulk solution. The results were 

displayed in Figure 4.6, no black line was monitored in the channel when simply 

mixing zinc ions with HCl or NaOH both in channel and bulk solution (Figure 4.6A 

and B), indicating that the concentration of zinc ions is not high enough to form 

Zn(OH)2 precipitation. Comparatively, only 2-MeIM can react with zinc ions, as shown 

in Figure 4.6B, the color of the mixture changed very quickly and turned to milky white 

within 1 min. This rapid color change in the tube also confirms that the fast nucleation 

process of MOFs. On the basis of this finding, we further studied synthesis of MOFs 

with different molar ratio of metal ions to organic ligands (Figure 4.6C and D). We note 

that the morphology of MOFs presented in Figure 4.6C and D is not traditional sodalite 

topology (SOD) of ZIF MOFs, which is possibly due to incomplete crystal growth of 

MOFs (4.6C), and unconventional molar ratio of zinc ion to MeIM (4.6D). 
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Figure 4.6 Investigating effect of pH on synthesis of MOFs both in microchannels (A) 

with injection sequence in Scheme 1 and in bulk solution (B). (C, D) SEM images of 

MOFs prepared by bulk solution method by mixing Zinc ions and MeIM with different 

molar ratio for 30 min. The width of main channel in A is 300 µm. Scale bars: 200 nm. 

Microfluidic flow synthesis of Cyt c-MOF composites On the other hand, based on 

the above results of microfluidic synthesis of MOFs, we replaced DI water as enzyme 

(Cyt c as a model) to further investigate the synthesis of enzyme-MOF composites in 

microfluidic chips. As shown in Figure 4.7, the reactants were injected into the channel 

as sequence of Scheme 1, Cyt c solution was introduced into the channel from the 

central inlet, metal ions and organic ligands were introduced simultaneously from the 

two side inlets. We collected products from the outlet continuously. Repeatedly, the 

same observation was recorded with mixing zinc ions, DI water and 2-MeIM, as shown 

in Figure 4.7, we also found that some deposition accumulated in the channel on the 

side of flow of MeIM solution. 
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Figure 4.7 Bright-field images of synthesis of Cyt c-embedded MOFs on a PDMS 

microfluidic chip. The deposition was accumulated at the bottom of the channel with 

time. 

Then we used SEM to further characterize the deposition accumulated in the channel. 

As displayed in Figure 4.8, we chosen three representative locations along with the 

flows, the first location is near the inlets (Figure 4.8A), another is in the middle of the 

channel (Figure 4.8B), the third one is close to the outlet (Figure 4.8C). The following 

images, a1-a3, b1-b3 and c1-c3 are zoom-in pictures of representative parts of Figure 

A, B and C. Since the mixing in the channel is the result of molecular diffusion between 

the interface of fluid streams, only complete mixing of reactant can form MOF particles. 

Thus, we can observe that MOF particles were mainly found in Figure 4.8B and C (see 

zoom-in images b1-b3 and c1-c2), indicating that the length between location A to B 

(around 5 mm) is long enough for zinc ions and MeIM to infuse the whole channel 

through diffusive mixing across the channel width. The exact time and distance of 

channel for complete diffusion should be calculated based on the diffusion coefficients 

later. In addition, we noted that the MOF particles in Figure 4.8C are generally larger 

than in Figure 4.8B, which is consistent with the MOF formation mechanism, growth 

of MOF nanocrystals. Importantly, we found MOF particles in image a2-c2 which 

located in the region of Cyt c stream in the channel, implying enzyme-induced 

formation mechanism of enzyme-MOF composites which was reported previously.134  
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Figure 4.8 In situ SEM images of deposition on the substrate of the microfluidic chip. 

Three locations of the channel were selected for SEM analysis, as indicated by dashed 

boxes in A (near the inlets of the chip), B (in the middle of the channel) and C (close 

to end of the outlet). Scale bars are 100 µm in image A, B and C, and 1 µm in the rest 

of images. 

Microfluidic flow synthesis of Cyt c-MOFs composite on a superhydrophobic (SH) 

surface It is because the precipitate sticking to the substrate of channel may impede 

continuous synthesis, and even lead to clogging of the channel over a long reaction 

time. In order to improve production yield, and reduce the amount of deposition in the 

microchannels, we used a SH substrate prepared by thermomoulding of Teflon to 

fabricate microfluidic chips for synthesis of Cyt c-embedded MOF composites. Note 

that a double-Y shaped channel, which contains a side channel for adding one reactant 

after the other two reactants mixed first, was employed in the following experiments 



91 

 

to further study the effect of mixing conditions on synthesis of enzyme-MOF 

composites. The results are presented in Figure 4.9. SEM image of the SH Teflon 

surface (Figure 4.9B) shows micropillar arrays with diameter of 20 µm, and the water 

contact angle (the inset of Figure 4.9B) is 156.5º, indicating superhydrophicity. 

Nevertheless, we still found deposition was accumulated with time at the bottom of the 

chip which was made by a SH substrate, displayed in Figure 4.9A. It should be noted 

from the bright-filed images of microfluidic channel during the reaction (Figure 4.9A) 

that we can find two back lines of deposition (as indicated by the arrows) at the 

expected interfaces between fluid streams of MeIM and Zinc ions, and MeIM and Cyt 

c, respectively. It suggests that Cyt c may play an important role in producing 

deposition in the channel, which also verify our previous result of enzyme-induced 

formation mechanism of enzyme-MOF composites. Extended investigation of mixing 

conditions on formation of enzyme-MOF composites was conducted and the results 

was presented in the next Chapter. 

 

Figure 4.9 Microfluidic flow synthesis of Cyt c-MOF composites on a SH surface. (A) 

Bright-filed photos of synthesis of Cyt c-MOF composites on a microfluidic chip with 

a SH substrate versus time. (B) SEM image of SH surface (inset: water contact angle 

of the SH surface). (C) In situ SEM image of MOF composites on the SH surface (inset: 

high resolution SEM image of MOFs).  
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The morphology of deposition on the SH surface of the channel was also 

characterized by SEM analysis. We can find that the SH structures were not completely 

soaked by the reactant solutions, shown in Figure 4.9C. Note that some MOF particles 

formed on the top of pillars (the inset of Figure 4.9C), as well as MOF membrane 

covered on the pillar arrays.  

Next, to systematically understand the distribution and morphology of the 

deposition on the SH substrate, we conducted in situ SEM analysis for the entire region 

of the deposition on the surface. Similar with the previous experiment, three locations 

(indicated by the dashed boxes in the scheme of Figure 4.10) of the deposition were 

chosen as representatives for analysis. Specifically, Figure 4.10A is zoom-out view of 

SEM image taken near the inlets, and Figure 4.10B and C were captured around the 

side channel and close to the outlet of the channel, respectively. Below images a1-a3, 

b1-b3 and c1-c3 show zoom-in views of representative parts of Figure A, B and C. The 

deposition was almost found on micropillars of the surface, which means that the 

textured surface was not totally infused by fluids in the microchannel because of the 

superhydrophicity of the Teflon substrate. However, the reason for accumulation of 

deposition on SH surface is still in study and more tests should be performed to solve 

it. 

In addition to MOF particles, we also noted parts of the deposition connected 

forming pieces of membrane covered on the micropillars, particularly as shown in 

pictures a1 and b1 of Figure 4.10. Moreover, we can find MOF nanocrystals from the 

deposition, which are smaller than MOFs prepared by conventional methods, 

attributing to incomplete growth of MOF crystals. Importantly, the deposition was still 

accumulated on the SH surface with the reaction proceeded in the channel, however, 

which we speculate that because of extreme fast nucleation process of MOFs. Since it 

normally finished once mixing the reactants. 
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Figure 4.10 In situ SEM images of MOFs prepared on a PDMS microfluidic chip 

constructed with a SH Teflon substrate. Three locations of the channel were selected 

for SEM analysis, as indicated by dashed boxes in scheme of the channel, A (near the 

inlets of the chip), B (near the side channel for introduction of Cyt c) and C (close to 

end of the outlet). 

Determination of activity of Cyt c-MOF composites synthesized on-chip 

Subsequently, it was reported that MOFs can serve as a substrate/protective coating for 

immobilization of enzymes, leading to improved and stable activity than native 

enzyme.134 We measured catalytic activity of as-prepared Cyt c-MOF composites by 

microfluidic synthesis. Besides, since the composites were synthesized in a laminar 

flow, gradient concentration of reactant will be generated across the fluid streams, 

resulting in unreacted reagents and composites formed by varied concentrations of 



94 

 

reactants. With microfluidic technology, we are able to synthesize and separate product 

under different conditions, i.e., different concentration of reagents. This may lead to 

various MOF composites with different activities. 

 

Figure 4.11 Relative enzyme activity of as-synthesized Cyt c-MOF composites, which 

was collected continuously from the three branched outlets A, B and C, respectively, 

as shown in the inset denoting the mixing scheme. 

As illustrated in the inset of Figure 4.11, Zn2+ and MeIM mixed first, and Cyt c was 

added slightly later. We collected the products from three branched outlets A, B and C, 

which correspond to the three fluid streams of reactants. Based on the results in Figure 

4.11, the relative activity of the composites collected from the outlet A to C gradually 

decreased, attributing to gradient concentration of Cyt c in the laminar flow. The 

products obtained from the outlet A hold the highest activity among the three outlets 

may because of higher concentration of Cyt c incorporated in the MOFs and flowing 

into the outlet A. Importantly, we noted that all composites collected from the three 

outlets have much higher (at least ~5-fold) activity than native Cyt c, which is 

consistent with previously published results.135 

4.4 Conclusions 

In summary, in this chapter we first preliminarily studied microfluidic laminar flow 

synthesis of MOFs in aqueous system and investigated effect of different factors on 

MOF formation on a microfluidic chip, by using varied mixing schemes and channel 
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designs, changing flowrate, as well as testing various substrates of channel, i.e., SH 

substrate. In principle, we have continuously prepared MOFs in a laminar flow on 

microfluidic chips with different channel patterns. We also found parts of products 

deposited at the bottom of channels, which located at the expected interface between 

laminar flows, in particularly on the side of MeIM flow. However, it is impossible to 

realize the manipulations and observe this phenomenon by conventional bulk solution 

system methods. Then, we successfully synthesized enzyme embedded MOF 

composites with Cyt c as model on a double Y-shaped microfluidic chip, which showed 

much higher catalytic activity than native Cyt c in bulk solution. In addition, with 

microfluidic technology, we obtained and separated products with different activities 

without any external and further actions, which was also impossible to achieve by 

traditional bulk solution synthesis. Further study of microfluidic laminar flow synthesis 

of enzyme-MOF composites, including theoretical calculation of diffusive mixing of 

reactants in consistent with channel dimension, further study on formation mechanism 

of co-precipitation of enzyme, organic ligands and metal ions, and testing other 

enzymes were detailed and conducted in the next Chapter. 
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CHAPTER 5 MICROFLUIDIC FLOW SYNTHESIS IMPROVES THE 

ACTIVITY OF ENZYMES EMBEDDED IN METAL-ORGANIC 

FRAMEWORKS 

5.1 Introduction 

Metal-organic frameworks (MOFs), a class of highly porous materials composed of 

metal ions joined to organic linkers with large specific surface area, tunable shape, pore 

size, and thereby functionality, have gained great development and found broad 

applications.136-141 The conditions of conventional synthesis of MOFs, such as 

hydrothermal or solvothermal methods,123,125 especially the high temperature and high 

pressure, are unfriendly to biomolecules such as enzymes. Recently, attempts have 

been successfully made in the synthesis of MOFs in ambient condition and even in an 

aqueous solution142,143 which open many new possibilities for in-situ incorporation of 

fragile molecules including protein, enzyme, DNA, pharmaceutics, cells in MOFs via 

a simple co-precipitation or biomimetic process in solution.134,135,144-148 To this end, by 

the above method significant achievements have been made in in-situ constructing rigid 

protective MOF scaffolds for enzymes to enhance their stabilities at harsh conditions 

which relies on the high crystallinity and rigid structure of MOFs. However, the activity 

of enzymes in MOFs is still far from satisfactory, majorly due to the restricted pore 

size and hindered substrate transportation in MOFs. Successful endeavor in improving 

the activity of enzyme-MOF composites would significantly advance the potential 

applications of this new platform. To improve the activity of enzyme-MOF composites 

prepared by the co-precipitation method, it is necessary to understand the mechanism 

of co-precipitation process which consists of a fast mixing of enzyme, metal ions and 

organic ligands in solution. However, the co-precipitation process cannot be easily 

investigated in a designable and controlled manner using traditional homogenous 

reaction method.  

On the other hand, the advances in microfluidic technologies have opened up the 

chance of studying such reaction process in a well controllable environment. 

Manipulating fluids at very small scales (at the range of micrometers), microfluidics 
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can realize new hydrodynamic characters, in addition to those easily imaginable 

according to the scaling law such as enlarged surface-to-volume ratio and shortened 

diffusion distance.80,149-151  For instance, the Reynolds number of the flow inside the 

microchannel is often very low, resulting in a laminar flow behavior, which is sharply 

different from the chaotic turbulent flow in macro world.152-154 This allows the 

precisely controlled manipulation and mixing of liquids with high resolution both 

spatially and temporally, and realize reaction conditions impossible to achieve in 

traditional bulk synthesis.37,155-158 A wide spectrum of materials including micro and 

nanostructures have been synthesized in microfluidic system.159 Recently, microfluidic 

technology has been employed in the study of MOF formation, based on micromixers 

and droplet generators.133,160 

For instance, the utilization of microfluidic droplet and segmented flow has been 

reported not only for ultrafast synthesis process but also for controllable particle size 

distribution of MOFs.132,133 Besides, a two-solvent interfacial microfluidic processing 

has been explored for rapid and mass production of MOF membranes in Torlon hollow 

fibers at microfluidic conditions.129 Nevertheless, to our best knowledge, there has not 

been any report on the continuous and in-situ aqueous synthesis of enzyme-MOF 

composites on microfluidic chips. 

In this study, we aim to perform controllable and continuous synthesis of enzyme-

MOF composites, and investigate the impact of synthesis conditions on the enzyme 

activity of the products using microfluidic platform. The microfluidic flow synthesis 

was carried out in a double-Y-shaped microfluidic chip using zeolitic imidazolate 

framework-8 (ZIF-8) as the model MOF material, which exhibits high stability both 

thermally and chemically with large cages and small apertures.122,127,161 Cytochrome c 

(Cyt c), glucose oxidase (GOx) and horseradish peroxidase (HRP) are selected as the 

model enzymes, as they have important applications in bioanalytical field.162 Enzyme, 

metal ions, and organic ligands were introduced into the chip via three independent 

inlets connected to the main microchannel. Enzyme-MOF composites were generated 

continuously in molecular diffusion-based mixing process inside the microfluidic 

channel. Three different mixing schemes of reactants were studied to investigate the 

correlation between the mixing sequences of reactants and enzyme activity of the 
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synthesized composites. We found that the composites displayed higher activity when 

the enzyme joined the laminar flow mixing about a few seconds after the metal ions 

and organic ligands met first, compared to those obtained from joining the enzyme with 

metal ions or organic ligands first. Moreover, the enzyme-MOF composites 

synthesized in microfluidics showed unique morphology and lower degree of 

crystallinity; however, they exhibited higher catalytic activity than those prepared in 

bulk solution synthesis. Besides, the synthesized enzyme-MOF composites showed 

higher stability against high temperature and protease digestion than free enzyme. 

5.2 Experimental methods 

5.2.1 Materials 

2-Methylimidazole, glucose oxidase (GOx), glucose, trypsin and 2, 2'-azinobis-(2-

ethylbenzthiazoline-6-sulfonate) (ABTS) were purchased from Sigma-Aldrich. Zinc 

nitrate hexahydrate and hydrogen peroxide (H2O2) were purchased from Alfa Aesar. 

Cytochrome c (Cyt c) from equine heart and horseradish peroxidase (HRP) were 

purchased from Hoffmann-La Roche. Other chemicals are all of analytical grade and 

were used as received without further purification. 

5.2.2 Fabrication of microfluidic chips  

The pattern of the microchannel was first drawn by computer-aided design software 

(AutoCAD2015, Autodesk Inc.) and printed out as a mold by a 3D printer (Miicraft, 

Hsinchu, Taiwan). The dimension of the chip was presented in Figure 1 and Figure 4. 

The depth of the channel is 150 µm. The length from the first Y junction to the second 

Y junction is 4 mm with width of 180 µm, and the length of main channel is 6 mm with 

width of 270 µm. The printed molds were firstly heated in an oven at 130 °C for 

overnight to fully cure the resin. After treating with oxygen plasma at high power 

(Plasma cleaner, PDC-32 G, Harrick, USA) for 2 min, the molds were modified with 

fluorinated silane molecules trichloro(1H,1H,2H,2H-perfluoro-octyl) silane (Aldrich) 

in a desiccator under vacuum for 1 hour. 
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Then, the well-designed channel was replicated on PDMS by mixing the PDMS 

base and crosslinker in 10:1 ratio in a plastic bottle. The mixture was stirred for at least 

3 min until the mixture turned milky. Next, the mixture was placed in the desiccator 

with vacuum condition for at least 15 min to remove air bubbles. Lastly, the liquid 

PDMS mixture was added into the mold and placed into the oven at 45 °C for 10 hours 

to cure it. After that, PDMS was peeled off from the mold by using a scalpel and being 

cut into regular shape. To create inlets and outlets on the channel, holes were punched 

on the corresponding positions using a puncher with diameter similar with the syringe 

needle until light source could pass through the holes. To construct a complete 

microfluidic chip, the prepared channel was bonded with a clean blank glass after 

treating with oxygen plasma for 2 min. The sealed chips were used for synthesis of 

enzyme-MOF composites within 30 min after treating with plasma. 

5.2.3 Microfluidic flow synthesis of enzyme-MOF composites 

Zinc nitrate (9.3 mg mL-1), 2-methylimidazole (2-MeIM, 102.5 mg mL-1) and enzyme 

(1 mg mL-1) water solutions were introduced into the inlets of the microfluidic chip 

respectively with a flowrate of 1 µL min-1 by a syringe pump (74900 Cole Parmer, 

USA) at room temperature. Three trials corresponding to three mixing schemes were 

studied on a double-Y-shaped microfluidic chip. In Scheme 1, enzyme molecules were 

added into the channel from the side channel after organic ligands and metal ions mixed. 

For Scheme 2 and Scheme 3, enzyme molecules were first mixed with metal ions and 

organic ligands, respectively, followed by adding organic ligands and metal ions from 

the side channel. The product was collected from the outlet continuously by 

centrifuging at 6000 rpm for 10 min (Neofuge 13/R, Heal Force, Life Science 

Instruments, Shanghai, China), and washed with DI water for 3 times. Lastly, to obtain 

powder of enzyme-MOF composites, the as-prepared product was lyophilized 

overnight. 

5.2.4 Aqueous bulk synthesis of enzyme-MOF composites  

In a typical experiment, 0.372 g of Zn(NO3)2·6H2O was dissolved in 4 mL of deionized 

(DI) water in a glass beaker under stirring. Then, 4.1 g of 2-methylimidazole was 
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dissolved in another 40 mL DI water. Both solution was incubated in an ultrasonic bath 

for 5 minutes to obtain a homogeneous mixture. After that the zinc nitrate solution was 

mixed with the 2-methylimidazole solution under stirring, followed by the immediate 

addition of 4 mL water solution containing 4.5 mg mL-1 Cyt c/HRP/GOx and stirring 

the mixture at 500 rpm for 30 min at room temperature. After that, the mixture was 

centrifuged at 6000 rpm for 10 min at 4 oC to recover the product and the produced 

was washed with DI water for 3 times. Lastly the product was lyophilized overnight. It 

should be noted that since the growth of ZIF-8 crystals is very fast, the enzyme solution 

needs to be poured into the mixture immediately once the metal ions and organic 

ligands were mixed. And it is inappropriate to mix the enzyme solution with either 

metal ion solution or organic ligand solution in advance, because the interaction 

between metal ions and enzyme and the acidic solution of organic ligand may 

deactivate enzyme seriously. 

5.2.5 Investigating the effect of mixing schemes in microfluidic chip on 

the catalytic activity of enzyme-MOF composites 

A double-Y-shaped microfluidic chip was used to change the mixing sequences of 

reactants for producing enzyme-MOF composites. Three trials corresponding to three 

mixing schemes were studied. In Scheme 1, enzyme molecules were added into the 

channel from the side channel after organic ligands and metal ions mixed. For Scheme 

2 and Scheme 3, enzyme molecules were first mixed with metal ions and organic 

ligands, respectively, followed by adding organic ligands and metal ions from the side 

channel. 

5.2.6 Zeta-sizer analysis of Cyt c-MOF composites 

Zinc nitrate (9.3 mg mL-1), 2-methylimidazole (2-MeIM, 102.5 mg mL-1) and Cyt c (1 

mg mL-1) water solutions were introduced into the inlets of the microfluidic chip as the 

sequence in mixing Scheme 1: Cyt c molecules were added into the channel from the 

side channel after organic ligands and metal ions mixed. The size distribution and zeta 

potential of the Cyt c-MOF composites was recorded using a Malvern Zetasizer ZS 

based on Dynamic Light Scattering (DLS) technique. 0.5 mg mL-1 as-prepared Cyt c-
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MOF composites solution was added into the cell for Zetasizer analysis after sonicating 

for 5 min in an ultrasonic bath. As the results showed that hydrodynamic diameter of 

Cyt c-MOF composites was in range of 500-1000 nm in DI water with a polydispersity 

index (PDI) of 0.021 (SD = 0.0091), indicating monodispersity of composites. And the 

surface zeta potential of Cyt c-MOF composites is about 10 mV. 

5.2.7 Structural characterization of enzyme-MOF composites 

Scanning electron microscope (SEM) images were taken on a LEO 1530 field emission 

SEM with an accelerating voltage of 10 kV. For the SEM analysis of enzyme-MOF 

composites, samples were prepared by first suspending the composites in methanol and 

then dropped 1-5 µL of the sample solution onto a small piece of clean silica wafer 

(around 10 mm × 10 mm). After all methanol was evaporated, the silica wafer was then 

putted to a carbon paste and sputter-coated it with a thin layer of conductive gold for 

50 s to improve the electrical conductivity. LEO 1530 Field Emission SEM was used 

for collecting images with an accelerating voltage of 15 kV. 

Transmission electron microscope (TEM) and energy-dispersive spectroscopy (EDS) 

images were recorded on a JEOL JEM-2010 high-resolution TEM with an accelerating 

voltage of 120 kV. Powder X-ray diffraction (XRD) patterns were obtained using a 

Bruker D8 Advance X-Ray diffractometer with a Cu Kα anode (λ= 0.15406 nm) at 40 

kV and 40 mA. For each sample, a drop of 1 mg mL-1 Cyt c-MOFs composite water 

solution was added on a carbon-coated copper grid, then subjected to TEM and EDS 

measurement after complete drying.  

Thermal gravimetric analyses (TGA) in air were performed on a TA Instruments TGA 

2050 Thermogravimetric Analyzer at a heating rate of 5 °C min-1. 

5.2.8 Measurements of the loading amount of enzymes in MOFs 

The loading amount of enzyme in composite was determined by thermogravimetric 

analysis (TGA). In TGA experiment, 3~5 mg of samples was heated from room 

temperature to 600 °C at a rate of 20 °C min-1 under air atmosphere. Compared with 

pure ZIF-8, there was a weight loss occurring during the second-stage attributing to the 
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decomposition of enzyme. The loading amount of enzyme can be calculated using the 

weight loss before 400 °C.  

The concentration of un-incorporated enzyme in the supernatant after synthesis of 

enzyme-MOF composites was measured by the size exclusion chromatography (SEC). 

For the SEC experiment, 20 μL of sample solution was injected and eluted using 

phosphate buffer solution (0.1 M) containing 0.1 M Na2SO4, 0.1% NaN3 at an elution 

speed of 1 mL min-1. The detection of protein was carried out by UV/VIS absorbance 

at 280 nm on a SHIMADZU HPLC system which was equipped with a TSK-GEL 

G2000SWxL column. The loading amount of enzyme in the composites was calculated 

by comparing the amount of un-encapsulated enzyme with the total amount of free 

enzyme added into the reaction system in synthesis. 

5.2.9 Determination of catalytic activity of enzyme-MOF composites 

The activity of enzyme-MOF composites was measured according to the protocol 

previously reported,163 by detecting the increase of absorbance at 415 nm for 2 min 

immediately after adding 50 μL Cyt c-MOF composites or HRP-MOF composites (2 

mg mL-1) to the mixture solutions of 50 μL 2,2''-azino-di-3-ethylbenzothiazoline 

sulfonic acid-6-diammonium salt (ABTS, 0.5 mM), 50 μL H2O2 (0.3 %, v/v) and 350 

μL PBS (50 mM, pH 7.2). 

For the GOx activity determination assay, 50 μL GOx-MOF composite solution (2 mg 

mL-1) and 50 μL of 0.5 mg mL-1 HRP solution were added to 400 μL of borate buffer 

solution (pH 7.2, 50 mM) containing 50 μL 100 mM glucose and 50 μL 0.5 mM ABTS 

to initiate the reaction. The enzyme activity was calculated from the slope of 

absorbance at 415 nm versus time curve, according to the following two-step reaction, 

𝛽 − 𝐷 − 𝐺𝑙𝑢𝑐𝑜𝑠𝑒 + 𝑂2 + 𝐻2𝑂
𝐺𝑙𝑢𝑐𝑜𝑠𝑒 𝑜𝑥𝑖𝑑𝑎𝑠𝑒
→            𝐷 − 𝐺𝑙𝑢𝑐𝑜𝑛𝑜𝑙𝑎𝑐𝑡𝑜𝑛𝑒 + 𝐻2𝑂2 

𝐴𝐵𝑇𝑆(𝑐𝑜𝑙𝑜𝑒𝑟𝑙𝑒𝑠𝑠) + 𝐻2𝑂2
𝑃𝑒𝑟𝑜𝑥𝑖𝑑𝑎𝑠𝑒
→        𝐴𝐵𝑇𝑆●

+(𝐺𝑟𝑒𝑒𝑛) 

UV analysis was performed on a UV-VIS Spectrophotometer (Cary 100, Agilent, 

USA). The relative activity of enzyme-MOF composites was calculated by comparing 

the slope with that of free native enzyme. All the enzymatic assays were carried out at 
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the same protein concentration, with the activity of free enzyme in solution as 100%. 

The relative activity was calculated by the equation below, 

𝑅𝑒𝑙𝑎𝑡𝑖𝑣𝑒 𝑎𝑐𝑡𝑖𝑣𝑖𝑡𝑦 𝑜𝑓 𝑡ℎ𝑒 𝑝𝑟𝑜𝑑𝑢𝑐𝑡𝑠 =
𝑆𝑙𝑜𝑝𝑒 𝑜𝑓 𝑒𝑛𝑧𝑦𝑚𝑒 −𝑀𝑂𝐹𝑠

𝑆𝑙𝑜𝑝𝑒 𝑜𝑓 𝑛𝑎𝑡𝑖𝑣𝑒 𝑒𝑛𝑧𝑦𝑚𝑒
 ×  100% 

5.2.10 Investigation of the effect of flowrate on activity of enzyme-MOF 

composites 

The effect of flowrate on activity of enzyme-MOF composites was investigated by 

changing the injection flowrate of reactants which were introduced into the inlets as 

the sequence in Scheme 1: HRP molecules were added into the channel from the side 

channel after organic ligands and metal ions mixed. A syringe pump (74900 Cole 

Parmer, USA) was used to introduce zinc nitrate (9.3 mg mL-1), 2-MeIM (102.5 mg 

mL-1) and HRP (1 mg mL-1) water solutions into the three inlets of the microfluidic 

chip respectively with the same flowrate at room temperature. The flowrate of 0.5, 1, 

3, and 5 µL min-1 were studied respectively by the syringe pump. The product was 

collected from the outlet continuously by centrifuging at 6000 rpm for 10 min, and 

washed with DI water for 3 times. Lastly, to obtain powder of HRP- MOF composites, 

the as-prepared product was lyophilized overnight. The protein content in the nanogel 

was also determined by bicinchoninic acid (BCA) colorimetric protein assay.164 

To determine the activity of products, the increase of absorbance at 415 nm was 

monitored for 2 min immediately after adding 50 μL HRP or HRP-MOF composites 

(2 mg mL-1) to the mixture solutions of 50 μL ABTS (0.5 mM), 50 μL H2O2 (0.3 %, 

v/v) and 350 μL PBS (50 mM, pH 7.2). The relative activity of enzyme-MOF 

composites was calculated by comparing the slope with that of native enzyme. All the 

enzymatic assays were carried out at the same protein concentration, with the activity 

of free enzyme in solution as 100%. 

UV analysis was performed on a UV-VIS Spectrophotometer (Cary 100, Agilent, USA) 

at room temperature.  
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5.2.11 Stability of enzyme-MOF composites at high temperature and in the 

presence of protease digestion 

For thermal stability test of free enzyme and enzyme-MOF composites, 50 μg mL-1 

HRP and 2 mg mL-1 HRP-MOF composites water solutions were incubated at 60 °C 

and 70 °C, respectively, for different time periods. Then the increase of absorbance at 

415 nm for 2 min was recorded at different time points immediately after adding 50 μL 

HRP or HRP-MOF composites to the mixture solutions of 50 μL ABTS (0.5 mM), 50 

μL H2O2 (0.3 %, v/v) and 350 μL PBS (50 mM, pH 7.2). The residual activity of HRP 

or HRP-MOF composites was calculated by comparing the relative activity with that 

of initial relative activity.165 

For trypsin digestion test, native HRP or HRP-MOF composite (with the same protein 

concentration at 50 µg mL-1) was mixed with equal volume of 50 mg mL-1 trypsin 

solution and incubated at 37 ºC in 50 mM PBS (pH 7.2) for 1, 2, 4, 8 and 24 h. The 

enzyme activity was calculated from the slope of absorbance at 415 nm versus time 

curve after adding 50 μL HRP or HRP-MOF composites to the mixture solutions of 50 

μL ABTS (0.5 mM), 50 μL H2O2 (0.3 %, v/v) and 350 μL PBS (50 mM, pH 7.2). The 

residual activity of HRP or HRP-MOF composites was calculated by comparing the 

relative activity with that of initial relative activity. 

UV analysis was performed on a UV-VIS Spectrophotometer (Cary 100, Agilent, USA) 

at room temperature. 

5.3 Results and discussion 

Microfluidic flow synthesis of enzyme-MOF composites According to previous 

reports, the formation of MOF in homogeneous solution includes two stages: fast 

nucleation within a couple of seconds, and growth of nanocrystals on the basis of 

nucleation.130,131 Recent studies showed that biomolecules such as enzymes can be in-

situ encapsulated during the formation of MOFs using co-precipitation method, by 

simply mixing the enzymes, metal ions, and organic ligands in bulk 

solution.134,135,138,144,145 It is still unclear, however, how the three types of reactants form 

the composite particles in the reaction. Considering that usually each two of the 



105 

 

aforementioned three types would react upon contact, it is suspected that the mixing 

conditions would affect the nucleation and growth of nanocomposites and thereby the 

catalytic performance of the products. But such questions are difficult to solve based 

on studies in bulk solution, because of the incapability in controlling the mixing process 

with sufficient spatial and temporal precision. Different from the turbulent nature of 

bulk solution in a conventional bulk solution synthesis, microfluidic technology 

provides a possible and even convenient platform to better control the mixing process 

using the unique character of laminar flow inside microchannels. In current work, this 

advantage is utilized to study the effect of mixing conditions to the formation and 

performance of enzyme-MOF composites.  

 

Figure 5.1 Designed strucutre (a) and real image (b) of the microfluidic chip used for 

synthesis of enzyme-MOF composites. (c) The real image of chip for microfluidic flow 

synthesis of enzyme-MOF composites. 

In the experiment, a double-Y-shaped microfluidic chip was used to control the 

mixing of the reactants. As shown in Figure 5.1, the second Y junction was designed 

for adding reactants slightly (a few seconds) after the first two reactants were mixed. 

Under the conditions of our experiment, the Reynolds number of the flow inside the 

microchannel was at low values (~0.01-100), making the flow in a laminar mode, a 
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character hard to realize in macroscale where turbulent flow behavior is dominating. 

In such a laminar flow, the mixing between reactants is stream–stream diffusion-

dependent, a precisely predictable fashion sharply different from the chaotic and 

uncontrollable mixing process in macroworld. This laminar flow character makes it 

possible to calculate and control the mixing in a reliable distance-to-time 

transformation.  

Generally, the stream-stream diffusive mixing in the main flow regime of the 

channel (the regime not very close to the channel wall) could be understood by 

separating the diffusion of molecules along the channel radius from the bulk motion of 

the liquid flow along the channel axis.  Note that these two motions are perpendicular 

to each other, so that the former could be analyzed using Einstein’s equation of 

Brownian motion.166 

                                        2𝐷𝜏 = 𝑥2    (eq. 5.1) 

Where D is the diffusion coefficient, 𝜏 is the time of traversing, and 𝑥 is the distance 

of traversing. Note that this diffusive traversing is independent from the velocity of the 

liquid flow in the channel. Based on this equation, we estimated the time of metal ions and 

organic ligands required to fill in the whole channel through the diffusive motion across the 

channel width. For zinc ions and 2-methylimidazole, D is ≈ 5 × 10-10 m2 s-1; given x = 

90 µm (half of the channel width), 𝜏 is 5.8 s for cross-stream mixing. Theoretical 

diffusion distance profile (Figure 5.2) was simulated based on the equation 5.1 and 

diffusion coefficients summarized in Table 5.1.  
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Table 5.1 Literature data of diffusion coefficient. 

Reagents 
Diffusion 

coefficient 
Source 

Zinc ion 7.03×10-10 m2 s-1 

 Buffle et al., Environ. Sci. Technol., 2007, 

41, 7609–7620.167 

2-methylimidazole 

(MeIM) 
6.10×10-10 m2 s-1 

 Schleicher et al., ProQuest, 2007. US, 

pp 68, table 4-3.168 

Cyt c 7.8×10-11 m2 s-1 

 Mozaffari et al., J. Phys. Chem. C, 

2009, 113, 12434–12442.169 

HRP 7.57×0−11 m2 s−1 

 Engberg et al., Biomed. Mater., 2011, 

6, 055006.170 

GOx 4.12×10−11 m2 s−1 
 Swoboda et al., J. Biol. Chem., 1965, 

240, 2209-2215.171 

 

Figure 5.2 Theoretical diffusion distance profile of reactants used for synthesis of 

enzyme-MOF composites versus time. Diffusion coefficients used for calculation refer 

to Table 5.1. 
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On the other hand, the bulk motion of the molecules along the axis of the channel 

could be simply described by the average velocity of the flow stream in the channel, 

and therefore the distance of their motion to the downstream could be described by 

                                  𝜇𝑡 = 𝐿    (eq. 5.2) 

where 𝜇 is the average velocity of the flow, t is the time of travelling, and L is 

distance of travelling. The calculation of diffusion in the channel is illustrated in Figure 

5.3.  

 

Figure 5.3 Illustration of the bulk diffusive motion of the zinc ions and MeIM along 

the axis of the channel from the first Y junction to the second Y junction. 

When the flowrate is 0.5 µL min-1, corresponding to a linear velocity of 0.56 mm s-

1 in the main microchannel of 270-μm width and 150-μm depth, it will take t = 6.15 s 

for the liquid stream met at the first Y junction to reach the second Y junction, which 

are 4-mm apart from each other, as shown in Figure 5.3. Comparing the 𝜏 with t, it 

could be found that when zinc ions and 2-methylimidazole are injected from the first 

Y junction and the enzyme molecules are injected from the second Y junction, the 

former two will have enough time to mix before they reach the enzyme molecules. In 

another word, the time is enough to complete the nucleation process of forming MOFs. 

Figure 5.4 shows scheme of microfluidic flow synthesis of enzyme-embedded MOF 

composites and detailed dimension of microfluidic chip used in the work. 
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Figure 5.4 Schematic illustration of controllable microfluidic flow synthesis of 

enzyme-MOF composites. (a) Schematic diagram of microfluidic flow synthesis of 

enzyme-MOF composites. Zinc nitrate, 2-methylimidazole (2-MeIM) and enzymes, 

respectively, were introduced into the three reservoirs connected to a main microfluidic 

channel; enzyme-MOF composites was formed in the microchannel via diffusion-

based mixing. (b) Dimensions of the channel and scheme of microfluidic co-

precipitation of enzyme-MOF composites. 

One particular interest in this work was to investigate the following hypothesis: the 

structure and therefore the performance, mainly the enzymatic activity of the produced 

enzyme-MOF composites will be affected by the slight difference in mixing conditions, 

even if the ratio of the reactants is the same. To investigate this hypothesis, we designed 

three schemes of mixing on the microfluidic device.  In each of the schemes, one of the 

three reactants is added a few seconds (precisely determined by the flowrate inside the 

main channel) into the mixing process later than the other two (Figure 5.5a).  In 

Scheme 1, 2-MeIM and zinc ions were mixed firstly, followed by adding enzyme from 

the side channel. Schemes 2 and 3 were conducted by including enzyme in the first 

step mixing. During each trial, we collected the product continuously and cumulatively 

from the outlet of the chip, followed by centrifuging and washing. We firstly conducted 

the on-chip synthesis experiment using Cyt c as model enzyme.  Based on the three 

mixing schemes shown in Figure 5.5a, each of the reactants were infused at a flowrate 

of 1 µL min-1.  Figure 5.5b-5.5d show bright-field images of the microchannels 
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captured during the reactions. Note that there was some deposition (indicated by line 

arrows) at the bottom of the channel, indicating laminar flow formation of MOFs. 

Another interesting observation was that a second black line (indicated by dashed ovals) 

was found at the expected interface between the two liquid streams of enzyme and 2-

MeIM (see Scheme 2 in Figure 5.5a and Figure 5.5c), but no deposition was left in the 

channel after the reaction. This interesting observation validates the possible 

mechanism of the formation of enzyme-MOF composites proposed in a previous study, 

indicating protein molecules adsorb 2-MeIM molecules first and then induce the 

biomimetic mineralization of MOF scaffolds around protein molecules.134  

 

Figure 5.5 Microfluidic flow synthesis of Cyt c-MOF composites with different 

mixing sequences. (a) Illustration of three on-chip mixing schemes for the synthesis of 

enzyme-MOF composites. In Scheme 1, enzyme solution was added through the side 

channel slightly after zinc nitrate and 2-MeIM were mixed. Then other two mixing 

schemes were conducted by mixing the enzyme with metallic salt (zinc nitrate) or 

organic ligand (2-MeIM) firstly, followed by mixing with the third reagent. (b, c and 

d) Bright-field images of microchannels during synthesis of Cyt c-MOF composites. 

(e, f and g) SEM images of as-synthesized Cyt c-MOF composites produced with 

different mixing schemes on microfluidic chip. 
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Figure 5.6 TEM and EDS mapping images of Cyt c-MOF composites prepared on 

microfluidic chip with different mixing schemes. Scale bare are 200 nm long. Yellow: 

S, white: Fe, red: Zn. 

Scanning electron microscope (SEM) was used to characterize the morphology of 

Cyt c-MOF composites, as shown in Figure 5.5e-5.5g. Transmission electron 

microscope (TEM) and elemental mapping images in Figure 8a indicate that Cyt c has 

been successfully encapsulated in the MOFs prepared with scheme 1. S element 

(Figure 5.8a) (from the amino acids of Cyt c) and Fe element (Figure 5.6) (from the 

active site of Cyt c) mapping images show the distribution of Cyt c in the MOF particles. 

Thermal gravimetric analysis (TGA) in air (Figure 5.8b) also confirms the presence of 

Cyt c in the particles. The sample exhibited a gradual weight loss of 15% before 200 °C, 

corresponding to the removal of bound water molecules. The second-stage 

decomposition of the Cyt c-MOF composite in air started from 250 °C and finished at 

around 380 °C. About 5% more weight loss occurred during the second-stage 

compared with pure MOFs (ZIF-8), which could be attributed to the decomposition of 

protein contained in the composites. The TGA result agrees well with the 4% loading 

percentage of Cyt c in MOFs determined by measuring the unloaded protein in the 

supernatant after synthesis using bicinchoninic acid (BCA) colorimetric protein 

assay.164 And the encapsulation yield of Cyt c during the co-precipitation process was 

calculated to be 50%. Determined by inductively coupled plasma mass spectrometry 
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(ICP−MS), the content of Fe in pure MOFs, Cyt c-MOF composites, and pure Cyt c 

was 10.5, 133.3, and 4498.0 μg g-1 respectively. As there is one equiv of Fe per protein, 

the weight percentage of Cyt c in MOFs was calculated to be around 3%, which agrees 

well with the above results of TGA analysis and protein concentration measurement. 

However, X-ray powder diffraction pattern of Cyt c-MOF composites indicated a low 

crystallinity of enzyme-MOF composites compared to pure MOF (Figure 5.8c).  

 

Figure 5.7 (a) Profile of hydrodynamic size distribution of Cyt c-MOF composites 

dispersed in DI water, prepared with Scheme 1 and its zeta potential distribution (b) 

measured by Zetasizer.  

Besides, Zeta-Sizer was also employed to characterize the as-prepared Cyt c-MOF 

composites. As the results in Figure 5.7 showed that hydrodynamic diameter of Cyt c-

MOF composites was in range of 500-1000 nm in DI water with a polydispersity index 

a 

b 
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(PDI) of 0.021 (SD=0.0091), indicating monodispersed of the composites. And the 

surface zeta potential of Cyt c-MOF composites is about 10 mV. 

 

Figure 5.8 Characterization of Cyt c-MOF composites. (a) TEM and EDS elemental 

mapping images of Cyt c-MOF composites prepared using Scheme 1. (b) TGA curves 

of pure MOFs and the Cyt c-MOF composites in air. (c) XRD patterns of the obtained 

pure MOFs and Cyt c-MOF composites using Scheme 1 on microfluidic chip. (d) 

Relative enzyme activity of Cyt c-MOF composites. (All the enzymatic assays were 

carried out at the same protein concentration, with the activity of free enzyme in 

solution as 100%.) Scale bar: 200 nm. Scheme is abbreviated as S in figure (d). 

Further, the SEM (Figure 5.5) and TEM (Figure 5.6) images also show some 

amorphous enzyme-MOF composites were formed when synthesized on microfluidic 

chip. The results of relative activity tests show that all the Cyt c-MOF composites 

prepared with the three schemes possess increased activity compared to native Cyt c 

(Figure 5.8d). In particular, Cyt c-MOF composites synthesized with Scheme 1 

displayed the highest activity (~700% activity compared to native Cyt c) among all the 

three schemes, suggesting correlation between activity of enzyme-MOFs and 

microfluidic mixing sequence of reactants; in particular, a plausible reason of the best 

performance achieved by adding Cyt c latter than other two is that more Cyt c are 

embedded closer to the outer surface of the particles, allowing better access by the 

substrate molecules. We note that the Cyt c-MOF composites have higher enzymatic 
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activity than native Cyt c in solution, which could possibly be due to the partially 

denaturing of Cyt c molecules to better expose its active site and the activation effect 

of zinc ions on Cyt c. Similar observation and mechanism of the enhanced Cyt c 

activity was reported in a previous study of synthesizing Cyt c-ZIF-8 composites in 

bulk solution.135 

Microfluidic flow synthesis of GOx and HRP-MOF composites In order to further 

investigate the effect of reactant mixing sequence on the activity of the enzyme-MOF 

composites, HRP and GOx, which are frequently utilized as representative enzymes in 

industrial biocatalysis and biosensing applications,162 were tested with the same 

procedure to produce enzyme-MOF composites. Figure 5.9a and 9b are SEM images 

of the generated GOx-MOF and HRP-MOF composites, respectively, showing 

particles of irregular shapes. The GOx-MOF (Figure 5.9c) and HRP-MOF composite 

(Figure 5.9d) prepared in Scheme 1 had ~98% and ~63% activity respectively 

compared to the native enzymes. This, to the best of our knowledge, is the highest 

record of enzymatic activity of enzyme-MOF composites prepared by co-precipitation 

process.135,145,163 Previous studies of preparing enzyme-MOF composites by co-

precipitation were all carried out in bulk solution. Here, in this study we achieved a 

much-improved activity by using microfluidic flow synthesis. We also observed that 

the HRP-MOF and GOx-MOF composites prepared in Scheme 1 displayed higher 

activity than other trials (Figure 5.9c and 5.9d), which is consistent with the result of 

Cyt c-MOF composites. These results support the hypothesis we made after the 

experiments with Cyt c-MOF composites, that the improved activity in mixing Scheme 

1 might be because that enzyme molecules have higher chance to be encapsulated into 

the locations close to the surface of the MOF particles, as enzyme molecules were 

added slightly after Zn2+ ions and 2-methylimidazole started to mix up. The mixing 

sequence in Scheme 1 ensured enzyme molecules were encapsulated during the growth 

of MOF nanocrystals, and thus close to surface of MOFs. Therefore, we speculate that 

one possible reason for the improved activity of enzyme-MOF composites in Scheme 

1 was the easy access of enzyme for the substrates.  
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Figure 5.9 Controllable microfluidic flow synthesis of GOx-MOF and HRP-MOF 

composites. SEM images of GOx-MOF composites (a) and HRP-MOF composites (b) 

prepared with three mixing schemes on microfluidic chip. (c and d) Relative activity 

of enzyme-MOF composites. All the enzymatic assays were carried out at the same 

protein concentration, normalized using the activity of free enzyme in solution as 100%. 

Scale bares are 0.2-µm long in figure (a) and (b). Scheme is abbreviated as S in figure 

(c) and (d). 

Furthermore, fixing mixing sequence in Scheme 1, we investigated effect of 

flowrate on activity of enzyme-MOF composites using HRP. The results in Figure 

5.10 showed that activity of HRP-MOF composites decreased with increasing flowrate 

when flowrate is higher than 1 µL min-1. It may be because that the time is not enough 

for zinc ions and 2-methylimidazole to mix before they reach the enzyme molecules 

when the flowrate is higher than 1 µL min-1. 
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Figure 5.10 Investigation of the effect of flowrate on activity of HRP-MOF composites. 

Reactants were introduced into the channel as the sequence in Scheme 1, flowrate was 

increased from 0.5 to 5 µL min-1. (a-c) SEM images of HRP-MOF composites prepared 

in microfluidic chip at flowrate of 1, 3, 5 µL min-1. (d) Relative activity of HRP-MOF 

composites in figure (a-c). Scale bars are 200-nm long. 

Aqueous bulk solution synthesis of enzyme-MOF composites To further understand the 

phenomenon that the activity of enzyme-MOF composites produced by microfluidic 

flow synthesis was higher than that of composites prepared by bulk solution synthesis, 

in addition to comparing with literature results as discussed above, we synthesized Cyt 

c-, GOx- and HRP-MOF composites in bulk solution as well. The SEM images of the 

as-prepared enzyme-MOF composites presented regular dodecahedron structure, 

displaying the same morphology as pure MOFs (Figure 5.11a-5.11c). The X-ray 

diffraction (XRD) patterns indicated that all the enzyme-MOF composites synthesized 

with this co-precipitation method have high crystallinity degree and that the 

incorporation of enzyme did not affect the crystal structure of MOFs (Figure 5.11d). We 

note that there was a significant activity loss occurring for the GOx-MOF and HRP-

MOF composites prepared in bulk solution synthesis (Figure 5.11e). Less than 10% 

activity was retained in the composites, compared to native enzymes and enzyme-MOF 

composites produced on-chip. We speculate that it was because the high crystallinity 
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degree and regular small pores of the composites prepared by bulk solution synthesis 

restricted the mass transfer of the substrate and enzymatic conformational change. It 

should be noted that the Cyt c-MOF composites prepared in bulk solution synthesis 

also showed a 6.8-fold higher activity than native Cyt c, similar as the composites 

produced by microfluidic synthesis. The reason for the enhanced activity of Cyt c has 

been discussed previously in the part of microfluidic synthesis of Cyt c-MOF 

composites, majorly due to the denaturing of Cyt c and activation by zinc ions. 

 

Figure 5.11 Aqueous synthesis of enzyme-MOF composites.  (a-c) SEM images of 

bulk solution synthesis of Cyt c-, HRP-, and GOx-MOF composites. (d) XRD patterns 

of the obtained MOFs and enzyme-MOF composites. (e) The relative activity of free 

enzyme and enzyme-MOF composites. Scale bars: 500 nm. 

Comparison of catalytic activities of enzyme-MOF composites prepared by flow synthesis 

and bulk solution synthesis Based on the comparison between the two methods for 

synthesis of enzyme-MOF composites in aqueous system, it is plausible that more 

amorphous enzyme-MOF composites were produced in microfluidic channels owing 

to the diffusive mixing fashion, which is different from bulk solution synthesis, while 

regular dodecahedron structure and crystalline MOFs were formed in conventional 

one-pot method. And, the different morphology and crystallinity degrees led to 
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different activities of the enzyme-MOF composites, in particular, for the GOx-MOF 

and HRP-MOF composites. Less than 10% activity was retained for both GOx and 

HRP-MOF composites prepared by bulk solution synthesis, while ~98% and ~63% of 

activity were preserved respectively when prepared by microfluidic flow synthesis. 

Those amorphous MOFs synthesized by microfluidic flow synthesis method might 

have induced the generation of larger pores at the surface of MOF particles,172,173 which 

benefit substrates diffusion to the active sites of the embedded enzymes, resulting in 

higher relative enzymatic activity than those of the enzyme-MOF composites prepared 

by bulk solution synthesis approach. Furthermore, the capability of precisely 

controlling the mixing conditions in microfluidic channels allows further improvement 

of the activity of the synthesized composites; in all the three enzyme models tested, 

adding the enzyme slightly after the metal ions and organic ligands are mixed. As 

discussed before, a possible reason of this phenomenon is that such mixing scheme 

produces enzyme-MOF composites with the enzymes embedded close to the surface 

of the particles, allowing better access by the substrates.  

 

Figure 5.12 (a) Thermal stability of free native HRP and HRP-MOF composites at 

60 °C and 70 °C, respectively. (b) Residual enzyme activity of free HRP and HRP-

MOF composites after trypsin digestion versus time. (error bar = ± SD; n=3). 

Lastly, since enzyme-MOF composites previously were found to be more stable at 

high temperature and in the presence of protease digestion. Similarly, we conducted a 

time-course experiment to demonstrate the stability of the composites against high 

temperature and trypsin digestion (Figure 5.12). The results displayed that the enzyme-
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MOF composites prepared by microfluidic flow synthesis hold higher thermal stability 

compared with free enzyme at 60 °C and 70 °C, as well as better resistance against 

trypsin digestion than free enzyme. 

5.4 Conclusions 

We used microfluidic laminar flow platform to study the aqueous flow synthesis of 

enzyme-MOF composites, which showed unique morphological characteristics and 

catalytic activity different from the well-defined crystalline structure prepared in bulk 

solution synthesis. We investigated the impact of mixing schemes on the catalytic 

activity of synthesized enzyme-MOF composites in a double-Y-shaped microfluidic 

chip by controlling the sequence of injecting reactants and the flow rate, which is 

difficult to realize in conventional bulk solution synthesis. An optimal mixing scheme, 

which is adding the enzyme molecules slightly after the solution of metal ions and 

ligands were joined together, was identified based on the comparison of relative 

catalytic activity of the generated enzyme-MOF composites. Our speculation is that in 

such mixing scheme the enzyme molecules were encapsulated during the growth of 

MOF nanoparticles, and thus were close to the surface of the particles. As a result, the 

activity of the synthesized enzyme-MOF composites was improved due to the easy 

contact of substrates. On the other hand, enzyme-MOF composites prepared by 

microfluidic flow synthesis showed more amorphous structure compared to the 

crystalline structure of the enzyme-MOF composites prepared by bulk solution 

synthesis, but the former showed better catalytic activity, which might be due to the 

formation of larger pores in the particles that allow better access of substrates. The 

laminar flow nature of the microfluidic flow synthesis strategy demonstrated here 

allows controllable, continuous and fast syntheses of enzyme-MOF composites with 

improved catalytic activity as compared to those obtained from bulk solution synthesis. 

  



120 

 

CHAPTER 6 OVERALL CONCLUSIONS AND FUTURE WORK 

6.1 Overall conclusions 

To conclude, we developed novel methods for manufacturing microfluidic devices 

with polymer materials, and demonstrated their applications for controllable reactions 

in this thesis. Briefly, polymers including hydrogel, thermal plastics and PDMS were 

employed in this work for fabrication of microfluidic devices based on the proposed 

novel microfabrication methods. We also applied the polymer-based microfluidic 

devices in a serial of controllable reactions for gradient concentration-based 3D cell 

culture and lead ion detection with disposable microfluidic chip, as well as 

investigation of nanomaterial synthesis in a laminar flow. 

Firstly, we proposed an “inside-out” strategy to construct freestanding 3D tubular 

hydrogel microstructures by a low-cost, mass-producible solution-phase process. 

Based on the strategy, 3D hydrogel tubular microstructures similar with microvascular 

tubules can be generated quickly and conveniently with a copper scaffold as the 

sacrificial template, simply involving electrolysis, dissolving and replacing processes 

for removal of the template. A primary feature of our method is that the prepared 3D 

tubular hydrogel microstructures are self-supportive and can serve as flow delivery 

channels alone. The constructed hydrogel tubular networks made of calcium alginate 

hydrogel hold strong mechanical strength and can be used to create microchannels 

inside other hydrogels by embedding the channels into the hydrogels. Thus, cells and/or 

additional hydrogel could be introduced subsequently after the tubular structure is 

generated, allowing great flexibility in constructing the 3D culture system, which is 

totally different with conventional strategies for generating 3D culture platform 

because the cells are not present in the process of fabricating microchannels. Diffusion 

test confirmed that the alginate hydrogel tubular networks are permeable to small 

molecules but not to large molecules, which can mimic the essential function of blood 

vessels in delivering medium nutrition during 3D culture. Besides, the prepared 

hydrogel networks are biocompatible. We also demonstrated agar-based microfluidic 

platform for the generation of concentration gradient of LB medium using the prepared 
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hydrogel tubules, and culturing E. coli cells with this system. Moreover, we carried out 

3D culture of HepG2 cells in agar gel to demonstrate the perfusability of prepared 

hydrogel tubule. While this work already accomplished a facile, low-cost and scalable 

method to generate 3D branched tubular hydrogel structures that support mass 

transportation through bulk volume of cell culture, the self-supporting character of the 

tubular network allows further extension of the technique, e.g., to seed cells in coaxial 

layers from both inside and outside of the tubule wall to construct structures that are 

more identical to blood vessels in both structure and functionality.  The tubule hydrogel 

microchannels are cost effective and mass producible, and show high stability for 

storage, thus there is chance to make them into commercial products for convenient 

use in different applications. 

Then, we also developed a novel one-step method for rapid fabrication of plastic 

membrane microfluidic chip with very low cost, which is completely different from 

conventional methods containing two steps, generation of channels on a substrate and 

then sealing of them. Our method allows fabricating microchannels during binding 

with substrates, which mean that generation of microchannels and binding with a 

substrate are finished at the same time with the method. In the process, a structured 

Teflon negative mold was used as solid stamp to produce replicated plastic membrane 

microfluidic chips. Each piece of chip can be fabricated within 12 seconds at a very 

low-price due to the used plastic membrane which is inexpensive and easily available. 

A three-layer hybrid membrane configuration was employed to realize the on-step 

formation of channels, including a thermal expanding layer, a thermal glue layer and a 

thermal resistant layer. The channels are formed by spontaneous rising of the thermal 

expanding layer at where not pressed by the heated Teflon mold and tight bonding of 

the layers at where pressed by the mold. Current method demonstrated an alternative 

to the conventional strategy of microchannel fabrication that includes two steps, 

generation of channels on a substrate and then sealing them. The produced chips could 

realize normal microfluidic functions such as valving, droplets generation, 

electrophoretic separation; they also offer additional functions such as on-chip 

pumping and controlled delivery of desired volume of liquid. The anti-fouling property 

of these devices is better than those made of PDMS. The system demonstrated in this 
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work using the membrane chip to sense lead ions in drinking water samples serves as 

an example of the practical application of current method, which realized low-cost, 

rapid and user-friendly on-site analysis in resource-limited environment because of 

disposable plastic membrane chips. The method not only greatly changed conventional 

concept of two-step microfabrication, generation of channels on a substrate and sealing 

of them, but also proposed a novel approach for manufacturing microfluidic devices. 

Due to fast production and inexpensive materials, this method is capable of mass 

fabricating microfluidic devices, which will benefit commercialization of microfluidic 

system. 

Furthermore, we used microfluidic laminar flow platform to study the aqueous 

continuous flow synthesis of enzyme-embedded MOFs, which showed unique 

morphological characteristics and catalytic activity different from the well-defined 

crystalline structure prepared in bulk solution synthesis. On the basis of publication of 

previous work, we investigated the impact of mixing schemes on the catalytic activity 

of synthesized enzyme-MOF composites in a double-Y-shaped microfluidic chip made 

of PDMS and glass by controlling the sequence of injecting reactants and the flow rate, 

which is difficult to realize in conventional bulk solution synthesis. We found that 

different mixing schemes led to various activity of resultant enzyme-MOF composites. 

An optimal mixing scheme, which is adding the enzyme molecules slightly after the 

solution of metal ions and ligands were joined together, was identified based on the 

comparison of relative catalytic activity of the generated enzyme-MOF composites. 

Our speculation is that in such mixing scheme the enzyme molecules were 

encapsulated during the growth of MOF nanoparticles, and thus were close to the 

surface of the particles. As a result, the activity of the synthesized enzyme-MOF 

composites was improved due to the easy contact of substrates. On the other hand, 

enzyme-MOF composites prepared by microfluidic flow synthesis showed more 

amorphous structure compared to the crystalline structure of the enzyme-MOF 

composites prepared by bulk solution synthesis, but the former showed better catalytic 

activity, which might be due to the formation of larger pores in the particles that allow 

better access of substrates. The laminar flow nature of the microfluidic flow synthesis 

strategy demonstrated here allows controllable, continuous and fast syntheses of 
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enzyme-MOF composites with improved catalytic activity as compared to those 

obtained from bulk solution syntheses. 
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6.2 Future work 

Based on the last work in the thesis, we observed accumulative deposition at the bottom 

of the microchannel when synthesizing enzyme-MOF composites. This unwanted 

deposition may change the dimension of the microchannel and hinder continuous 

collection of products over a long time from the outlet by clogging of the channel. 

Possible reasons for the precipitation may be the interactions between surface of the 

channel and synthesized products, e.g., molecular absorption of PDMS/glass, and 

opposite charges between the surface and reactants. To address the problem, we may 

modify the surface of microchannels including employment of different materials as 

the substrates for fabrication of chips, and modification of the channel wall.  

On the other hand, following the work in Chapter 2 on fabrication of freestanding 

microvascular network structures in alginate hydrogel, we may have chance to separate 

the nucleation and growth of MOFs by forming stable gradient concentration of 

reactants and in situ synthesis of enzyme-MOF composites by fixing enzyme 

molecules in hydrogel matrix. Therefore, following are directions that can be 

conducted in the future on the basis of already established microfabrication methods 

and microfluidic platforms presented in the thesis. 

6.2.1 Diffusion-based synthesis of MOFs in alginate hydrogel microfluidic 

chip 

As the Figure 6.1 shows preliminary results that two 3D circular microchannels (with 

diameter of 350 µm) were generated using capillary tubes as the template inside the 

crosslinked hydrogel. The fabrication process is very simple. Briefly, after gelation of 

3% (w/w) alginate hydrogel with 1 M CaCl2, the tubes were then drawn out a few 

millimeters gently, forming microchannels inside the hydrogel. Then 2-MeIM and zinc 

ions solution were introduced into the channels respectively. Since the crosslinked 

alginate hydrogel is highly porous (the porosity is determined by the concentration of 

alginate solution), 2-MeIM and Zinc ions will diffuse through the hydrogel, forming a 

concentration gradient in between the two channels. MOFs particles will form once 

zinc ions and 2-MeIM mix up. In this manner, we may have chance to identify the 
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formation mechanism of MOFs, and investigating the impact of concentration of 

reactants on synthesis of MOFs. As displayed in the Figure 6.1, a black line formed 

beside the channel for injecting Zinc ions 60 min after injection, suggesting reaction 

occurred between zinc ion and 2-MeIM after mixing.  

 

Figure 6.1 Bright-field microscopic images of the experimental set-up and 

microfluidic channels during the synthesis of MOFs in chips made of alginate hydrogel. 

Next, to characterize the morphology and distribution of particles formed inside the 

hydrogel, we sliced the hydrogel across the two channels for SEM characterization. As 

represented in Figure 6.2, pictures B and C are the cross section of the two channels 

denoted in scheme A. And images D and E show crystal particles formed inside the 

channels. We found some particles in between the two holes (Figure 6.2F), further 

confirming that MOF particles generated in the hydrogel.  

More experimental tests and characterizations should be performed following these 

preliminary results to detail the work, such as optimization of proper gradient 

concentration of reactants for synthesis of MOFs, which also involves optimal distance 

between the two channels and initial concentration of the reactants. Besides, more data 

should be collected by further experiments to determine the size distribution of formed 

particles in between the two channels. Lastly, we can introduce biomolecules, i.e. 

enzymes into the platform to synthesize molecules embedded MOFs for practical 

applications.  
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Figure 6.2 SEM analysis of diffusion-based synthesis of MOFs in alginate hydrogel 

microchannels. (A) Illustration of experiment setup for SEM analysis. (B, C) SEM 

images of the inlets for injection of 2-MeIM and Zinc ion solutions, respectively. (D) 

and (E) Zoom-in SEM images of selected region of (B) and (C), indicated by dashed 

circles. (F) Representative high-resolution SEM image captured in between the two 

inlets. 

Since in the platform MOF particles are formed and fixed in the hydrogel matrix, to 

separate pure MOFs with the hydrogels, we can use chelator ethylene glycol-bis(beta-

aminoethyl ether)-N,N,N',N'-tetra acetic acid (EGTA) to dissolve alginate gel. The 

chelation mechanism of EGTA is that it preferentially binds Ca2+ with a significantly 

greater affinity than the other divalent cations. Therefore, it will dissolve the calcium-
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crosslinked alginate hydrogel, and have no impact on MOFs which contain zinc ions. 

The structural formula of EGTA is presented in Figure 6.3. 

 

Figure 6.3 Structure of EDTA, which can be used to dissolve alginate gel after reaction 

and collect free MOF particles. 

6.2.2 Engineering a slippery liquid-infused surface for continuous flow 

synthesis of enzyme-MOF composites 

As a facile modification method, it is convenient to modify the surface using slippery 

liquid oil to infuse the microchannel. In general, this strategy uses a lay of lubricating 

fluid which show excellent anti-fouling property to modify the surface of a textured 

substrate. It has been recently reported that coating a porous surface with lubricate 

liquid is an effective way to modify the surface.174 The modified substrates show a 

broad range of applications such as anti-fouling, anti-ice and frost, owing to the specific 

properties of lubricate liquid. The used lubricate liquids generally are a class of 

perfluorochemicals, which are chemical and biological inertness. They are stable and 

inert because of the C-F bonds in the structure. Therefore, it is possible to generate a 

slippery surface based on the fluorinated oil coating, which may reduce the amount of 

deposition in the channel. 

6.2.3 Fabrication of Teflon-based microfluidic chip for microfluidic 

synthesis of enzyme-MOF composites 

Another alternative solution is to fabricate perfluorinated polymer-based 

microchannels for microfluidic synthesis of MOFs due to the special properties of this 

polymer. Reportedly, there two perfluorinated polymers, perfluoroalkoxy (Teflon PFA) 

and fluorinated ethylenepropylene (Teflon FEP), are thermoprocessable and can be 

used for fabrication of microfluidic devices.22 All Teflon (registered trademark and a 

brand name of perfluorinated polymers) materials are extremely inert to chemicals and 
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solvents, and ultimately nonsticky and antifouling, which make them the good 

candidates of materials for chemical and biological reactions in microfluidic chips. 

Although their melting temperatures are high (over 280 °C), with the high-temperature 

thermomolding technique, we can generate delicate microstructures with nanometer 

resolution in them and thermally bond them to form various microfluidic devices. 

Similar with the fluorinated oils, the Teflon-based microfluidic chips also are 

promising to reduce deposition of products in the channels. 
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APPENDIX  

A1. Structure of PDMS, Polydimethylsiloxane [Si(CH3)2O]n 

 

A2. Structure of Teflon PFA, Perfluoroalkoxy 

 

A3. MOFs, abbreviation of metal-organic frameworks, are a class of coordination 

polymers or particles comprised by metal ions and organic lingers. Zeolitic imidazolate 

framework (ZIF-8) is a sub class of MOFs, which is composed of zinc ions coordinated 

by four imidazolate rings, as shown in the following structure. 
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